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ABSTRACT
This study focuses on electron transfer in proteins using Molecular Dynamics (MD)
simulations backed by analytical theory. Beginning as a test of the linear response approximation (LRA), the blue copper protein plastocyanin (PC) was used as a model for
the energetics of proteins that transfer electrons in solution. MD trajectories of PC were
used to calculate a time series of the vertical energy gap. Analysis of this data shows a
breakdown in the LRA by finding the reorganization energy due to the variance in the
energy gap is nearly an order of magnitude larger than the corresponding value from the
Stokes shift. This lead to a phenomenological model that incorporates an observation time
dependent reorganization energy and a frozen Stokes shift, providing a drastic lowering of
the activation barrier of electron transfer with increasing observation time.
Following this work, the attention of the thesis turns toward the bacterial reaction
center (RC), a protein with a charge separation reaction that occurs on the picosecond timescale. Using both a non-polarizable and polarizable simulation protocol, the uncovered
data shows that, although the reorganization energy is dependent on observation time,
on this short time-scale the reorganization energy falls considerably while polarizable free
energy surfaces of electron transfer appear funnel-shaped. Additionally, parameters from
MD simulations of RC can be used with Matyushov’s non-ergodic theory to fit relevant
experimental data.
The RC data suggested a tie between the gigantic reorganization energy and the
onset of increasing protein flexibility. This prompted a return to PC, where MD simulations
show the breakdown in the LRA beginning in the temperature region near 200K, below
which the statistics are largely Gaussian. Near 220 K, all reorganization energies show a
spike, which nears 10 eV on the 10 nanosecond time-scale. Concurrently, the exponential
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relaxation time critically slows down, and the density of the water at the interface fluctuates
wildly, driving the creation of a hydrophobic interface.
The thesis concludes with a protocol for the simulation of all systems mentioned in
this study, as well as detailed presentation of a parallel algorithm developed to analyze such
MD trajectories.
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This thesis is dedicated to the memory of Gran.
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CHAPTER 1
OVERVIEW OF PREVIOUS WORK
1.1. Linear Response Approximation in Proteins
For nearly 30 years [1], the thermodynamic properties of proteins have been calculated theoretically from simulation data by using the using relationships from linear response theory, which is essentially an application of the fluctuation disspation theorem. In
this approximation taken from theories of dense polar liquids, the electrostatic response of
a protein to a perturbing charge can be obtained from knowledge of the equilibrium fluctuations of the unperturbed system [2, 3]. Briefly recalled here, one may adopt a classical
representation due to the high temperature limit as given by typical biological conditions.
In this case, one may write an energetic contribution (∆V ) to a perturbing charge as [3]
∆V (ξ) = ξ

Z

ρ(r)ρp (r ′ )
drdr ′ = −ξfp ∗ P
|r − r ′ |

(1.1)

In Eq. 1.1, ξ is the strength of the perturbation, ξρp is the perturbing charge density, fp
is the field due to the perturbing charge density, P is the polarization due to the charge
density ρ, and ∗ means a dot product and a spatial integration. In this scheme, we use ξ
as a perturbation parameter that we can gradually turn on the perturbing charge density.
If we allow the fluctuation of the polarization to be defined as δP = P − hP i0 , where the
subscript 0 implies an average over the known, unperturbed system, then we may further
define the Boltzmann average over the perturbed system in the following way:
hδP iξ =

R

δP exp(−β(H0 + ∆V (ξ)))dΓ
R
exp(−β(H0 + ∆V (ξ)))dΓ

(1.2)

Here, H0 is the Hamiltonian of the unperturbed system, β = 1/kB T , kB is Boltzmann’s
constant, and the integral runs over all points in phase space. If we assume that the
perturbing energy is small, then we may expand both Boltzmann factors the numerator
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and denominator about ∆V (ξ) and obtain, by substituting the right hand side of equation
1.1 into 1.2,
hδP iξ = ξχfp(1 + o(β∆V ))

(1.3)

χij = βhδPi (r1 )δPj (r2 )i0

(1.4)

and

where δPj (r) are cartesian components of the polarization fluctuations evaluated at the
point r.
To find the Gibbs free energy, we define an integration over the perturbation parameter according to the typical thermodynamic integration method:
∂G
=
∂ξ



∂∆V
∂ξ



ξ

= −fp ∗ hP i0 − ξfp ∗ χ ∗ fp(1 + o(β∆V ))

(1.5)

Integrating over our perturbation parameter dξ, we are able to find Gibbs free energy
surfaces for the charging process as,
G(ξ) − G(0) = −ξfp ∗ hP i0 −
G(ξ) − G(0) = h∆V i0 −

ξ2
fp ∗ χ ∗ fp(1 + o(β∆V ))
2

β
hδ(∆V )2 i0 (1 + o(β∆V ))
2

(1.6)
(1.7)

Here, in Eq. 1.7 hδ(∆V )2 i0 refers to the mean squared fluctuations of the vertical energy gap.
It should be noted that all equations 1-7 are exact within classical statistical mechanics.
Although rigorous testing of this relationship would be necessary for verification in all
systems, assuming the medium responds linearly to the perturbing charge, then all terms of
order 2 or greater in β∆V can be neglected. The consequence of this action forces all free
energy surfaces to become parabolic, which means that ∆V can be described as a Gaussian
random variable, and the polarization response is linear with respect to the perturbation
parameter.
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As noted by Warshel [1], we are also able to obtain free energy surfaces if we assume
that the transition probability of the electron transfer reaction can occur whenever the
states E1 − E0 = X and the energy difference is 0. In fact, it is straightforward to show
that the energy difference between free energy surfaces G(X)1 − G(X)0 = X, which can be
considered a consequence of conservation of energy. One may exploit this property, however,
and assuming linear response, reconstruct the other free energy surface when only a single
is known. This has been a popular activity in recent years [1, 3], but it does not allow
one to test the linear response approach since free energy surfaces from both oxidized and
reduced forms of proteins are necessarily parabolic and have equal curvature.
Since the linear response approximation provides several mathematical relationships,
a few natural checks are already in place to check the validity of the approximation for the
charging process. Considering that the free energy derivatives are linear with respect to the
charging parameter ξ, then one can imagine a test where one calculates

∂G
∂ξ

as a function

of ξ to see if the relationship in Eq. 1.5 holds. Several tests of this parameter including a
test where the electron transfer between an infinitely separated cytochrome C and a small
heme complex [4] has been monitored and reported in the literature. Yet another test of the
linear response relationship holds if the free energy surfaces are parabolic. Considering that
the vertical energy ∆V is also linear in the charging parameter, then one could consider
the full vertical energy gap X = ∆V (ξ = 1) = 0 to be the natural reaction coordinate for
monitoring electron transfer energetics. With this in mind, one can imagine a test where the
free energy surfaces of two states are monitored for parabolicity versus the vertical energy
gap. While non-parabolic surfaces have been reported for systems of strongly polarizable
systems [5, 6], the literature has in general shown that free energy surfaces are parabolic
[1, 4, 7], even on the nanosecond timescale [3].
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In terms of cumulants, the Gibbs free energy of the redox process can be written as
∆V = ∆G + λ

(1.8)

Where, with linear response both ∆G and λ can be written in terms of the first cumulants
only as:
∆G =

h∆V i0 + h∆V i1
2

(1.9)

and
λ=

h∆V i0 − h∆V i1
2

(1.10)

Where in both equations 1.9 and 1.10 are the mean of the first cumulants of the vertical
energy gap, averaged over the individual 0-reduced, and 1-oxidized state. However, this λ,
or reorganization energy as Marcus named it, can also be represented as in terms of the
Gaussian error (statistical uncertainty) on the vertical energy gap:
λ=

β
hδ(∆V )2 i
2

(1.11)

An final enticing test of the validity of the linear response approximation would be
to see if equations 1.10 and 1.11 are equal within any reasonable margin. Previous tests for
this using cytochrome C [3] have positive for the validity of linear response, however the
timescale and the nature of the tests suggest further investigation.
1.2. Rates of Electron Transfer in Proteins
The rates of electron transfer can also be calculated under the conditions of the
linear response approximation. If you follow Marcus and coworkers [8], the rate of electron
transfer can be taken from the Golden rule expression where the rate is essentially a product
of the matrix coupling element, HDA , and the weighted density of states of reaching a 0energy barrier. If you assume that the probability for crossing the barrier is Gaussian, then
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you get
P (∆V = 0) ∝ exp



−h∆V i2
2CX (0)



(1.12)

Here, the variance is represented as time correlation function, known as the Stokes Shift
correlation function, which is defined through the fluctuations of the vertical energy gap as
CX (0) = hδ(∆V )2 i

(1.13)

One should now recall Eq. 1.11 which relates the reorganization energy to the variance of
the vertical energy gap to see that
λ=

βCX (0)
2

(1.14)

In order to find the rate at which the barrier is actually crossed, then one must
multiply the probability found in Eq. 1.12 with the frequency of electron tunneling, ωET :
kET = ωET exp



−h∆V i2
4kB T λ



(1.15)

Essentially, Eq. 1.15 is the normal Marcus-Levich equation [8] and is only general in the
assumption that the probability is Gaussian (i.e. the perturbing charge follows the linear
response approximation). In the case of weakly coupled electron donor and acceptors, the
tunneling frequency can be written in terms of the coupling matrix element as
ωET =

s

2π |HD A|2
CX (0)
~

(1.16)

In biological systems including those undergoing photosynthesis, metabolism, and
DNA oxidative repair, electron transfer processes are critical for the system to perform. In
these biological electron transfer chains, two types of electron transfer are possible: both
fast ( 1012 s−1 ) and slow ( 104−9 s−1 ). The rates of electron transfer necessarily need to
be faster than the biological processes (roughly 103−4 s−1 ). In addition, the electron donor

6

FIG. 1. Parabolic free energy surface as prescribed by the linear response approximation
embodied in the Marcus theory of electron transfer. As can be seen, there are three parameters: λ, the reorganization energy that is the curvature of the surfaces with respect
to the reaction coordinate; ∆V0 , the Stokes shift, which is the horizontal distance between
the two minimum; ∆G, the reaction Gibbs free energy, or the driving force of the reaction.
Also highligted is the barrier crossing height, G∗ , also known as the activation energy of
the electron tranfer process.
and acceptors may be physically located on distances more than 10 Å from each other.
Gray and coworkers have long pointed out that many protein electron transfer reactions
occur with impressively fast rates and have only a gentle exponential decay with increasing
donor-acceptor separation distance [9].
In order to have a better idea of how the rates are affected by the thermodynamic
free energy surfaces, it is instructive to graphically plot the crossing of two free energy
surfaces against the vertical energy gap coordinate, as shown in Fig. 1.
Here, we can easily identify all components involved in equilibrium electron transfer
theories through their relationship to the free energy surfaces themselves. Specifically, one
should note the reaction Gibbs free energy (the driving force) as the vertical separation between two free energy minimum, and the Stokes shift as the horizontal difference separation
between those same minimum. The activation energy, G∗ , is given by the energy barrier
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height at the crossing of the free energy curves, and is written here by combining both the
Eq. 1.12 and 1.8 like:
G∗ =

h∆V i2
(∆G + λ)2
=
4λ
4λ

(1.17)

From this equation, one can see that G∗ will decrease as λ increases provided that the driving
force is small, so from the mindset of the linear response approximation any decrease in the
value of lambda will also decrease the barrier height given by the activation energy. Since
the barrier height controls the rate of electron transfer through the exponent (as given
by Eq. 1.15), one can imagine that if the linear response approximation holds, biological
electron transfer reactions would need to tune their reorganization energy (or the Stokes
shift) and reaction Gibbs energies to make it such that the barrier height via λ and ∆G is
decreased and the rate exponentially increases.
Considering the rate is dependent upon the barrier height, and the barrier height
itself is a function of both the Gibbs free energy and the reorganization energy, one can see
that there must be an interplay in both the Gibbs free energy and the reorganization energy
that provides an optimal rate. For instance, if you plot the relative driving force (−∆G/λ)
versus the electron transfer rate kET , you can get a maximum where −∆G/λ = 1. More
interestingly, if you keep increasing the driving force past this maximum, you will begin to
decrease the electron transfer rate. Therefore, the term inverted region has been given to
the area on the plot of the rate versus the driving force as seen by Figure 2.
Although the driving force of the reaction (∆G) has been quite well discussed [9],
the reorganization energy is not as well understood. From an experimental perspective,
the reorganization energy is generally a fitting parameter from a solution to the SumiMarcus equation for electron transfer dynamics. From the theoretical side [1, 4, 3], the
reorganization energy is typically calculated for proteins from the first cumulants (i.e. using
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FIG. 2. The rate of electron transfer is shown versus the driving force relative to the
reorganization energy. As expected, in the normal region as one increases the free energy,
the rates as well. However, Marcus theory predicts a maximum for the rate, and unlike
traditional thermodynamic driven reactions, increasing the relative driving force further into
the inverted region will in fact cause the rate to drop. This type of parabolic dependence
of the reaction rate on the relative driving force is a property unique to electron transfer
systems.
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Eq. 1.10), instead of using the mathematically equivalent second cumulant (i.e. using Eq.
1.11). This is presumably due to the timescales of converging properties in biomolecular
simulations.
1.3. Electron transfer and the reorganization energy in proteins
Even though most tend to use the first cumulants of the vertical energy gap in the
calculation of the reorganization energy, there have been a few tests of the reorganization
energy in terms of both cumulants. For proteins on rather short timescales [4], tests of the
reorganization energy have revealed that the linear response approximation is valid and the
following relationship holds:
2λ = X01 − X02 = βhδ(∆V )2 i

(1.18)

Further, one can examine the curvature of two free energy surfaces to see how acceptor
and donor free energy surfaces compare to one another. Consider the fact that under linear
response you have a parabolic free energy surface, or G1 (X) = G0 (X)+X =

X2
4λ +X.

Taking

the second derivative with respect to the energy gap, X, of both free energy surfaces, it is
easy to show that,
∂ 2 G1
∂ 2 G0
=
= (2λ)−1
∂X 2
∂X 2

(1.19)

This equation shows that both curvatures of the free energy surfaces are exactly the same,
and necessarily equal to the inverse of twice the reorganization energy. Knowing that the
reorganization energy is also measure of the variance of the vertical energy gap, (i.e. from
the square of the Gaussian error, or the spread of the probability distribution) gives insight
into the nature of this thermodynamic quantity. However, because of the constraint applied
by the linear response formalism given in Eq. 1.18 that ties the width of the free energy
surface (far ride hand side) to the Stokes shift, one can imagine bioenergetic catastrophies
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FIG. 3. Two sets of electron transfer surfaces are shown. The left panel (a) shows what are
known as activationless reactions, since the surface of the product state crosses through the
minimum of the reactant state. These reactions are typically on the picosecond timescale,
which is quite fast compared to the slow reactions in panel (b). These reactions occur on
the nanosecond timescale, and generally have little to no driving force. Such reactions have
an activation barrier that is entirely dependent upon the reorganization energy, therefore
nature should minimize this energy in order to keep up with the required biological catalysis
rates.
would appear with a large reorganization energy.
As figure 3 depicts, there are two time scale regimes that one naturally encounters
in biological electron transfer reactions. One, a fast time scale, has electron transfer rates
in the 1012 Hz range. In order to achieve such high rates, one must align the free energy
surfaces such that the acceptor surfaces passes through the energy basin of the donors.
This is a special case of electron transfer known as an activationless reaction since no
activation barrier set between the free energy surfaces, thus providing a special case for
the driving force where −∆G = λ. As for the reorganization energy in the fast regime,
the traditional view essentially states that this energy is wasted in the heat bath. This
is a terrible consequence, because it means the energy that has been painstakingly earned
via photosynthesis or metabolism can be wasted as heat and cannot contribute to the
energetic efficiency of the system. Even worse, one must remember that the energy taken
from light in photosynthesis is nearly 1 – 1.5 eV, which means that any electron transfer
reaction that has a reorganization energy larger than this amount would be energetically
unfavorable. So, ideally in natural systems, one would expect that the reorganization energy
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for barrierless reactions would highly minimize the reorganization energy for the reaction.
This includes reactions in the picosecond range such as the initial charge transfer step in
the photosynthetic reaction centers. Generally, these reactions have an accessible timescale,
and have been well studied both experimentally [10] and theoretically [11, 12, 1] for many
decades already.
The second regime that is important for natural systems are slow electron transfer
reactions, on the nanosecond or longer timescale, and those without any driving force (see
panel B in Figure 3). Reactions of these include diffusion based biological electron transfer
reactions that involve single or multiple binding partners such as plastocyanin, cytochrome
C, plastoquinone, and many others. The free energy surfaces of these electron transfer
proteins align along the same vertical coordinate under this regime, the tight constraint
applied by 1.18 plays a huge role. In these, as in all reactions, ideally one would like to
decrease the barrier energy as much as possible to push the electron from the donor to the
acceptor. Given the reaction has no driving force, from Eq 1.17, one may observe that the
activation energy in the case of the slow reactions are
G∗ (slow) =

λ
4

(1.20)

Here, in Eq. 1.20 it is easy to see that one would ideally minimize the reorganization as
much as possible to keep the reactions fast. But, one must wonder, can you possibly lower
the reaction barrier by lowering the free energy barrier (e.g. increasing the reorganization
energy and the curvature of the free energy surface) such that you can achieve a maximum
rate? Unfortunately, the tight constraint that ties the Stokes shift to the reorganization
energy requires that any flattening of the free energy surfaces also pushes them further
apart from each other on the horizontal energy scale. This constraint on the free energy
surfaces and the reorganization energy is quite severe, and the consequence on the rate of
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FIG. 4. Shown here are the effects of the tight constraint brought by the linear response
approximation that relates the Stokes shift to the reorganization energy. One can see how
the smaller reorganization energy (bold lines) and the horizontal separation between the
free energy surfaces is small, which allows for a smaller relative activation barrier, and
therefore an exponentially smaller rate. Although the larger reorganization energy (dashed
lines) allow for the free energy surfaces to flop outward, the tie between the reorganization
energy and the Stokes shift causes the rate to ultimately increase with the larger λ.
electron transfer due to this constraint has been illustrated in Figure 4 shown below.
For the most part, reorganization energies from both experimentally and theoretical
examinations have shown λ to be nearly always less than 1 eV. In fact, the fast regime the
reorganization energy is generally reported in the 0.1 − 0.3 eV [13] range, while in the slower
diffusive regime the reported energies are roughly 0.5 − 0.8 eV. While some reorganization
energies are reported from the first cumulants, others are reported from second cumulants
[14, 1] and some even from long nanosecond long trajectories of slow electron transfer
proteins [4], yet no one has reported reorganization energy larger than a single eV or so.
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From the experimental perspective, however, reorganization energies are either nothing
more than a fitting parameter [10], though they can be given by the spectral width of the
absorption and emission optical spectra. Either way, these energies are normally in the
same range as those calculated from simulation or analytical theory.
In brief, what remains to be discussed in terms of the reorganization energy are
the effects of the protein interface. Others have looking in to the continuum response of
the Stokes shift dynamics of small solutes [15] and small proteins [16] and seen the decay
to fast compared to more realistic solvent potentials. However, the thermodynamics of the
reorganization energy, in particular following that from both the first and second cumulants,
is of great interest. One can imagine that understanding the reorganization energy would
give insight into controlling the rates of electron transfer, including the open question of
how biological environments transfer electrons with both a high rate and high efficiency
(> 99%).
What will be shown further in this text are that the reorganization energy from the
first and second cumulants are generally not the same in proteins, and in fact can be almost
an order of magnitude different. The reorganization from the second cumulant will be shown
to be a strong function of observation time, which can be attributed to the glassy nature
of the protein’s conformational motions. Assuming that the strong tie between the Stokes
shift and the reorganization energy can be broken, it will be shown that a new paradigm
of electron transfer in proteins can be described. In this new description, the horizontal
position of the free energy surfaces will stay fixed over time, while the reorganization energy
can increase with time, which effectively lowers the activation barrier with increasing the
viewing window. Such a model will allow for the rate to be a function of the observation
time, and implies that the nature may employ timescales, not just energy differences, in
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FIG. 5. The atomic mean square displacements are shown as a function of temperature.
Although the data shown here are from both experiment and simulation, evidence that the
transition is absent for dry proteins is given by the dotted line. In simulation, a small jump
is seen at roughly 150K and has been attributed to anharmonic methyl rotations at the
proteins surface. However, both theory and experiment agree that the protein undergoes a
dynamical transition near 220K, though the microscopic origin is still under debate.
order to maximize on efficiency in biological electron transfer.
1.4. Protein dynamical transitions
Studying electron transfer reactions in biological systems requires, along with the
knowledge of thermodynamic dependence of the available free energy variables, a understanding of the timescales involved in the biological processes themselves. For instance, if
the solvent or protein matrix motions occur in some collective or correlated manner, then
the response of the protein may provide insight into biological function. In the case of
proteins and nucleic acids in biological solvents, it has been shown that a solvent-dependent
dynamical transition occurs in protein flexibility as given by experimental systems in the
temperature range of 200-250K. The microscopic origin of this transition is still under debate [17, 18, 19, 20], however, it is enticing to consider the possibility that the biological
function at the active site may be highly affected by the transition temperature.
As can be seen from Figure 5, the protein goes through a solvent-induced dynamical
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transition near 200K as given by the mean square displacement data (hδr 2 i). Moreover, the
protein-solvent interface has a dynamical transition that occurs near 150K. This temperature marks the onset where methyl group rotations can be observed in the mean squared
displacements. This observation leads to the consideration that the electrostatic potential
at the active site of may be affected by such large changes in the flexibility of the protein,
in addition to the changes induced by the increased motion of the surrounding solvent.
It has been shown that electrostatic energies govern biological function, particularly
for electron transfer proteins [21]. Therefore, in this work we investigate the electrostatics
at the active site by calculating the reorganization energy due to the fluctuations of the
energy gap. As a reminder, the energy gap is calculated as the energy difference between the
donor and acceptor energy levels, and the reorganization energy reflects the breadth of the
fluctuations (the square of the Gaussian error) of the energy gap itself. The reorganization
energy is chosen because it greatly affects the rate of electron transfer, and therefore it’s
temperature dependence would give insight into the temperature dependence of the protein’s
activity.
Any dynamical transition in a solvated protein can be described in terms of of the
fast and slow relaxation modes characterized as crossing over differently sized barriers on a
rugged potential energy landscape. Although the protein may overcome energy barriers to
rest in a lower energy valley (e.g. large protein conformational changes, which tend to be
α-relaxations), there are still numerous intermediate relaxation modes within each valley’s
minimum. So when the protein explores phase space, conformational changes are followed
by intermediate and then very fast relaxations, where energy barriers are increasing smaller.
The dynamics of electrostatics at the active site can be described through the dy-
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namical Stokes shift correlation function,
Sw (t) =

hδX(t)δX(0)i
hδX(0)2 i

(1.21)

where the angular brackets indicate an ensemble average. The choice of the Stokes shift
correlation function as the dynamical function is due to the aforementioned connection to
the reorganization energy (λ = Sw (0)/2kB T ).
For relaxations in dense polar liquids, one commonly represents the Stokes shift
correlation function as a combination of a one-particle term for fast the Gaussian decay
of ballistic motion, and a stretched exponential that captures the timescale of the slower,
collective motion of the solvent. In this representation, the Stokes shift correlation function
is written as
2

βE

Sw (t) = AG exp−(t/tτG ) + (1 − AG )exp−(t/tτE )

(1.22)

where AG is the amplitude of the Gaussian component, τG is the Gaussian relaxation time,
τE is the exponential relaxation time, and βE is the stretching parameter.
Although it has been shown that for small molecules dissolved in polar liquids, the
reorganization energy is generally a weak function of temperature [22], this thesis work
is motivated by the result that both the reorganization energy and the exponential relaxation describing solvent dielectric motion are strong functions of temperature, each with
a maximum near the dynamical transition temperature found in hydrated proteins. Since
this temperature has been associated with the crossover from fragile to strong dynamics
in aqueous biomolecules [17, 23, 24] and with a thermodynamic singularity in the phase
diagram of bulk water [25] we will show that changes at 220 K are due to the creation
of the flexible hydrophobic interface surrounding the protein. The dynamical transition in
proteins is thought to be solvent slaved [26], though it is difficult to tell if the transition is
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due to properties of a bulk fluid. However, it is entirely possible that the transition is due
to unique properties of the protein-water interface.
1.5. Parallel analysis of biological simulation data
In order to test the validity of the linear response approximation and its applications
to electron transfer theory in proteins, one must run exceedingly long molecular dynamics
simulations of a protein surrounded by a reasonable model of a bulk solvent. Even small (1
kDA) biomolecular simulations require at least several hundred to several thousand waters
in order to cover even the surface of a protein, with the number of waters growing ∝
rcut , where rcut is the cutoff distance from the surface. The number of particles in the
simulation increases dramatically when you need to consider such systems as membranebound proteins, or large systems involving virus capsids [27], on the order of Natoms ∼ 105−6 .
At each timestep, the equations of motion need to be calculated in order to find the forces,
which are based on force fields with terms for bond stretching and bending, proper and
improper torsion rotations, and electrostatic interactions based on Coulomb potentials [28].
To make the electrostatic calculations computationally tractable, tricks are employed that
treat the long range interactions via smooth particle mesh Ewald summation methods [29]
or multipole techniques [30].
Further, molecular dynamics software will often only evaluate interactions analytically within a given cutoff, and will either shift a potential or will employ a smoothing
function to help keep the number of calculations within the force evaluation to a minimum. Since the number of calculations needed per simulation step are on the order of
2
Ncalcs ∝ Natoms
= 1010−12 , one can see how improvements in molecular dynamics code

spread has increased by spreading the calculations across as many compute nodes. In order
for the program to scale linearly with the number of compute nodes, a law of supercom-
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puting (Amdahl’s Law [31]) requires that you must minimize as much of the node-to-node
communication cost while simultaneously maximizing each compute node’s work. One can
find a range of molecular dynamics codes that will handle biomolecular systems, and depending on the degree to which the programmers have parallelized the code, one may achieve
linear scaling up to several hundred processors.
To complicate matters, many biological systems have a motion that covers a very
full time spectrum ranging from very slow relaxations due to slowly moving flexible parts of
the protein undergoing conformational transitions, to faster and torsional bond rotations,
to very fast relaxations from vibrations and rotations about single bonds. This means you
need to gather data very frequently (∼ fs) to account for the fast motions, and yet gather
data for a very long time (∼ ns to ms or more) in order to get information on the long
timescales motions. Clearly, this means that a number of steps Nsteps ∝ 105−7 or more are
needed for biological MD simulations covering the full range of available probe timescales.
However, after the simulation dust has settled, one still needs to analyze a trajectory
of coordinates and velocities, often for several properties not known a priori. The analysis
varies from project to project, but a few generalizations can be made regarding the data
analysis. First, one will need to calculate biological properties according to (mostly) pairwise
interactions atoms in the system. If you consider the system to consist of a smaller number
of atoms, then you can write
Nsys = N1 + N2 + ...

(1.23)

Here, N1 and N2 are number of atoms within each smaller subsets of the system. Considering
that you will need to make Ncalc number of pairwise calculations at each timestep, then the
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total time needed for all analysis calculations τana is roughly
τana =

N
calc
X

αi Nsteps N1i N2i + τread

(1.24)

i=1

where the sum over i indicates that the number of atoms in the subsets 1 and 2 will
not necessarily be the same for all individual calculations, τread is the time it takes to
read the coordinate/velocity trajectory from the storage medium, and α is the number of
computational operations for the ith calculation.
Though computers are fast and sometimes vectorizable, treating the biological analysis as in Eq. 1.24 is a very expensive task computationally and can require years of CPU
time. So, one can imagine that it could be time saving to spread the analysis work over a
large number of processors, while still minimizing the communication time between nodes.
Therefore, we can decide to parallelize a trajectory analysis algorithm over NCP U s compute
nodes. In this case, the trajectory time would be a function of NCP U s and can be written
as,
τana (NCP U s ) = τana /NCP U s

(1.25)

Although in Eq. 1.25 it appears that the algorithm would allow for parallelization
across either variable under the sum, in practice one needs to choose the variable that
encourages the least overall amount of node to node communication. Therefore, this work
P calc i i
focuses on parallelizing at the Nsteps level, at the cost of storage of O( N
i=1 N1 N2 ). The

algorithm provided in equation 1.25 calls for parallelization of the reading time τread , it

can be anticipated that eventually parallel reading times may be the ultimate limitation to
linear scaling at a high number of NCP U s .
In order to test the scalability of a parallel code, it is useful to consider the amount
of time it takes the software at NCP U s to run relative to the serial version. In the case of
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the parallel analysis algorithm presented in this work, we will define a scalability metric as
a function of NCP U s called speedup,s(NCP U s), which can be written as
s(NCP U s ) = τana (1)/τana (NCP U s ) = NCP U s

(1.26)

Here, in Eq. 1.26 it can be seen that under ideal conditions where the communication time
is far less than the computation time, that the speedup should equal NCP U s regardless of
the number of nodes invested. If the algorithm can maintain speedup close to NCP U s over
a large number of processors, ideally over thousands or millions, then one can consider the
algorithm to be embarrassingly parallel and is the hallmark of any parallel algorithm.
In fact, the analysis algorithm, named Pretty Fast Analysis has been written into
software, and it is the goal of this work to show that a biomolecular simulation analysis program can operate under these embarrassily parallel conditions on a modern supercomputer.
The code itself has be tested on several energetic and structural properties including a calculation of the time-dependent energy gap of an aqueous bacterial reaction center micelle. The
trajectory was a very short, ∼ 200ps trajectory consisting of a total of 12,288 step (245.76
ps). It will be shown that the algorithm scales as good as the best known scaling for any
biological molecular dynamics code up to thousands of processors. Even more important,
the code itself can natively calculate all energetic and structural properties represented in
this work, and examples for running this code are given in Chapter 7.

CHAPTER 2
GLASSY DYNAMICS AND GIGANTIC SOLVENT REORGANIZATION
ENERGY OF PLASTOCYANIN
2.1. Introduction
All biological energy production essentially involve chains of proteins that are points
of electron localization until until the chemical potential is stored in a high energy phosphate
bond when ATP is produced. The active site of a protein invokes some enzymatic activity that include shuffling electrons for various chemical reactions [32], while mitochondrial
membranes and provide an environment for photosynthetic and metobolic units with redox
sites known for a highly optimized redox potential that provides unidirectional electron flow
in electron transfer chains [33].
This work focuses on a spinach Plastocyanin (PC), which consists of a single polypeptide chain of 99 residues that folds into a β-sandwich. The active site is composed of a copper
ion coordinated by 2 sulfurs from cysteine and methionine, and 2 nitrogens from histidine
residues (Figure 6). The copper ion, which serves to change the redox state of the protein,
allows PC to function as a mobile electron carrier in the photosynthetic chain of plants and
bacteria. PC is water-solubable, and carries the electron via diffusion from ferrocytochrome
f and to the oxidized form of Photosystem I following a binding event [34].
This redox functionality occurs via fast electron transfer reactions at docking locations with low driving forces (≃ 20 meV) and large electron tunneling distances (> 10 Å)
[34]. The efficient turnover of the photosynthetic machinery demands rates at redox sites
that are faster than typical biological catalytic rates of 102 − 104 s−1 (ref [33]). Given such
a small driving force, this constraint limits the reorganization energy λs + λv to around
1 eV [35]. The reorganization energy in this case is a sum of components due to the the
solvent, λs , and internal vibrational, λv . In the rest of this chapter, we denote the atoms
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FIG. 6. Structure of plastocyanin and the illustration of the protein large-scale conformational motions displacing hydrating water. The active site includes copper ion (green), 2
histidines (blue), methionine (red), and cysteine (orange) residues. The arrows and transparent parts of the protein illustrate motions of the main chain loops (not from actual MD
simulations) displacing water molecules.

whose partial charges vary with the redox state as the redox site (Figure 6), while the rest
of the protein and water will be considered the thermal bath. The internal reorganization
energy λv refers therefore to vibrational nuclear modes of the active site while for electron
transfer proteins, the thermal bath generally incorporates the combined electrostatic effect
of the protein and water. The focus of this chapter, however, will be on the interaction of
the active redox site with water. And following the work of Marcus [36], the solvent reorganization energy λs is separated from the interactions of the redox site with the protein
atomic charges, which is defined as the protein reorganization energy λprot (see below for
more precise definition).
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Although λv and λs are generally large in synthetic redox systems where a copper
ion serves as the redox site due to the large structural changes following electron transfer,
much less is known regarding electron transfer in and between electron transfer proteins.
Experimentally and from quantum calculations the internal reoganization energy [37, 38]
of copper proteins are inconclusive, placing it between 0.1 eV [38] and 0.6–0.7 eV (ref [37]).
In addition, recent molecular dynamics simulations (MD) simulations of heme and copper
proteins have uniformly placed the solvent reorganization energies in the range of 0.5–1.0 eV
[32, 38, 39, 40, 41, 42]. These calculations provide results that are even higher than what has
been taken from the experimental measurements on Ru-modified aeruginoza azurin, which
shows the activation barrier disappearing near λs + λv ≃ 0.6 − 0.8 eV [43]. Assuming that
the internal reorganization energy can be as low as 0.1 eV [38], the available thermodynamic
data suggest that redox reactions in proteins require tight docking configurations [44] and
strong electronic overlaps within the donor-acceptor pair which can be modulated by protein
conformations [45]. With this in mind, this work considers the possibility that certain
mechanisms may be at play, not already included in standard models of electron transfer
theory [36], yet may allow a greater flexibility in the value for the parameters governing the
activation barrier. The simulations reported here in this work show that the combination
of charged surface residues with the coupled protein/water dynamics [46, 47, 48] leads to a
lower activation barrier without the strict requirement of either a larger driving force or large
electronic overlap. PC is thought of as a model protein, given that the fluctuations of the
protein/water interface found here are encountered among many proteins, not necessarily
those with redox ability [49].
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FIG. 7. Two parabolas picture of electron transfer activation [36]. The free energy surfaces
Gi (X) are plotted against the solvent reaction coordinate X. The minima of the free energy
surfaces at X0i (i = 1, Red and i = 2, Ox) are separated by the Stokes shift ∆X = X01 −X02
which can be used to determine the reorganization energy λp according to eq 2.4. The dashed
line shows the equilibrium distribution P2 (X) ∝ exp[−G2 (X)/(kB T )] characterized by the
Gaussian (spectral) width σs2 used to define the reorganization energy λs in eq 2.6. The
reaction free energy ∆G0 is the vertical separation of the free energy minima.
2.2. Energetics of electron transfer
Electron transfer reactions are driven by thermal fluctuations of the nuclear modes
interacting with the electronic states of the donor and acceptor. For solution electron
transfer reactions, once the intramolecular vibrations are separated out [50], the kinetics
of the reaction can be represented as a transition along the solvent reaction coordinate X
representing the difference of the interaction potentials between the donor-acceptor complex
and the solvent in two electronic states, X = ∆V0s . In this case, “0” stands for the
unperterbed donor-acceptor complex, the redox site in this study, and “s” stands for the
solvent. The energy gap ∆E between the donor and acceptor electronic levels therefore
defines the reaction transition state by requiring ∆E = 0 [51, 52]. This energy gap is given
by a sum of the gas-phase component ∆E gas and X:
∆E = ∆E gas + X

(2.1)

Electrostatic interactions between the partial atomic charges in the redox site with
the partial charges or multipoles of the solvent are typically included in ∆V0s , although
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induction and dispersion non-electrostatic interactions can be a part of the solvent energy
gap as well [53, 54]. Calculating the electrostatic solute-solvent energy usually follows the
rules of the linear response approximation [41, 55, 56] embodied in Marcus theory of electron
transfer [36]. The activation barrier calculated from this view is due to the energetic height
at the crossing of two parabolic free energy surfaces Gi (X) (Figure 7).
Several fundamental relations for the energetics of electron transfer follow from the
two basic components of the model: 1) The use of equilibrium statistical mechanics and 2)
the linear response approximation [52]
G2 (X) = G1 (X) + ∆E gas + X

(2.2)

The second, the consequence of the linear response approximation, is the connection between
spectroscopically [57] observable parameters of the model: the difference in equilibrium
vertical energy gaps (∆X, Stokes shift) and the variance of the energy gap (σs2 = h(δX)2 i,
spectral width)
∆X = X01 − X02 = σs2 /kB T

(2.3)

Equation 2.3 provides two routes to calculate the solvent reorganization energy of
electron transfer. In the first method, which we denote as λp , the vertical transition energies
are connected to the reorganization energy as one half of the Stokes shift
λp = ∆X/2

(2.4)

As shown below, λp is related to linear solvation of the donor-acceptor complex by the
solvent polarization field considered in traditional theories of electron transfer [36], so the
subscript “p” for polarization. The reaction free energy ∆G0 shown in Figure 7 is the
vertical separation of the free energy minima, while the mean of two equilibrium energy
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gaps ∆Gs = (X01 + X02 )/2 can be used to determine the solvent component ∆Gs of the
reaction free energy such that
∆G0 = ∆E gas + ∆Gs

(2.5)

In discussing the redox thermodynamics of PC below, i = 1 is given as the reduced (Red)
state and i = 2 as the the oxidized (Ox) state (Figure 7).
An alternative definition of the reorganization energy arises from the variance of the
vertical energy gap (experimentally the spectral width)
λs = σs2 /(2kB T )

(2.6)

λs = λp

(2.7)

As follows from eq 2.3,

in the standard picture of crossing parabolas (Figure 7). Many attempts [52, 55, 58, 59, 60,
38, 41, 56], including those for redox proteins [38, 41, 56], have been made to test eqs 2.2
and 2.3 by looking at the statistics of electrostatic solute-solvent interactions. With some
deviations, commonly attributed to nonlinear solvation, they have largely given positive
results validating the picture of two crossing parabolas. In contrast, our results here report a breakdown of both relations (eqs 2.2 and 2.3) by coupled protein-water fluctuations
that greatly alter the statistics of the donor-acceptor energy gap and resulting in a new
component in λs not reported in the previous studies.
Electron transfer in proteins changes the typical view of solution electron transfer
by adding the protein matrix as a thermal bath interacting with the charges of the reaction
site. The donor-acceptor energy gap ∆E now becomes a sum of the water component X,
as in standard theories of solution electron transfer, and the electrostatic interaction with
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atomic charges of the protein, ∆Eprot . Their sum makes the total reaction coordinate
Y = X + ∆Eprot

(2.8)

The variance of Y can be split into into two self-correlation functions and one mixed proteinwater component:
λ = h(δY )2 i/(2kB T ) = λs + λprot + λs,prot

(2.9)

As we show below, the mixed component λs,prot is small compared to the individual reorganization energies, which justifies the separation of the overall reorganization energy into
the protein and solution parts.
The simple extension of the standard theories of solution electron transfer to protein
electron transfer given via eqs 2.8 and 2.9 encounters serious problems when applied to the
analysis of our simulation data, as given in Figure 8. The data in figure 8a shows Gi (X),
taken from the calculated normalized distributions of the water component of the energy
gap X, while Figure 8b shows the results obtained for the overall water-protein coordinate
Y . In both situations, the reorganization energy obtained from the variance of the energy
gap (eq 2.6) exceeds by about an order of magnitude of the reorganization energy obtained
from the Stokes shift ∆X (eq 2.4) or even from the overall Stokes shift ∆Y . In addition, eq
2.2 breaks down, pointing to the non-ergodic sampling of the thermal bath statistics. Since
this non-ergodic sampling of the nuclear fluctuations is relevant to electron transfer kinetics
occurring on a finite time-scale [61], a better understanding is needed on the origin of this
effect.
The drastic rise in the reorganization energy with increasing observation time is due
to the the unique nature of the protein-water interface. The interface itself dramatically
changes the overall statistics of both the protein and water fluctuations in a way not en-
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FIG. 8. Electron transfer free energy surfaces of PC in reduced (Red) and oxidized (Ox)
states at 310 K plotted against the solvent reaction coordinate X (a) and against the total
(water+protein) reaction coordinate Y (b). The dashed lines in (a) are fits of Gi (X) from
the 10 ns trajectory to eq 2.11. The narrow curve in (a) has been obtained by calculating the
distribution functions on 100 ps segments of the trajectory and averaging them after sliding
to a common maximum. All curves are logarithms of normalized distribution functions
along the corresponding reaction coordinate.
countered for typical small chromophores dissolved in dense polar solvents. The large width
of the Gaussian statistics can be described by introducing a phenomenological model that
is presented next. Following this, a more detailed discussion of the simulation protocol
and the results of MD simulations are provided. The purpose of this model is to introduce
coupling of the slow non-equilibrium conformational protein dynamics with the fast water
fluctuations, which provides a general framework to understand the surprising simulation
results shown in Figure 8. The main outcome of this model is the replacement of the solvent
(water) reorganization energy λp of Marcus theory [36] with the observation time dependent
reorganization energy
λs = λp + λq (τobs )

(2.10)
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The free energy surfaces along the solvent (water) reaction coordinate X then become
Gi (X) = G0i +

(X − X0i )2
4λs

(2.11)

The new observation time dependent reorganization energy λq (τobs ) has its predecessors in theories looking at conformational modulation of electron [62] and proton [63]
transfer. However, it is the large magnitude of λq compared to previous estimates (reorganization energy λc in eq 26 in ref [62]) and its non-ergodic character (dependence on
the observation time τobs ) that makes the problem of electron transfer in proteins indeed
unique.
2.3. Non-ergodic protein conformational/water dynamics
Following the long-established approaches to radiationless transitions in condensed
media [51, 64], this work represents the protein component of the energy gap by linear
coupling of the redox site to protein’s quasi-lattice vibrations. One can then follow the
standard path of introducing a spectrum of normal vibrational modes which, for proteins,
should include modes responsible for large-scale conformational mobility affecting the electrostatic potential at the redox site [65, 66, 67, 68, 69]. Since these likely undergo dissipative
diffusional relaxation, the reaction kinetics need to be considered in a multidimensional reaction coordinate space. The physics of the classical nuclear motions in the system can be
captured in terms of a two-dimensional paraboloid energy surface [70, 71, 72, 73, 74] as a
function of classical solvent, X, and effective vibrational, q, reaction coordinates (Figure
9). The reaction coordinate in eq 2.8 is then a sum of X and γq, Y = X + γq, with γ
representing the electron-phonon coupling, ∆Eprot = γq. The protein component of the
overall solvent reorganization energy (eq 2.9) is determined by the product of γ 2 and rms
displacement h(δq)2 i, λprot ∝ γ 2 h(δq)2 i/T . What we however are more interested in is how
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FIG. 9. Electron transfer activation in two-coordinate space including solvent coordinate
X and classical conformational coordinate q (multiplied by the factor γ of electron-phonon
interaction). The line connecting the two minima of the two-dimensional paraboloids corresponds to the reaction path Y for the fully thermalized fluctuations of both X and q
coordinates. The total Stokes shift ∆Y is then the energetic distance between the minima.
Slow non-ergodic fluctuations of q shift the reaction path from the straight line connecting
two equilibrium points X0i to the wiggled line. The transition state then shifts from the
cross point on the X-axis to a new point on the wiggled line.
to understand the profound charge in the breadth of solvent fluctuations seen in Figure 8a.
We, therefore, focus in this section only on the water component of solvent reorganization.
When both modes are fully equilibrated on the reaction time-scale, the reaction
path Y = X + γq dissects the two-dimensional space along the line connecting the minima
of two paraboloids. The energetic separation between the minima defines the full Stokes
shift ∆Y related to the overall thermal dissipation of the energy of electronic excitations
by the thermal bath (Figure 9). When, on the contrary, one of the modes is slow, the
reaction path deflects from the line connecting the two minima and follows the fast reaction
coordinate. The final state of the reaction then falls on the X-axis (fast coordinate) and is
denoted by X02 in Figure 9. This picture, in which the solvent is a fast mode and the solute
conformational mobility is a slow coordinate, was first considered by Agmon and Hopfield
[70]. The problem of two-dimensional dynamics was later formalized by Sumi and Marcus
who focused, in contrast, on the opposite case of fast intramolecular vibrations [71].
The fully equilibrated path along the coordinate Y represents the lowest potential
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barrier between the two equilibrium points. If conformational equilibrium is not achieved
−1
(kET is the electron transfer rate), the reaction follows
on the reaction timescale τET = kET

the path along X with the transition state marked by the cross on the X-axis (Figure 9).
However, if the reaction path deviates from the straight line due to stochastic conformational
motions of the protein, it potentially can pass through a lower transition state marked by the
cross on the wiggled line. The result of this is the breakdown of the link between the Stokes
shift along the coordinate X, given as ∆X, and the effective curvature of the free energy
surface determined by the variance of the energy gap fluctuations σs2 = h(δX)2 i (eq 2.3).
That this picture is correct in application to our present simulations is seen from comparing
Figures 8a and 8b. The full free energy surfaces in Figure 8b, obtained by sampling the total
interaction energy Y of the redox site with both the protein and the solvent, are uniformly
shifted relative to the free energies Gi (X) in Figure 8a to the negative values of Y without
significant change in the Stokes shift. This observation implies no structural change to the
protein matrix on the simulation time-scale, thus limiting the initial and final states of the
reaction trajectory to axis X in Figure 9.
The modulation of the donor-acceptor energy gap by the protein non-ergodic motions, which are unable to fully explore the conformational phase space, can be modeled by
stochastic noise, in contrast to equilibrium distribution used to derive eq 2.2. This effect is
accounted for by adding an average over conformational fluctuations (subscript “q”) to the
Gaussian distribution along the solvent reaction coordinate
−Gi (X)/kB T

e




(X − X0i (q))2
∝ exp −
4kB T λp
q

(2.12)

Here, the dependence on q comes to the vertical energy gap
X0i (q) = −Peq,i (q) ∗ ∆E0

(2.13)
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where the asterisk refers to both the scalar product and space integration. This gap is
formed by equilibrium solvent (nuclear) polarization Peq,i (q, r) in response to all partial
(i)

charges zk of the protein (k runs over all 1439 atomic charges for PC) and the difference
electric field ∆E0 (r) created by the difference charges ∆zj of the redox site (j runs over
4 atoms of the redox site for PC). In the linear response approximation, the polarization
Peq,i (q, r) is linearly related to the electric field Eprot,i (q, r) created in the surrounding
(i)

solvent by all atomic charges zk of the protein (Figure 10). This electric field, and therefore
(i)

Peq,i (q, r), is affected by the positions of these charges rk which can potentially be altered
by conformational motions of the protein. In particular, the motions of surface charged and
polar residues, which become active above the dynamic transition temperature Ttr [47], can
potentially modulate Peq,i (q, r). On the contrary, the polarization reorganization energy
λp is calculated as the solvation free energy of charges ∆zj of the relatively rigid redox site
(Figure 10), and is affected by positions of only a few atoms (4 in our simulations, see Sec.
2.4). Therefore, one can expect that it is the vertical gap that is predominantly modulated
by protein motions (hence the dependence of X0i (q) on q in eqs 2.12 and 2.13), while λp is
mostly insensitive to such fluctuations (see below).
Assuming Gaussian statistics of δq and a linear expansion of X0i (q) in eq 2.13 in δq
(X0i (q) ≃ X0i +F δq), one gets eqs 2.10 and 2.11. The new reorganization energy λq (τobs ) in
principle carries the dependence on the redox state (i = 1, 2), which requires non-parabolic
free energy surfaces [61] and is not considered here; eq 2.11 in fact fits our simulation results
reasonably well (the dashed lines in Figure 8a).
The reorganization energy λq (τobs ) carries the dependence on the observation time
τobs in order to stress its non-ergodic character [73, 61] contrasting with equilibrium averages
referring to τobs → ∞. The necessity to consider non-ergodic activation parameters arises
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water
zk(i)

δPeq,i

conformational
change

redox
site , ∆ z j

protein

Peq,i ~ E prot,i
FIG. 10. Schematic illustration of the alterations of the equilibrium solvent polarization
by conformational motions of the protein (shown by the dashed line). The equilibrium
polarization Peq,i in the solvent (water) is proportional to the electric field of the protein
(i)
Eprot,i created by its all zk atomic charges. Conformational changes can potentially move
these charges (shown by the arrow) resulting in fluctuations of Eprot,i and the equilibrium
polarization (δPeq,i ). These fluctuations are projected onto the equilibrium energy gap
X0i (q) in eq 2.13. Since the reorganization energy λp depends on the positions of the difference charges ∆zj of the redox site only, it is expected to be less affected by conformational
fluctuations.
from a wide spectrum of relaxation times, typical of proteins, which includes α-relaxation
and a hierarchy of β-relaxations (see below). λq (τobs ) arises from the protein motions
fast enough to produce energy gap fluctuations on the time frame τobs used to collect the
averages while the slower modes become dynamically arrested and do not contribute to the
fluctuations of the energy gap. In view of this restriction on active modes, the reorganization
energy can be obtained as the frequency integral of the autocorrelation function Cq (ω) =
h|δqω |2 i of δqω with the low-frequency cutoff reflecting the final observation time [61]
2

λq (τobs ) = (F /kB T )

Z

∞

Cq (ω)dω

(2.14)

−1
τobs

It turns into equilibrium reorganization energy
λq = F 2 /(2κ)

(2.15)

(κ is an effective force constant of harmonic conformational motions) in the limit τobs → ∞
considered by statistical mechanics. The parameter F here is the slope of the donor-acceptor
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energy gap vs harmonic deviation δq of the conformational mode q from equilibrium. A
similar parameter appeared in previous models of conformationally affected electron [62]
and proton [63] transfer.
The conformationally-induced variance of the donor-acceptor energy gap
σq2 (Tkin ) = 2kB Tkin λq (Tkin )

(2.16)

is in principle accessible experimentally from heterogeneous electron-transfer kinetics measured on proteins cryogenically quenched in their conformational substates [67]. Here,
the temperature of kinetic arrest Tkin is estimated by requiring that the quenching rate
Q = dT /dt and the temperature derivative of the conformational relaxation time τq produce unity in their product: Q × (dτq /dT ) = 1 [75]. This approach, however, eliminates
the hydration dynamics facilitating conformational changes (see below). One can therefore
expect that such experiments will inevitably underestimate σq2 observed at high temperatures.
The phenomenological arguments presented in this section are not meant to give
an accurate theoretical description of the complex non-ergodic kinetics of electron transfer
influenced by protein/water dynamics. They are more intended to set up a framework to
understand the results of MD simulations which provide a more detailed picture of the
nuclear modes involved in the modulation of the donor-acceptor energy gap.
2.4. Computational Methods
2.4.1. Calculations of the solvation thermodynamics
Calculations of the solvent reorganization energy and of the solvent part of the
reaction free energy ∆Gs were carried out by two methods: (i) non-local response function
theory (NRFT) [76, 77] and (ii) dielectric continuum approximation implemented in the
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DelPhi program suite [78]. The dielectric constant of TIP3P water (ǫs = 97.5 [77]) was used
for the solvent continuum and ǫs = 1 for the protein. This latter choice was driven by our
desire to compare continuum and microscopic calculations of the solvation thermodynamics
since the latter does not assume any polarization of the protein. In addition, since TIP3P
water is non-polarizable, ǫ∞ = 1.0 was used for the high-frequency dielectric constant in the
reorganization energy calculations. DelPhi [78] provides a numeric solution to the Poisson
equation from continuum electrostatics in order to calculate the potential of the dielectric
continuum solvent (k=0) at the active site, while the NRFT defines solvent in terms it its
non-local (k=0 and k 0) correlation functions.
In short, the NRFT calculation scheme developed by Matyushov employs the linear
response approximation to replace the solvation chemical potential µ0s with the variance of
the solute-solvent interaction potential V0s : [76]
−µ0s = (2kB T )−1 h(δV0s )2 i0

(2.17)

The subscript “0” in the ensemble average h. . . i0 refers to the fact that, in the linear response
approximation, the spectrum of electrostatic fluctuations of the solvent is not perturbed by
the electrostatic solute-solvent interactions. Therefore, the variance in eq 2.17 is calculated
for a fictitious system composed of water solvent and the repulsive core of the solute with
all solute charges turned off. This approximation is known to work well for dense polar
solvents [79, 77], and the main problem of the theory development is how to calculate the
response function of a polar solvent in the presence of a solute which expels the dipolar
polarization field from its volume [76].
This problem can be solved by applying the Gaussian solvation model [80] resulting
in the linear response function (2-rank tensor) χ[χs , Ω0 ] functionally depending on the selfcorrelation function of the dipolar fluctuations of the solvent χs (k) and the shape of the
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solute occupying volume Ω0 . Once this problem is solved, the solvation chemical potential is
calculated as a 3D, inverted-space integral convoluting the electric field of the solute Ẽ0 (k)
with the response function:
1
−µ0s = Ẽ0 ∗ χ[χs , Ω0 ] ∗ Ẽ∗0
2

(2.18)

Here, the asterisk refer to both the k-integration and tensor contraction and Ẽ∗0 is the
complex conjugate of Ẽ0 .
For polar liquids, the function χs (k) splits into projections longitudinal (parallel)
and transverse (perpendicular) to the wave-vector k. Each component is then represented
by the corresponding structure factor which is a function of the magnitude of k only [76, 77].
These structure factors were obtained in this work from MD simulations of TIP3P water
[81] at different temperatures (see refs [77] and [82] for more details). With this input, the
NRFT calculation was performed by grid summation (in k-space) of the solvent response
function with the solute electric field. This latter was calculated numerically by using
Fast Fourier Transform on the real-space lattice of 5123 points with a grid spacing of 0.42
Å. In case of reorganization energy calculations, Ẽ0 (k) in eq 2.18 is obtained by taking
only ∆zj charges of the redox site, thus producing electric field ∆Ẽ0 (k). In contrast, the
solvent component of the free energy gap of electron transfer, ∆Gs , was calculated with
(i)

the complete charge distribution of the protein using all zk atomic charges. In this latter
case, one field Ẽ0 in eq 2.18 is ∆E0 and the other is the mean field of the entire protein
Ēprot = (Ẽprot,1 + Ẽprot,2 )/2.
2.5. Results
Protein conformational dynamics are highly disperse [83], including several timescales that can potentially affect the energetics of electron transfer. Global conformational
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(a)

conformational transition

q=0

q

q=∆q

G(X02,q)
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FIG. 11. Free energy landscape for conformational transitions (a) and α-relaxation (b) of the
protein. G(X02 , q) shows the cross-section of the two-dimensional free-energy surface taken
at the equilibrium final value of the solvent reaction coordinate X02 . Each conformational
state along the reaction coordinate q contains a large number of substates separated by
smaller free energy barriers (b). Transitions between these states are responsible for αrelaxation of the protein slaved to water dynamics. Each of α-substates can be separated
into β-substates (not shown) responsible for β-relaxation of the protein and the hydration
shell.
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changes of the protein, which often occur on the time-scale of microseconds [84], have the
slowest time-scale. These transitions occur between minima of the free energy landscape
separated by highest barriers. In terms of the two-dimensional coordinate space used in
Figure 9, this motion sets up a transition from q = 0 to q = ∆q along the generalized
protein coordinate q. In Figure 11 this work shows the cross-section of the free energy
surface, G(X02 , q), at the final state along the solvent polarization coordinate X = X02 .
The activation barrier separating the states q = 0 and q = ∆q is too high to be observed
on the time-scale of our MD simulations.
The topology of the free energy landscape [85] is, however, more complex than that
sketched in Figure 11a. Each of the conformational states, q = 0 and q = ∆q, contains
a large number of conformational substates separated by lower barriers [49] (Figure 11b).
Transitions between these substates represent α-relaxation of the protein with many features analogous to α-relaxation of structural glasses [86]. These protein dynamics can be
considered “slaved” to the solvent in the sense that the temperature dependence of the
corresponding relaxation time follows that of water [49]. One of the consequences of this
slaving is that the long-known dynamical transition of protein atomic displacements above
the linear regime at Ttr ≃ 200 − 250 K [83, 47, 86] can be traced back to the fragile-tostrong dynamic transition of hydrating water [87, 48]. An alternative explanation suggests
a merger of the fast β- with slow, non-observable α-relaxation at the transition temperature
[88].
Fast β-relaxation of the protein and hydrating water can be visualized as transitions
between low-barrier substates within each landscape basin of the α-relaxation processes (not
shown in Figure 11b). Fluctuations between these substates involve amino-acid side chains
and hydrogen-bond network at the protein surface [46, 89] as well as protein vibrations
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FIG. 12. Trajectory of the solvent component of the donor-acceptor energy gap of PC(Ox)
in TIP3P water at 310 K. The upper trajectory shows unrestricted protein/water dynamics
and the lower curve refers to protein atomic displacements frozen by applying positional
harmonic restrains (8.0 kcal mol−1 Å−2 ). Inset shows the same property for photoexcitation
of tryptophan in TIP3P water. The gray regions in the upper trajectory indicate segments
of the trajectory 100 ps long used to calculate the narrow free energy surface in Figure 8a.
The lower trajectory was shifted down by 1.5 eV for better visibility.
which are not affected by the dynamic transition at T = Ttr . β−relaxation of the protein
is strongly dominated by β-relaxation of the hydrating water [49] involving translational
motions of water molecules in and out of the first hydration layer [46].
This scenario is consistent with the dynamics of the donor-acceptor energy gap
observed along the MD simulation trajectory. A large-amplitude, redox-induced conformational transition, if it exists [90], is too slow to occur on the observation timescale τobs
determined, in the computer experiment, by the length of the simulation trajectory. However, both α- and β-relaxation of the protein and water (about 40% of the overall protein
relaxation on the 10 ns time-scale [67]) are clearly seen in the X(t) trajectory (Figure 12).
The slower α-relaxation component is represented by large-amplitude oscillations superimposed onto fast β-fluctuations of the solvent dipoles. The slow α-relaxation is not typically
seen in small rigid solutes exemplified by the trajectory of tryptophan (inset in Figure 12)
where only fast β-fluctuations are present. The time-scale of α-fluctuations (ca. 1 ns) suggests their origin in the motion of polar side groups [88] which show jumps in their dihedral
angles on the same time-scale [91].
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TABLE I. Averages and reorganization energy components (eq 2.9) of the energy gap Y
based on the interaction energy between the ∆zj charges of the redox site with the solvent
(s) and protein (prot) for PC in Red and Ox states. The data are collected from 10 ns MD
trajectories, all energies are in eV.
T /K
310
285

Redox state
Ox
Red
Ox
Red

hXi
2.48
3.39
2.46
3.77

h∆Eprot i
−8.58
−8.69
−8.46
−8.96

hY i
−6.10
−5.30
−6.00
−5.19

λprot
1.62
1.48
1.56
1.35

λs
5.51
5.66
5.09
4.43

λ
6.16
7.41
5.65
5.25

λprot,s
−0.97
0.27
−1.00
−0.53

2.5.1. Interactions with water and protein
Table I lists the statistics of Y fluctuations obtained from 10 ns at the end of simulation trajectories. We report the average donor-acceptor energy gap from the interaction of
∆zj charges of the redox site (Red and Ox states) with water, hXi, and protein, h∆Eprot i,
as well as their sum, hY i (we have dropped Ox/Red subscripts in the ensemble averages
for brevity). In addition, Table I gives the variance of Y split according to eq 2.9 into
protein and water (solvent) components. The cross term λprot,s amounts in our simulations
to 5–18% of the total reorganization energy from the protein/water thermal bath. This is
the error bar for the separation of protein and solvent (water) nuclear fluctuations into two
separate stochastic processes.
2.5.2. Solvent reorganization energy
Reorganization energy λq (τobs ) in eq 2.10 originates from fluctuations of the solvent
dipolar polarization induced by coupled protein-solvent dynamics. This reorganization energy thus arises from a new solvent mode absent in traditional theories of electron transfer
operating in terms of separate vibrational (λv ) and polarization (λp ) nuclear modes. The
enhancement of the energy gap variance by this new mode is very significant: the variance
of X changes from σs2 = 2kB T λp (λp = ∆X/2 ≃ 0.45 − 0.65 eV), comparable to other
simulations [38, 56], to a much higher value σs2 = 2kB T λs characterized by the solvent
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TABLE II. Solvent reorganization parameters of PC from 10 ns MD trajectories, all energies
are in eV.
T /K
λp
λq
∆Gs 1
285
0.812
4.8(Red)
3.2
0.77(0.69,3.6)3
4.1(Ox)
4.7(7.1, 9.6)3
310
0.542
5.0(Red)
2.9
0.74(0.54,3.6)3
4.5(Ox)
4.6(7.1, 9.6)3
reorganization energy λs = λp + λq (τobs ) ≃ 5 eV on the time-scale τobs ≃ 10 ns (Table II).
This gigantic value of the reorganization energy far exceeds what is typically observed for
electron transfer reactions between small hydrated ions [55, 92, 93].
The variance of the donor-acceptor energy gap σq ≃ 0.5 eV (eq 2.16) produced
by conformational flexibility in our simulations is significantly higher than experimentally
reported σq ≃ 0.05 eV from charge recombination in bacterial reaction centers trapped
by cooling in their conformational substates [67]. As noted above, this lower variance of
energy gaps in reaction centers is expected since water dynamics, significantly contributing
to fluctuations of the donor-acceptor energy gap, are also quenched by cooling. In addition,
the hydrophobic environment of cofactors located in the membrane protein complex and
the low temperature of the kinetic arrest Tkin ≃ 175 K (eq 2.16) both contribute to the
lower σq .
We need to emphasize that the reorganization energies considered here refer to the
change in the charge distribution of PC only. A donor-acceptor complex composed of
two proteins (interprotein electron transfer) will also include a change of charges on the
partner (heme) protein. In case of photosynthetic electron transfer, the interaction of
this other set of charges located within a membrane protein with water is expected to be
weaker than for hydrated PC. Therefore, there should be only minor Coulomb correction
to the reorganization energy. In addition, some reduction of the reorganization energy
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will arise from electronic polarizability of water not included in TIP3P parametrization
(our calculations using non-local solvent response [76, 77] show a reduction from 0.74 eV
in TIP3P water to 0.40 eV in ambient water). Nevertheless, the gigantic magnitude of
λp + λq (10 ns) compared to the commonly considered λp calls for the attention to the
effects of coupled protein/water dynamics on electron transfer.
The solvent effect on the electron transfer thermodynamics is dominated by water
molecules closest to the active site. Protein flexibility significantly modulates this first
solvation shell producing fluctuations of the closest Cu-O distance around the average of
6.64 Å, the largest fluctuation amplitude of ≃ 2 Å, and the standard deviation of 0.6 Å
(Figure 13). We also note that the Cu-O pair distribution function (Figure S1) does not
change with changing the redox state of plastocyanin, in contrast to observations reported
for heme proteins [38, 41, 42, 56]. With such large-amplitude fluctuations, water is effectively
further apart from the protein surface than the distance of the closest approach. The
solvent part of the reaction free energy ∆Gs (Table II) is then nearly 1.5 times smaller in
magnitude than the value calculated from our solvation model [76, 77] assuming the closest
water approach. In contrast, the calculated reorganization energy λp is in good agreement
with simulations, which supports our assumption, used to derive eqs 2.10 and 2.11, that
conformational fluctuations do not significantly affect this parameter.
We note in passing that λp from continuum calculations is very sensitive to the
definition of the dielectric cavity. When van der Waals (vdW) radii of protein atoms are
used to determine the cavity, high-polarity dielectric is allowed in a narrow pocket near
copper thus significantly increasing the free energy of solvation. When, in contrast, a water
molecule is rolled on the vdW surface to determine the solvent-accessible cavity, the results
of continuum calculations are comparable to both the NRFT and MD numbers (Table II).

43

6

4
CCu-O(t)

min[rCu-O] (Å)

8

2

0.8

Ox

0.4

Red

0
0

0

10

20

30

40

50

Time (ps)

0

2000

4000

6000

8000

10000

Simulation Time (ps)

FIG. 13. Trajectory of the closest distance between Cu of the plastocyanin active site (Figure 6) and oxygen of water in the Red (gray) and Ox (black) states. The inset shows time
autocorrelation functions of the minimum Cu-O distance in Red and Ox states. The autocorrelation functions fit well to eq 2.20 with the set of fitting parameters {AG , τG , τE , β}:
{0.31, 0.2, 12.3, 0.53} for Ox and {0.39, 0.2, 1.1, 0.46} for Red. Here, τG and τE are in picoseconds.
We will provide a more detailed discussion of these results in a separate publication [82].
The large value of λq raises the question of whether the new nuclear mode responsible
for the energy gap variation should be attributed to solely the conformational motions of the
protein or to more complex collective dynamics coupling the solvent to protein fluctuations.
The evidence existing in the literature advocates the latter view suggesting that both the αand β-relaxation of the protein are strongly coupled to hydrating water. Our attempts to
connect the slow modulations of the X(t) trajectory (Figure 12) to the vibrational density
of states of the protein [94] have not given positive results since the low-frequency vibrations
seen in Figure 12 could not be resolved from the quasi-harmonic analysis [94] (Figure S2)
or from the intermediate scattering function [47]. We have also tried to freeze the protein
motions through harmonic positional restraints on atomic translations, with the restraint
weight equal to 8.0 kcal mol−1 Å−2 . These simulations (ca. 5 ns started at the end of
the unrestrained trajectory) have resulted in the energy-gap variance σs2 diminished by a
factor of ≃ 3 (lower trajectory in Figure 12), but still not reaching the value σp2 from the
Stokes shift. This observation supports the view that α-fluctuations of the donor-acceptor

44
gap are coupled to translational motions within the hydration layer at the protein surface
and that these fluctuations cannot be separated from protein’s conformational dynamics.
Nevertheless, the strong reduction of σs2 upon freezing of the protein still suggests that
protein motions produce the largest energetic contribution to the reorganization energy λq .
2.5.3. Protein dynamics
If the large-amplitude protein/water motions affecting the solvent polarization are
overdamped [95], they can be described by Debye relaxation with an effective relaxation
time τq . The use of the Debye relaxation function in eq 2.14 gives the following simple
equation for the non-ergodic reorganization energy: [96]
λq (τobs ) = (2λq /π)cot−1 (τq /τobs )

(2.19)

where the equilibrium reorganization energy λq is given by eq 2.15. Protein dynamics
coupled to dipolar solvent polarization are dominated by very slow motions with the characteristic time τq of about 0.5–1 ns, as follows from the fit of λp + λq (τobs ) (eq 2.19) to
the simulation data (Figure 14). The non-ergodic component λq (τobs ) was calculated from
the energy gap variance taken on observation windows τobs along the simulation trajectory
(exemplified by gray segments of length 100 ps in Figure 12). On short observation times,
τobs < 100 ps, i.e. fast electron transfer reactions, the slow conformational modulation
does not show up, and the reorganization energy from the width approaches that from
the Stokes shift, thus restoring eq 2.3. A similar behavior, including the magnitude of the
corresponding reorganization energy, was observed in ref [41] (hatched diamonds in Figure
14).
With such slow conformational modulation of the water polarization, each short segment of the long trajectory finds itself in a different configuration, a situation akin to dynam-
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FIG. 14. Solvent (water) reorganization energy of Ox (open circles) and Red (filled circles)
states of PC at 285 K vs the observation time τobs defined as the length of trajectory over
which the averages were calculated. The solid lines are fits of simulations to eq (2.19) with
τq = 1 ns (Ox) and τq = 0.5 ns (Red). The hatched diamonds indicate the results from ref
[41]. The inset shows the initial portion of the plot.

ical heterogeneity responsible for stretched-exponential relaxation of structural glasses [86].
This picture is indeed confirmed by the Stokes shift correlation function calculated on segments of trajectory of different length. Stokes shift correlation function C(t) = hX(t)X(0)i
from a short segment has a typical biphasic form composed of a fast Gaussian decay followed by exponential relaxation [97] for which the stretching exponent β in eq 2.20 is equal
to unity:
2

β

C(t) = AG e−(t/τG ) + (1 − AG )e−(t/τE )

(2.20)

On the contrary, the Stokes shift correlation function calculated on longer segments (1–
2 ns) develops a stretched-exponential relaxation with the stretching exponent β = 0.69
and relaxation time of about 150 ps (Figure S3). This long tail, which may require longer
simulations to be fully resolved [67], is caused by collective water displacements (Figures 6
and 10) by slowly moving parts of a biopolymer [98, 99].
2.5.4. Free energy surfaces
The picture of non-ergodic, glassy dynamics emerging from the static and timeresolved energy-gap statistics is consistent with the free energy surfaces Gi (X) shown in
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Figure 8. They are very shallow on the long 10 ns trajectory becoming increasingly curved
on a shorter observation window (Figure 8a). The slow non-ergodic dynamics of protein
conformations decouples the Stokes shift from the reorganization energy, thus breaking eq
2.3 down. Accordingly, we found that the difference G2 (X)− G1 (X) in the region of overlap
of Ox and Red surfaces is still a linear function of X, but with the slope of 0.10, instead of
the unitary slope predicted by the picture of equal-curvature parabolas (eq 2.2 and Figure
7) and usually observed in fully equilibrated systems [41]. This number is consistent with
eqs 2.10 and 2.11 which yield the slope of ∆X/(∆X + 2λq ) ≃ 0.13.
The statistics of the donor-acceptor energy gap induced by the protein fluctuations
are also approximately Gaussian. The width of the distribution is given by the variance
of the electrostatic interaction energy of ∆zj charges of the redox site with the protein
atomic charges. The corresponding reorganization energy is approximately 1.5 eV (Table
II). However, since the reaction path is expected to follow the fast solvent coordinate, our
main focus here is on the free energies Gi (X).
These results do not contradict experimental estimates of λp + λv ≃ 0.6 − 0.8 eV
for copper proteins obtained from the top of the energy gap law when the reaction barrier
disappears [35, 43]. From eq 2.11, the activationless transition is achieved at X0i = 0 when
the reaction free energy ∆G0 obeys the equation −∆G0 − λv = ∆X/2 = λp . With the
inner vibrational reorganization energy currently estimated as low as 0.1 eV [38], λp =
0.54 − 0.81 eV from present simulations is consistent with experiment. On the other hand,
reorganization energy λs entering the distribution width σs2 is about an order of magnitude
higher. The breakdown of the link between the Stokes shift and the distribution width (eq
2.3) must have significant implications for the biological function of PC and probably of
other electron carrier proteins. We note that a similarly large value of λq (hatched diamonds
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FIG. 15. Energetics of fast electron transfer reactions losing redox potential to achieve
activationless transitions (a) and of slower (ns range) reactions (b) which are allowed to
proceed with a small driving force. The reaction barrier is lowered in the latter case by
non-ergodic conformational/water dynamics transforming the dashed-line parabolas into
solid-line parabolas (b). The vertical arrow in (b) shows the suppression of the activation
barrier by reorganization energy λq .
in Figure 14) was observed, but not clearly recognized, in simulations of electron transfer
between ruthenium cofactors attached to a synthetic four-helix protein [41].
2.6. Concluding Remarks
The application of the ideas presented here to biological electron transfer requires the
transition from the observation time determined by the length of the simulation trajectory to
−1
the time-scale determined by reaction kinetics. This is achieved by setting τobs = τET = kET

which, given the activation barrier is a function of τobs , leads to a self-consistent equation
for the rate [61]


kET ∝ exp −∆Gact (kET )/(kB T )

(2.21)

Equation 2.21, incorporating the notion of reaction non-ergodicity, offers a compelling picture of the hierarchy of electron transfer reactions in photosynthetic systems.
Faster reactions with kET ≫ 109 s−1 effectively cut off slow conformational motions of the
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protein from their energetics (Figure 14), and the standard picture [36] relating the Stokes
shift to parabolas’ curvature (eq 2.3) applies. Realizing fast electron transfer then requires
an activationless transition as observed in primary charge separation in photosynthetic reaction centers (Figure 15a) [50]. On the contrary, reactions in the sub-nanosecond range
start to experience the effect of conformational modulation of the activation barrier and
can in fact proceed efficiently even with a small driving force since the activation barrier
is lowered by the growing width of the energy gap distribution (Figure 15b). Therefore,
when speed is at stake, natural systems have to lose redox potential in exchange for fast
activationless transitions. When slower reactions, still faster than catalytic rates, can be
afforded, losing reduction potential is not a necessity, and reactions with a low driving force
can still be efficient.
The large breadth of energy gap fluctuations observed here allows to relax the strict
limitations on the closest distance of docking in interprotein electron transfer. The activation barrier estimated from our simulated reorganization energies is extremely small,
∆Gact = (λp + ∆G0 )2 /(4λp + 4λq ) ≃ 0.08 eV, for a small reaction free energy ∆G0 ≃ −20
meV typical for electron transfer at docking locations [34]. The standard rate estimate [33]
then gives 13 Å for the donor-acceptor distance at which the threshold catalytic rate of 104
s−1 is achieved.
Strong coupling between dipolar polarization and protein mobility advocated here is
consistent with long suggested connection between protein dynamics and hydration [46, 49,
87, 48, 88]. The new reorganization energy discovered here is related to the rms displacement
of the conformational mode as λq ∝ h(δq)2 i/T and is therefore expected to show a sharp
increase at T > Ttr when h(δq)2 i starts its nonlinear rise. This observation might provide
a resolution of the long-standing puzzle of electron transfer kinetics in many plants and
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bacteria: Arrhenius plots of electron transfer rates often show breaks in their slopes at
temperatures consistent with Ttr [100, 101, 102]. This feature might be linked to the rise of
λq at the onset of conformational activity in proteins [103].
The existence of the solvent-slaved α-relaxation is presently traced back to a strong
coupling between polar/ionized surface residues and water. We suggest in this paper that
exactly this property is responsible for the strong modulation of the dipolar polarization of
water by protein flexibility resulting in the gigantic solvent reorganization energy. This type
of dynamics is usually not observed in inorganic and organic donor acceptor complexes used
for electron transfer reactions and is presently believed to be unique to natural polymers.
However, properties of synthetic polymers, in particular in respect to glassy dynamics [104],
have many features in common with biopolymers. One therefore might hope that phenomena analogous to those observed here can be realized in flexible donor-acceptor architectures,
such as branched polymers and dendrimeric structures, used for artificial photosynthesis.

CHAPTER 3
REDOX ENTROPY OF PLASTOCYANIN: DEVELOPING A
MICROSCOPIC VIEW OF MESOSCOPIC POLAR SOLVATION
3.1. Introduction
Traditionally, calculating correct thermodynamics of hydrated biopolymers has been
a difficult challenge to computational algorithms. In many cases the problem can be treated
by numerical simulations with force fields assigned to the biomolecule (solute) and water
(solvent) [105]. The obvious difficulty is the large computational load and still existing
uncertainties in the treatment of the long-range electrostatics. The problem, however,
becomes more nontrivial when derivatives of thermodynamic potentials, e. g. redox entropy,
need to be computed or when the solvation thermodynamics changes on the time- and
length-scale unattainable to standard Molecular Dynamics (MD) protocols, e. g. in problems
related to protein folding [106, 107]. In all such cases, coarse graining of the system is
required and that can be done on various length-scales [108, 109, 110]. Dielectric continuum
models that solve the boundary Poisson problem, are computationally very tractable. In
this approximation, all length-scales below the largest distance of microscopic correlations
(density and/or polarization) are averaged out into a continuum surrounding the solute.
These approaches are normally represented by either direct grid solution of the PoissonBoltzmann equation [78] or even more approximate formalisms under the umbrella of the
generalized Born approximation [111].
When the cavity cut out by the solute from the continuum dielectric is properly
parametrized, equations of continuum electrostatics provide a reasonable estimate of the
solvation Gibbs energy [112, 113, 114]. The fundamental problem of this approach is that
the local structure of the solvent around the solute, averaged out in the continuum limit,
is what effectively forms the dielectric cavity. While this structure can be parametrized by
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choosing proper van der Waals (vdW) radii [115], this parametrization needs to be re-done
every time the thermodynamic state of the solvent changes. This difficulty makes continuum
formalisms unreliable for the calculation of derivatives of the Gibbs energy, for instance the
entropy of solvation [116, 76, 77, 117]. In addition, the surface of a protein is highly
heterogeneous combining hydrophobic patches exposing non-polar residues and hydrophilic
patches made of ionized/polar residues. While the water structure is rigid around ionized
residues, probably resembling the well-studied case of solvation around simple ions, water is
much less structured at hydrophobic patches with the potential for dewetting [118] or/and
oscillations of the water occupation [46, 119]. It is clear that simplistic continuum does not
represent this complex reality [107], and one needs to incorporate the ability of the solvent
to fluctuate into the solvation model.
The goal of this work is to extend the microscopic view of solvation in polar solvents,
which has seen recent progresss in the past for application of small and medium-size solutes
[120, 76, 77], to solvation of solutes of mesoscopic dimension, even biopolymers. The protein
length-scale is an obvious that presents an obstacle to numerical simulation techniques. On
the other hand, one hopes that the same length-scale would provide that the short-range
features of the solvent structure around the solute, making solvation of small molecules
so specific, would average out on a larger scale. If this averaging is realized for solvation
of biopolymers, it would allow coarse-grained models to efficiently operate in this field
complementing direct numerical simulations. Our approach to the problem is to coarsegrain the solvent response into a number of solvent correlation functions (structure factors)
representing the nuclear modes affecting electrostatic solvation. The microscopic nature of
the solvent response is then incorporated into the wave-vector dependence of these structure
factors efficiently filtering out the length-scales insignificant for solvation.
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This study poses the central question for the future development of such techniques:
What are the solvent modes which play the central role in the thermodynamics of mesoscopic
solvation and what are the theory ingredients critical for capturing the basic physics of
solvation of biological polymers? We study this problem here by carrying out extensive MD
simulations of solvation of plastocyanin (PC) in TIP3P water in the temperature range 280–
310 K. This fully atomistic approach is compared to continuum electrostatics and to our
microscopic algorithm, operating with k-space correlation functions, which was designed to
scale efficiently on the mesoscopic length-scale.
Plastocyanin from spinach is a single polypeptide chain of 99 residues forming a
β-sandwich, with a single copper ion coordinated by 2 sulfurs from cysteine and methionine
and 2 nitrogens from histidine residues (Fig. 16). The presence of the copper ion, which
can change redox state, allows PC to function as a mobile electron carrier in the photosynthetic apparatus of plants and bacteria. It accepts an electron from ferrocytochrome f
and diffusionally carries it to another docking location where the electron is donated to the
oxidized form of Photosystem I [34].

FIG. 16. Structure of plastocyanin: the active site includes copper ion (green), 2 histidines
(blue), methionine (red), and cysteine (orange) residues.

Because of high solvent accessibility of the redox site, PC presents a convenient
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model to study the hydration effect on the redox properties of metalloproteins, a situation
also seen in ferrodoxins [121, 42]. The redox thermodynamics of PC has been characterized
experimentally [122, 123, 124] and combined quantum/simulation calculations have been
done as well [125, 126]. The early focus of the theoretical studies had been on unusually
high redox potentials of copper proteins, which was assigned to the non-traditional distorted
tetrahedral coordination on the copper ion [127, 37, 128]. In particular, the Cu-S bond to
methionine is unusually long and is actually broken in the reduced state of PC at pH < 3.8
[129]. The protein is also highly charged at pH≃ 7 (−9.0 in reduced state and −8.0 in
oxidized states). The charge is made by 15 negatively charged deprotonated residues (9
glutamic and 6 aspartic acids) and six positively charged lysine residues with amino groups
protonated (Fig. 17). The asymmetric charge distribution located on the protein surface
creates the dipole moment of 2200 D in the oxidized state (Ox) and of 2470 D in the reduced
state (Red), both numbers are calculated relative to the center of partial charges.
The redox potential of the protein includes a component from the local ligand field
of the active site and the Gibbs energy of solvation. The computation of the former requires
quantum mechanics, making the problem of calculating the overall redox potential a very
non-trivial exercise [130, 40, 126, 42]. Calculations of solvation thermodynamics can be
reasonably accomplished using partial atomic charges parametrized from quantum calculations in the vacuum. The experimental input comes from measurements of redox entropy
[131, 122, 123] since the temperature-independent ligand-field component is expected to
vanish in the temperature derivative.
3.2. Microscopic Solvation Model
The principal idea of the microscopic solvation model is to reduce the problem of
solvation of an arbitrary solute in a polar solvent to a formalism combining two major
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FIG. 17. Distribution of the positive and negative charge on the surface of the protein. The
positively and negatively charged residues are shown, respectively, in red and blue. The
copper ion is shown in green.
blocks: electrostatics of an isolated solute and non-local correlation functions of the pure
solvent. The idea of assembling separate solute and solvent properties in a solvation model
is obviously not new going back to Born [132] and Onsager [133] and all the subsequent
development of continuum electrostatics in application to solvation [134, 112, 111, 113, 78].
The advantage of our approach is in avoiding the necessity to know the microscopic solutesolvent structure, which is the main complexity of microscopic solvation models and is also
their main advantage when the problem is successfully resolved by either solving integral
equations [135] or by applying time-dependent [136, 137] or equilibrium [138, 139, 140] density functional methods. Inserting a solute into a dense liquid creates a significant distortion
of its structure, and the incomplete account of the coupling between the short-range density
profile around the solute with the long-range polarization field is perhaps the weakest part
of our formulation when applied to small solutes [141]. [This deficiency is almost completely
off-set by averaging of the density profile around a nano-scale solute (see below).] On the
other hand, a strong side of our formalism, its ability to treat solvation of large solutes of
irregular shape and arbitrary charge distribution [79, 77], becomes particularly useful in
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application to protein solvation.
The reduction of the many-body solvation problem to an irreducible representation
in terms of a few basic correlation functions depends on the symmetry of the solute-solvent
interaction potential. The number of correlation functions is known to grow with increasing the rank of the solvent multipole included in the interaction potential [142]. Solvent
dipoles are for the most part sufficient for solvation in polar liquids [143], in which case the
solute-solvent interaction potential V0s (“0” and “s” are used for the solute and solvent,
respectively) is a sum of pairwise interactions of the solute electric field E0 (r) with the
solvent dipoles
V0s = −
Here,

m′j

N
X
j=1

m′j · E0 (rj ).

(3.1)

is the dipole moment characteristic of the bulk state of the solvent; m′ is usually

higher that the vacuum dipole m because of the collective field of the induced solvent dipoles
[144]. For instance, the dipole moment of water in the liquid state, 2.4–2.6 D [145], is higher
than the gas-phase dipole of 1.83 D.
We will focus on the electrostatic component of the chemical potential of solvation
µ0s which contains all the information relevant to electrostatic solvation. Linear response
approximation (LRA) significantly simplifies the problem and provides several equivalent
routes to µ0s . One can consider the full interaction between the atomic charges of the solute
and the solvent and determine µ0s as half of the average solute-solvent interaction energy
[146], µ0s = hV0s i/2. Alternatively, one can use the second cumulants, h(δV0s )2 i or h(δV0s )2 i0
[76]. In the first expression, the angular brackets h. . . i refer to an ensemble average over
the fluctuations δV0s in the solvent in equilibrium with the full charge distribution of the
solute. For the second expression, h. . . i0 implies that all the charges of the solute have
been set to zero, and fluctuations of the solvent in the solute vicinity are regulated only by
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short-range solute-solvent interactions, molecular repulsions in the first place. In the LRA,
the two cumulants are equal [147], which physically means that the solute electrostatic
forces do not significantly change the solvent structure around the solute established by the
prevalence of short-range repulsions [148]. Computer simulations for the most part support
this picture [52, 55, 60] with a few exceptions of very strong solute-solvent electrostatic
coupling found for small solutes [147, 149, 117].
This observation opens up a significant simplification of the calculation algorithms.
Instead of solving the inhomogeneous problem of restructuring the solvent in an external
field of the solute, it appears to be sufficient to look at the statistics of solvent fluctuations
around the repulsive core of the solute. This strategy is used here and we will base our
calculations on the relation
−µ0s = (β/2)h(δV0s )2 i0 ,

(3.2)

where δV0s = V0s − hV0s i0 and β = 1/(kB T ).
By using the interaction potential according to Eq. (3.1), one can re-write Eq. (3.2)
in the form typical for Gaussian (LRA) models of solvation [150, 80]
1
−µ0s = Ẽ0 (k1 ) ∗ χ(k1 , k2 ) ∗ Ẽ0 (k2 ).
2

(3.3)

Here, the 2-rank tensor χ(k1 , k2 ) is the response function [151] of the system composed of
a dipolar solvent and a solute to a weak field of the solute. The inhomogeneous character
of the problem is reflected by the fact that χ(k1 , k2 ) depends on two wave-vectors, k1 and
k2 , separately and not on k1 − k2 , as is the case with response functions of homogeneous
solvents. The asterisk in Eq. (3.3) refers to both the tensor contraction and integration
in inverted k-space. In addition, Ẽ0 (k) is the Fourier transform of the electric field of the
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solute defined by the integral limited to the solvent volume Ω:
Ẽ0 (k) =

Z

E0 (r)eik·r dr.

(3.4)

Ω

The shape of the solute thus enters both the response function χ(k1 , k2 ) and the field Fourier
transform Ẽ0 (k). The charge distribution of the solute, which determines the electric field
Ẽ0 (k), is given by its electronic density and is commonly represented by partial atomic
charges.
The main challenge of this formalism, as well as of other Gaussian solvation theories
[152], is how to connect the inhomogeneous response function χ(k1 , k2 ) to the shape of the
solute repulsive core and the self-correlation functions of the solvent modes affecting solvation. Two modes naturally appear in most theories: dipolar (orientational) polarization and
density fluctuations [153, 154, 120, 139]. For the former, the combination of axial symmetry
introduced by the wave-vector k with the vector character of the dipolar polarization P(k)
allows one to split the 2-rank tensor χs (k) = (β/Ω)h|δP(k)|2 i into the longitudinal and
transverse dyads: [155]
χs (k) =


3y  L L
J S (k) + JT S T (k) ,
4π

(3.5)

where JL = k̂k̂, JT = 1 − k̂k̂. In Eq. (3.5), y is the effective density of both permanent and
induced dipoles in the liquid which commonly appears in theories of dielectrics [144]
y = (4π/9)βm′2 ρ + (4π/3)ρα.

(3.6)

In Eq. (3.6), α is the dipolar polarizability of the solvent particle.
The scalar functions S L (k) and S T (k) in Eq. (3.4) are, correspondingly, the longitudinal and transverse structure factors of dipolar fluctuations of the homogeneous solvent
(see below). The k = 0 values of these structure factors are related to the dielectric constant,
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ǫs , by the following equations:
S L (0) = (ǫs − 1)/(3yǫs ),

(3.7)

T

S (0) = (ǫs − 1)/(3y).
Also, the trace of χs (0) over the Cartesian projections gives the Kirkwood g-factor [156]
gK =


1 L
S (0) + 2S T (0) .
3

(3.8)

The expansion of the solvation chemical potential in the Mayer functions corresponding to the solute-solvent interaction potential leads to the following form for the response
function [120, 76]
χ(k1 , k2 ) = χp (k1 , k2 ) + χd (k1 , k2 ),

(3.9)

χp (k1 , k2 ) = χs (k1 )δk1 ,k2 .

(3.10)

where

In Eq. (3.10), Ωδk1 ,k2 = (2π)3 δ(k1 − k2 ) is the Kronecker symbol and χd (k1 , k2 ) in Eq.
(3.9) is the component of the response originating from the local fluctuations of the solvent
density around the solute [120]
χd (k1 , k2 ) = (3y/8π)(1 − S(k1 ))θ0 (k1 − k2 ) .

(3.11)

Here, S(k) = N −1 h|δρ(k)|2 i is the density-density structure factor of the homogeneous
solvent and N is the number of solvent molecules. In addition, θ0 (k) is the Fourier transform
of the step function θ0 (r) defining the solute shape. It is equal to unity for r inside the
solute and is zero otherwise.
The problem with the direct perturbation result in Eq. (3.9) is that it contains
the transverse polarization response function ∝ S T (k) diverging in its continuum, k → 0,
limit as the solvent dielectric constant goes to infinity [Eq. (3.7)]. The problem is really
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caused by the non-spherical shape of the solute. The electric field of the solute charges is
longitudinal. However, when the symmetry of the solute is different from the symmetry
of the charge distribution in a sense that the cavity boundary does not coincide with the
equipotential surface, the Fourier integral in Eq. (3.4) generates a transverse component of
Ẽ0 (k). Notice that this is always the case when electron transfer reactions are considered
[157]. A transverse component in Ẽ0 (k) then results in a “transverse catastrophe” for
solvents of high polarity. The problem was well recognized in early studies [153, 154, 120]
which suggested to use only the longitudinal component of the field Ẽ0 (k). As a matter of
fact, the problem lies in the response function of the dipolar polarization field which needs
to be re-normalized with the account of the solute repulsive core, a procedure similar to
applying boundary conditions to the Poisson equation of continuum electrostatics.
The Li-Kardar-Chandler [158, 80] Gaussian model allows one to achieve a correct
renormalization of the inhomogeneous polarization response function χp (k1 , k2 ) eliminating the “transverse catastrophe” [159]. This approach introduces another simplification by
replacing all the short-range solute-solvent interactions by hard-core repulsions. This simplification, however, leads to an exact solution for the k-space response functions with the
result: [159]
χp (k1 , k2 ) = χs (k1 )δk1 ,k2 − χ′′ (k1 )θ0 (k1 − k2 )χs (k2 ).

(3.12)

The second summand in Eq. (3.12) is the correction of the response function of the homogeneous solvent, appearing in Eq. (3.10), by the repulsive core of the solute. The response
function χ′′ (k1 ) then incorporates both χs and the information about the solute shape
[159, 76].
A direct substitution of Eq. (3.12) into Eq. (3.3) results in a 6D integral convolution
in k-space which is not numerically tractable. In order to arrive at a computationally
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efficient procedure, a mean-field approximation was introduced [76], which replaces the
inhomogeneous electric field of the solvent inside the solute by a mean cavity field:
f
F0 =
8π

Z

Ω

E0 · Dr

dr
,
r3

(3.13)

where
f=

2(ǫs − 1)
.
2ǫs + 1

(3.14)

Here, Dr = 3r̂r̂ − 1 is the 2-rank dipolar tensor with r̂ = r/r. F0 becomes the Onsager
reaction field [133] for a spherical solute with point dipole located at the center.
The mean-field approximation reduces the problem of calculating the solvation thermodynamics to a numerically tractable 3D integral in k-space. The chemical potential of
solvation then becomes a sum of two components arising from the longitudinal (L) and
transverse (T) polarization fluctuations, µL,T
0s , and a third component arising from the density fluctuations, µd0s :
T
d
µ0s = µL
0s + µ0s + µ0s .

(3.15)

The transverse component µT0s is defined by k-integral of the transverse projection
of the solute filed, Ẽ0T (k), with the transverse polarization structure factor
−1 L
S (0)
−µT0s = gK

3y
8π

Z

dk
|Ẽ T (k)|2 S T (k).
(2π)3 0

(3.16)

The transverse field component is defined by subtracting the longitudinal projection


ẼL
0 (k) = k̂ k̂ · Ẽ0

(3.17)

from the total inverted-space field Ẽ0 :
ẼT0 (k) = Ẽ0 (k) − ẼL
0 (k).

(3.18)
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Equation (3.16) is the main result of the application of the Gaussian model [80] to
polar solvation. It replaces S T (k) of the direct perturbation expansion in Eqs. (3.9) and
(3.12) with the renormalized function:
3yS T (k) → (3yS L (0)/gK )S T (k).

(3.19)

The k = 0 limit of the transverse response changes from 3yS T (0) = ǫs −1 to 3(ǫs −1)/(2ǫs +1)
thus eliminating the “transverse catastrophe” of direct perturbation expansions.
The component µL
0s of the solvation chemical potential in Eq. (3.15) is obtained by
inverted-space integration with the longitudinal polarization structure factor:
"
#
Z
L
dk L
3y
L 2
T 2 F0 · Ẽ0
L
S (k) |Ẽ0 | − |Ẽ0 | f
−µ0s =
.
8π
(2π)3
F0 · ẼT0

(3.20)

There is a significant physics behind the appearance of the transverse field in the brackets
of Eq. (3.20). Longitudinal dipolar polarization is short-ranged and thus does not propagate over macroscopic distances. On the contrary, transverse polarization is long-ranged.
Therefore, inducing transverse polarization modifies the electric field acting on the solvent
dipoles resulting in the second term in the brackets in Eq. (3.20).
The density component in Eq. (3.15) can formally be obtained by multiplying the
response function χd (k1 , k2 ) [Eq. (3.11)] with the Fourier transforms of the electric field and
integrating over k1 and k2 . This, however, results in a 6D convolution integral to be avoided
in numerical applications. An alternative approach is to use direct-space integration when
the density component becomes
−µd0s = 3yF (r) ∗ F −1 [(1 − S(k))θ0 (k)] .

(3.21)

Here, F (r) = (8π)−1 E02 (r) is the density of the electrostatic field energy and the asterisk
indicates integration in real space over the volume Ω occupied by the solvent. In addition,
F −1 is the inverse Fourier transform of the function indicated in the brackets.
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FIG. 18. Diagram of the computational algorithm.
Solvation by the overall dipolar polarization, including nuclear and electronic components, was considered in the formalism outlined above. For solvation problems relevant
to spectroscopy and charge-transfer reactions nuclear component of polarization needs to
be extracted. This is achieved by replacing the density y [Eq. (3.6)] of all, permanent
and induced, dipoles in the equations above with the density of permanent dipoles only,
y → yp = (4π/9)βm′2 ρ. In addition, the k = 0 values of the structure factors need to be
modified to account for screening of the dipolar interactions by the high-frequency dielectric
constant ǫ∞ . The k = 0 values for these nuclear structure factors, SnL,T (k), now become
[77]
−1
SnL (0) = (ǫ−1
∞ − ǫs )/(3yp ),

SnT (0)

(3.22)

= (ǫs − ǫ∞ )/(3yp ).

Once the k = 0 values for the structure factors are fixed by Eqs. (3.7) and (3.22), the
scalar functions S L (k) and S T (k) can be calculated from our parametrization scheme,
parametrized polarization structure factors (PPSF) [76]. This analytical route to the po-
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larization structure factors is tested here by comparing the results of solvation calculations
employing the PPSF to the direct use of S L,T (k) from MD simulations (see below).
3.3. Computational algorithm
The computational algorithm is not unique to this thesis, however is outlined in Fig.
18 and will be discussed in detail below. The solute is parametrized by coordinates rj , vdW
radii aj , and partial charges qj of the atoms. The electric field of the solute is calculated at
points rn of the N × N × N grid built on the L × L × L cube:
E0 (rn ) =

Nq
X
qj (rn − rj )
j=1

|rn − rj |3

,

(3.23)

where Nq is the number of solute charges. The array E0 (rn ) is converted to inverted space
by using fast Fourier transform technique [160]. The field Ẽ0 (k) is split into longitudinal
and transverse components and used in k-integration in Eqs. (3.16) and (3.20) with the
corresponding structure factors of the dipolar polarization. As is illustrated in Fig. 18,
the calculation input is subdivided into two separate components related to the solute and
solvent properties. Details of the calculations for each of these are given below.
3.3.1. Solute
The Fourier transform of the Coulomb field is conditionally convergent. Therefore,
in order to avoid numerical divergence in the Fourier integral, real space is divided into
three regions: hard core of the solute (region 1), region outside a sphere of radius R (region
3), and the region between the solute surface and the sphere (region 2, Fig. 19). The Fourier
integral then becomes
Ẽ0 (k) =

Z

E0 (r)e−ik·r dr + ẼR ,

(3.24)

r<R

where the first integral is taken over region 2 and the second integral is over region 3:
ẼR (k) =

Z

E0 (r)e−ik·r dr.
r>R

(3.25)
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The center of the sphere is taken at the center of the charge distribution defined by the
relation
PNq

j=1 qj rj

rq = PNq

j=1 qj

.

(3.26)

The radius of the cut-off sphere R is chosen to minimize the part of the grid which is used in
numerical calculation of the Fourier transform. In our calculations, the radius R is chosen
by adding the solvent diameter σ to the largest distance from rq to the solvent-accessible
surface (SAS) of the solute (vdW radii of the surface atoms plus the radius of the solvent
molecule).

FIG. 19. Separation of real space into regions for the calculation of the Fourier transform
of the solute electric field [Eq. (3.24)]. The Fourier transform is calculated numerically in
region 2 and analytically [Eq. (3.27)] in region 3. The field is set equal to zero within the
hard repulsive core of the solute (region 1).

The Fourier transform outside the sphere can be evaluated analytically. For the
location of charges relative to the center of charge given as sj = rj − rq , the solution for
ẼR can be obtained by expanding E0 (r) in sj /R < 1:
ẼR (k) = − 4πe
h

X
j

qj

∞  
X
sj n−1 jn−1 (kR)
R
k

n=1

(3.27)

i
′
ŝj Pn−1
(cos θj ) − k̂Pn′ (cos θj ) .

Here, cos θj = ŝj · k̂, jn (x) is the spherical Bessel function, and Pn (cos θj ) is the Legendre
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TABLE III. Atomic partial charges for copper and its four ligands in the reduced (Red)
and oxidized (Ox) states of PC.
Set
I
II

Cu
1.0
−0.49

Nδ 1
−0.7
−0.445

Red
Nδ 2
−0.7
−0.495

Sγ 3
−1.23
−0.369

Sδ 4
−0.09
−0.24

Cu
2.0
0.35

Nδ 1
−0.7
−0.42

Ox
Nδ 2
−0.7
−0.47

Sγ 3
−1.23
−0.26

Sδ 4
−0.09
−0.24

polynomial; Pn′ (x) denotes the derivative of Pn (x).
3.3.2. Charging Scheme
The formal charge of the copper ion is +2 and of the cysteine sulfur is −1 in the
oxidized state of PC. The charge is, however, delocalized among the ligands and the metal
center. The main factor in this delocalization is a strong covalency of a copper-sulfur (Cys)
bond. Calculations by Solomon and co-workers [161] assign 40% of spin density of an unpaired electron to copper and 36% to cystein’s sulfur in the ground state of oxidized protein.
The extent of delocalization varies significantly depending on the level of quantum mechanical calculations used [162, 163, 164]. The electron-nuclear double resonance (ENDOR)
experiments [165], which require additional calibration on quantum calculations, result in
the following net charges on the residues coordinating copper [166]: −0.25 (His), −0.51
(Cys), and −0.04 (Met). The more recent mapping of the electron spin density to NMR
relaxation [127] gives a much lower extent of delocalization: −0.11 (Cys), −0.025 (His), 0
(Met).
The uncertainties in the extent of electron delocalization pose the question of their
impact on the calculation of the redox thermodynamics. In order to study this question,
we have performed calculations of the solvation part of the redox potential and the corresponding entropy using different charge sets. Set I is chemically fake assuming charge +2
on copper in Ox state and the net charge of −1 on cysteine. The negative charge is placed
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on cysteines sulfur in addition to −0.23 from CHARMm22 protein parametrization. The
rest of the protein charges are from the standard CHARMm parametrization. The reduced
state for Set I is obtained by changing the metal charge to +1. The charges for copper
and its four ligands are summarized in Chapter 6. Set II is based on the charging scheme
listed by Ullmann et al [163]. for the oxidized state of PC. The reduced form is obtained by
placing an extra negative charge on copper and its three ligands, Nδ (His87), Nδ (His37),
Sγ (Cys84), and Sγ (Met92) in proportion extracted from NMR experiments [127]. Finally,
a third charge distribution is completely parametrized at the DFT level for the charges
and force constants of the copper and ligand atoms and consistent with the Amber force
field [167]. In addition, Amber FF03 parametrization [168] was applied to all non-ligand
residues (Set II). There were various numbers of TIP3P water molecules for each of the
charge distributions: 5,874 (Set I), 5,886 (Set II), and 4,628 (Set III).
We ran separate simulations (ca. 5 ns) for each charging scheme to find that the
results are not strongly affected by the choice of atomic charges. This was also noticed in
some other recent simulations [38, 41]. We have therefore implemented charge scheme II in
all simulations reported here since it presents a reasonable balance between being simple
and realistic.
3.3.3. Solvent
The polarization structure factors entering the equations for the solvation chemical
potential are characteristics of the homogeneous solvent. They can be obtained numerically
by averaging the projections of dipole moments êj on an arbitrary chosen direction of the
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TABLE IV. Temperature dependent hV0s iOx (eV) for PC(Ox). The results are obtained
from MD simulations, DelPhi calculations (with vdW and SS cavities), and from NRFT
calculations. The calculations were done with three charge distributions of the active site
(I-III, see text for description).
T/K
280
285
290
295
300
305
310

I
−68.29
−70.73
−67.06

MD
II
−69.46
−69.69
−66.01
−66.97
−66.09
−68.58
−67.51

III
−68.37

−65.84
−66.68

DelPhi(vdW)
I
II
III
−104.86 −102.07 −99.76
−104.81 −102.03 −99.71
−104.76 −101.98 −99.67
−104.71 −101.93 −99.62
−104.65 −101.88 −99.57
−104.59 −101.82 −99.52
−104.53 −101.77 −99.46

NRFT1
II
−104.6(−37.2)
−103.3(−36.5)
−102.1(−35.8)
−100.7(−35.1)
−99.3(−34.5)
−98.3(−33.9)
−97.1(−33.3)

k-vector, k̂ = k/k:
3
S (k) =
N
L

+
*
X
ik·rij
,
(êj · k̂)(k̂ · êi )e
i,j

+
*
i
Xh
3
(êj · êi ) − (êj · k̂)(k̂ · êi ) eik·rij ,
S T (k) =
2N

(3.28)

i,j

where rij = ri − rj and N is the number of liquid dipoles.
Unfortunately, experiment does not provide spatially resolved correlators of dipoles
in polar liquids and one has to resort to using either computer simulations or liquid-state
theories. Parametrizing homogeneous structure factors by computer simulations is a very
attractive avenue for studying hydration because of continuously improving empirical potentials for water [169] on one hand and the reliance of biological applications on aqueous
solvation on the other. For the problems related to derivatives of thermodynamic potentials,
e. g. entropy and volume of solvation, the structure factors need to be tabulated at different
temperatures and/or pressures. In this paper, polarization structure factors S L,T (k) were
obtained from ≃ 25 ns MD trajectories of TIP3P water [81] at different temperatures (Fig.
20). Neumann’s algorithm [170] of finite-size corrections for the cutoff of long-range electrostatic interactions was employed in the analysis of the simulation results. The results
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FIG. 20. Longitudinal (L) and transverse (T) polarization structure factors of TIP3P water
[Eq. (3.28)] calculated at different temperatures from ≃ 25 ns MD trajectories. Also shown
is the PPSF calculation at T = 300 K.
for the dielectric constant of TIP3P water obtained from this analysis are consistent with
other literature sources (see also Ref. [77]).
In parallel to simulations, this work has used dipolar structure factors from
Matyushovs PPSF parametrization scheme [76]. This approach is based on the analytical solution of the mean-spherical approximation for the fluid of dipolar hard spheres [171]
which is parametrized to give k = 0 values from Eqs. (3.7) and (3.22) [76, 77]. The PPSF
parametrization gives solvation free energies essentially identical to those obtained with the
structure factors from simulations, as was also found for a smaller polypeptide solute [77]. It
appears therefore that the local tetrahedral order of water, which is of course not captured
by dipolar hard spheres, is not significant for the energetics of polar solvation dominated
by orientational correlations ruled by dipole-dipole forces. The density fluctuations are, on
the other hand, dominated by repulsions. We used, therefore, the density structure factor
from the Percus-Yevick solution [151] for a hard-sphere fluid of the same density as water
in calculations of the density response in Eq. (3.21).
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We need to emphasize here that using dielectric constants of model dipolar fluids in
the structure factors would give us wrong results. The dielectric constant of a molecular
liquid is affected by short range molecular correlations through the Kirkwood factor, hydrogen bonds and molecular quadrupoles are among significant factors [144]. These effects
are accounted for in the PPSF scheme by using the experimental, either from computer
or laboratory data, dielectric constants in Eqs. (3.7) and (3.22). Once the k = 0 limit is
set up by the experimental input, the behavior of S L,T (k) in the range of k < 2π/σ (σ
is the solvent diameter) is well reproduced by solutions obtained for model dipolar fluids.
These solutions will fail at k ≥ 2π/a, where a is the characteristic distance between partial
charges within the solvent molecule. This part of the spectrum of polarization fluctuations
is correctly captured by models based on interaction-site integral equations [135], but that
range of wave-vectors normally does not contribute to the solvation energy. In fact, the
range of k-values relevant for the solvation problem is limited by k < 2π/R, where R is the
characteristic dimension of the solute. For large solutes, only the long-wavelength part of
the polarization structure factors is really needed for the solvation energy calculations. As
is shown in Fig. 20, there is a mismatch between the PPSF longitudinal structure factor
and MD simulations. However, this difference makes no effect on the calculated solvation
energies.
We can summarize our results on parametrizing the solvent properties by stating that
the model fluid of dipolar hard spheres can serve as a reliable reference system for calculating
polar solvation given the macroscopic properties, the density of dipoles y and the dielectric
constant ǫs , have been taken from experiment (either laboratory or computer). The theory
thus adds an additional parameter y to the dielectric constant used in electrostatic solvation
theories to produce a fully microscopic solvent response. In practical applications of the
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theory (e.g. in case of solvation in ambient water presented below), the parameter y needs to
be calculated from the molecular properties of the solvent. We use the 1-R Wertheim theory
[172] to calculate the effective dipole moment of the solvent (see Ref. [173] for comparison
to simulations). The solvent input is thus made by five parameters: {σ, ρ, m, α, ǫs }. One
needs in addition the high-frequency dielectric constant ǫ∞ for the reorganization energy
calculations and the temperature slopes of two dielectric constants, as well as the isobaric
expansivity of the solvent, for the solvation entropy calculations. The big advantage of the
PPSF scheme is that all these parameters have been tabulated for many solvents commonly
used in solution chemistry making our method broadly applicable to solvation calculations
in polar molecular solvents.
Despite the fact that the dielectric constant is sensitive to local correlations, the
polarization structure factors in the long-wavelength limit are fully determined by dipolar correlations general for all polar liquids and not much sensitive to details of the local
structure which is of course very different in water than in a hard-sphere dipolar fluid.
There are several advantages to using dipolar hard spheres as the reference system. First,
all thermodynamic and structural properties are controlled by only two parameters, the
reduced density ρσ 3 and the dipolar density y. Second, this system has been well characterized both analytically and numerically. It has served many times as a starting point for
developing theories of polar liquids [151], similarly to the role played by the fluid of hard
spheres in theories of non-polar liquids [148]. Once that stated, we however want to stress
that the theory itself is based on the structure factors of an arbitrary polar medium with
the Gaussian fluctuation spectrum and is not limited to a choice of any particular reference
system.
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3.4. Results
The calculations presented here are focused on two properties: the solvent portion
of the redox chemical potential, ∆µs , and the solvent reorganization energy λs , both corresponding to the half reaction
PC(Ox)8− + e− → PC(Red)9− .

(3.29)

The former can in principle be calculated as the difference of solvation chemical potentials
in the Red and Ox states. However, this approach involves calculating the difference in two
large numbers, which is computationally unreliable. Instead, we use the linear response
approximation to calculate ∆µs according to the equation:
Ox
∆µs = µRed
0s − µ0s = −∆Ẽ0 ∗ χ ∗ Ē0 .

(3.30)

Red
Red − ẼOx are the mean and the difference of
Here, Ē0 = (ẼOx
0 + Ẽ0 )/2 and ∆Ẽ0 = Ẽ0
0

the electric fields in the Red and Ox states. Similarly, the solvent reorganization energy is
calculated from
1
λs = ∆Ẽ0 ∗ χ ∗ ∆Ẽ0 .
2

(3.31)

Equation (3.31) applies to the reorganization energy of non-polarizable solvents employed
in computer simulations. For laboratory data, nuclear polarization should be separated
from the overall solvent polarization and the response function χ is replaced by the nuclear
response function χn as explained above and in more detail in Ref. [77].
3.4.1. Redox Thermodynamics
The solvation thermodynamics calculated here can be related to experimental redox
entropies reported by measuring the temperature dependence of the standard or midpoint
electrode potentials [131, 122, 123]. An electrochemical experiment corresponds to bringing a solution containing given numbers of oxidized and reduced reagents, which are not
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necessarily in equilibrium (the ratio of their numbers is not a Boltzmann factor), in contact
with a metal electrode. The equilibrium is established between the electronic subsystem
of the redox pair and the electrode in such a way that the electrode is charged and its
electrochemical potential µ is shifted from the vacuum Fermi energy ǫF by the electrostatic
potential φ: µ = ǫF − eφ.
The numbers of the oxidized and reduced forms of the redox pair, NOx and NRed ,
are assumed to be large enough so that they are not affected by charging the electrode. The
electrochemical potential of the electrode than becomes equal to the absolute electrochemical potential of the redox couple in the solution [174]. The latter can be found from simple
statistical arguments. The grand-canonical free energy of two fermionic subsystems of NOx
and NRed electronic levels is [175]


βΩ = −NOx ln 1 + eβ(µ−ǫOx )

(3.32)



− NRed ln 1 + eβ(µ−ǫRed ) ,

where ǫOx and ǫRed are the average energies of the electronic levels in the corresponding redox states. The chemical potential is then found by requiring that the derivative −(∂Ω/∂µ)T
is equal to the total number of electrons NRed . For the energy gap between Ox and Red
states greater than kB T , this requirement results in the Nernst equation [176]
µ=

ǫOx + ǫRed
− kB T ln (NOx /NRed ) ,
2

(3.33)

in which the standard potential is given by the mean of the average electronic energies
φ0 = −

ǫOx + ǫRed
.
2e

(3.34)

The same result follows from the use of the stationary condition (zero electrode
current) for the rates of reduction and oxidation [177]
kOx cOx = kRed cRed ,

(3.35)
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TABLE V. Redox thermodynamics of PC (eV).
T/K
280
285
290
295
300
305
310

MD
−3.05
−2.73
−2.71
−3.14
−2.82
−2.94
−2.53

∆µs (TIP3P)
NRFT vdW1
−6.21 −9.63
−6.15 −9.62
−6.10 −9.62
−6.04 −9.61
−6.01 −9.60
−5.94 −9.59
−5.89 −9.59

SAS2
−7.15
−7.14
−7.14
−7.14
−7.14
−7.13
−7.13

MD
0.845
0.814
0.646
0.565
0.435
0.426
0.543

λs (TIP3P)
NRFT
vdW3
1.37(0.59) 3.645
1.35(0.58) 3.641
1.33(0.57) 3.636
1.32(0.56) 3.630
1.30(0.55) 3.623
1.29(0.54) 3.620
1.27(0.53) 3.618

SAS
0.690
0.685
0.685
0.685
0.684
0.684
0.684

where cOx/Red are the surface concentrations. By using the Marcus equation for the reaction
rate [178]
kOx/Red

"

(ǫOx/Red − µ)2
∝ exp −β
4λs

#

(3.36)

and neglecting the logarithmic correction including the ratio of two surface concentrations,
one gets equal rates at µ ≃ (ǫOx + ǫRed )/2. The double-well Marcus free energy surface for
the electrode electron transfer is then symmetrical as illustrated in Fig. 21. This picture
bears a clear similarity with the formation of the Fermi level in the forbidden band of a
semiconductor, as was noticed by Reiss [179].
The electronic energies are given by the sums of their vacuum components, ǫ0Ox/Red ,
and the interaction of the electric field of the electron Ee with the polarization of the solvent
in equilibrium with the total electric field of the molecule in the solution [180]
Ox/Red

ǫOx/Red = ǫ0Ox/Red − Ee ∗ χ ∗ E0

.

(3.37)

Taking into account that
Ee = ERed
− EOx
0
0 = ∆E0 ,

(3.38)

one gets from Eqs. (3.34), (3.37), and (3.38) the commonly used connection between the
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FIG. 21. Contact of a redox pair with the metal electrode. ǫOx − µ and ǫRed − µ show
the fluctuating energy gaps for reduction and oxidation electron transfer, respectively. The
equilibrium electrochemical potential of the electrode is established when the equilibrium
energy gaps are equal for the reduction and oxidation reactions [Eq. (3.33)]. The Marcus
electron transfer parabolas, shown by the dependence of free energy G(X) on the energy
gap coordinate X = ǫOx − µ, are symmetric in this case producing equal oxidation and
reduction currents [Eq. (3.35)].

standard electrode potential and the solvation part of the redox free energy
φ0 = −

ǫ0Red + ǫ0Ox ∆µs
−
,
2e
e

(3.39)

where ∆µs is given by Eq. (3.30). The first term in this equation disappears in the temperature derivative reported experimentally [122, 123, 124]
e



∂φ0
∂T



= ∆ss =
P

sRed
s

−

sOx
s

=−



∂∆µs
∂T



.

(3.40)

P

We need to stress here that redox entropies in polar solutions are sensitive to the presence
of electrolyte [121, 181]. One therefore can expect only a qualitative agreement between
experiments done in buffered protein solutions [123, 124] and our calculations at zero ionic
strength.
From Eqs. (3.34), (3.37), and (3.38) one can directly derive the equation for the
solvation redox free energy
∆µs = (h∆V0s iOx + h∆V0s iRed ) /2,

(3.41)

75
-60

〈V0s〉Ox/eV

MD
-80

NRFT
-100

DelPhi
280

290

300

310

T/K

FIG. 22. Average solute-solvent interaction energy hV0s iOx obtained from MD simulations
(closed circles), NRFT (diamonds), and DelPhi continuum calculations (vdW cavity, triangles). The closed diamonds refer to the total average energy including the polarization
and density components, while the open diamonds denote the polarization component only.
The dashed lines represent linear regressions through the points.
where ∆V0s is the difference in the solute-solvent interaction energies in the Red and Ox
states and the averages are taken over the corresponding ensembles. The same average
vertical gaps can be used to calculate the reorganization energy as
λs = (h∆V0s iOx − h∆V0s iRed ) /2.

(3.42)

We need to caution here that, while Eq. (3.34) is a statistical-mechanical result, Eqs. (3.37)–
(3.42) are based on the LRA for the solute-solvent interaction energy and might be affected
by deviations from this approximation.
3.4.2. Solute-solvent average energy
In addition to our NRFT formalism, we have used the dielectric continuum approximation implemented in the DelPhi program suite [78] in the solvation calculations.
Dielectric constant of ambient water was used for the solvent continuum and ǫs = 1 for the
protein. This latter choice was driven by our desire to compare continuum and microscopic
calculations of solvation thermodynamics since the latter does not assume any polarization
of the protein. Three different charging schemes have been used and compared to MD
simulations (Chapter 6). In the following we will discuss the results relevant to charging
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FIG. 23. Radial distribution functions between surface residues of PC and oxygens of water.
The upper panel shows ionized residues and the lower panel refers to non-polar residues.
The legends in the figure list: aspartic acid (ASP), the probe atom is the oxygen at the 1st
δ position; lysine (LYS) , the probe atom is nitrogen at the ζ position; proline (PRO), the
probe atom is the β carbon; tyrosine (TYR), with the first ǫ carbon as the probe atom.

scheme II only, which are also visualized in Fig. 22. Table IV lists the results of NRFT and
DelPhi calculations of the average energy hV0s iOx of PC in the Ox state, where V0s refers to
the interaction of the protein with the water molecules in the simulation box. Sodium ions
used to neutralize the simulation box shift the interaction potential down by about −25
eV as is shown by open circles in Fig. 22. It is not clear how realistic this number might
be since Debye-Hückel screening is not accounted for by the simulations. In addition, we
found that the variance of the Coulomb interactions with the counterions is negligible thus
resulting in a very small contribution to the reorganization energy, which is known to be
the case from analytical models which do include the Debye-Hückel screening [182].
The NRFT calculations listed in Table IV and shown in Fig. 22 have been done by
using Eqs. (3.3) and (3.9) in which the electric field of PC in Ox state was used for Ẽ0 (k).
The close diamonds in Fig. 22 refer to the total solvent response, while open diamonds
represent the polarization response only [χp in Eq. (3.9)]. Two interesting observations
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result from examining Fig. 22: (i) a close proximity of the NRFT result to the standard
(vdW) continuum calculation and (ii) a good agreement between the polarization portion of
the NRFT calculations and MD results. The continuum electrostatics does not reproduce
the slope of the average energy as we also discuss below in relation to the redox entropy.
In order to understand the origin of the close agreement between MD and the polarization component of the solvent response, one needs to recall what comes to the calculation
of the polarization and density components of the solvation free energy. The polarization
response is calculated by assuming that the only influence of the solute on the polarization
field is to exclude it from the solute volume represented by the step function θ0 (r) equal
to one inside the solute and zero otherwise [Eq. (3.12)]. The density component corrects
this result by taking into account the inhomogeneous density profile formed at the surface
of a hard-wall solute. In dense liquids, such a profile is characterized by a sharp peak of
the radial distribution function in the first solvation shell of the solute. Correspondingly,
reflecting the belief that the short-range structure of liquids is primarily determined by
repulsions [148], the density structure factor S(k) in Eq. (3.21) was taken in our calculations from the Percus-Yevick solution for hard spheres [151]. The close proximity of the
full NRFT calculation to the standard DelPhi/vdW algorithm (Fig. 22) illustrates the fact
that the common parametrization of the atomic radii is based on the experience learned for
hydration of small ions with tightly bound first solvation shell. In the present algorithm,
this physics is accommodated by the density component of the solvation free energy.
The structure of water at the protein surface is quite different from what is normally
obtained by inserting a small solute in a molecular solvent. The structure is inhomogeneous, including islands of highly structured water around polar and ionized residues and
a much softer density profile at the hydrophobic patches. This reality is illustrated in Fig.
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23 which shows pair distribution functions between ionized and non-polar residues and water’s oxygens. While the distribution functions of ionized residues are reminiscent of the
structures typically observed around small solutes in dense solvents, the water structure
around non-polar residues is quite different: there is no first-shell peak and water interface
is shifted by ≃ 1 Å, in accord with simulations of nano-scale hydrophobic solutes [183].
The stronger attraction of the surface water molecules to the bulk than to a nonpolar hydrophobic patch of the protein (cavity expulsion potential [184, 185]) results in
a weak dewetting of the surface [119] with the density at the interface lower than in the
bulk (Fig. 23). Since there are only a few charged residues on the protein surface (see the
Discussion section), the average surface structure is closer to a step-wise cut-off introduced
in the polarization component of the response function than to a structured liquid at the
surface of a small polar/ionic solute [186]. This observation explains a good agreement
between MD and polarization calculations of the solvation thermodynamics in this paper
as well as an equally impressive agreement with the simulations obtained in our previous
calculations of charge transfer across a polypeptide bridge [77].
3.4.3. Solvent Gibbs and reorganization free energies
The results of calculations of the redox solvation energy and solvent reorganization
energy [Eqs. (3.41) and (3.42)] using different levels of the theory are listed in Table V.
Redox and reorganization entropies are given in Table VI. In addition, the temperature
dependence of ∆µs and λs are visualized in Figs. 24 and 25. The differences in the theoretical
results arise from the different level of structural solvent information incorporated in each
formalism. For completeness, we have also listed in Table V the NRFT calculations with
the solvent parameters of ambient water.
The continuum electrostatics gain access to the solvation entropy through the tem-
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FIG. 24. Solvation Gibbs energy from MD simulations (closed circles), NRFT calculations
(closed diamonds), continuum DelPhi calculation with the standard cavity definition (uptriangles), and the cavity surface augmented by the solvent radius σ/2 (down triangles).
The dashed lines are linear regressions through the points.
perature variation of the solvent dielectric constant. Therefore, since the dielectric constant
commonly decreases with heating, the solvent becomes effectively less polar and the solvation free energy of a charge distribution increases, i.e. becomes less negative. If one
considers redox species positively charged in both redox states, the oxidized state carries a
larger charge and hence the difference of Red and Ox solvation energies has a positive value
decreasing with increasing temperature. The redox entropy in Eq. (3.40) is then positive
as is typically observed for simple inorganic ions [131, 187]. By the same arguments, the
species carrying negative charge in both redox states should have a negative redox entropy,
which is the case for the negatively charged PC in our calculations.
TABLE VI. Redox solvation free energy ∆µs and redox entropy ∆ss in for the Red/Ox states
of PC. Also listed are the reorganization energy and reorganization entropy, sλ = −∂λ/∂T .
All energies are in eV and entropies are in meV/K, T = 300 K.
Method
DelPhi with vdW cavity
DelPhi with solvent-accessible cavity
Non-local polarization response functions1
Molecular Dynamics2
Experiment

∆µs
−9.92
−7.12
−6.01(−1.33)
−2.81

∆ss
−1.25
−0.45
−10.5(4.8)
−7.40
−0.43
−1.44

λs
3.62
0.64
1.30(0.55)
0.54

sλ
0.97
0.005
3.2(2.0)
10.7

Despite the right sign of the redox entropy, the magnitudes of both the Gibbs solva-
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FIG. 25. Reorganization energy of PC vs temperature calculated from MD simulations
(closed circles), from NRFT (diamonds), and from dielectric continuum using solventaccessible cavity definition (triangles). The dashed lines are linear regressions through
the points. The filled diamonds refer to the full NRFT calculation and the open diamonds
denote the polarization response only.
tion energy and the entropy are markedly different in continuum and microscopic/simulation
approaches: |∆µs | is higher in the standard implementation of DelPhi (vdW cavity) than
the NRFT value by a factor of 1.5 while the redox entropy is lower by a factor of ten.
The use of the solvent-accessible cavity brings the value of ∆µs in a closer proximity to the
NRFT, but the redox entropy is lowered even more (Table VI). The magnitude of ∆µs from
NRFT is significantly higher than from MD even if the density component is subtracted
from the total response. This initially comes a bit of surprise given a good agreement between the polarization-NRFT and MD values of hV0s iOx reported in Table IV and Fig. 22.
We do not currently have a good explanation of this disagreement (see Discussion below).
Concerning the reorganization energy calculations, the standard DelPhi/vdW algorithm gives λs three times larger than NRFT and almost an order of magnitude larger than
the MD simulations (Table VI). The origin of large λs in the standard (vdW) implementation of the continuum model is in placing highly polar dielectric into the small pocket near
copper which water molecules do not visit in MD simulations. Figure 26 shows the pair distribution function between the Cu ion and oxygen of water testifying to the fact that water
never comes to Cu closer than 6 Å and the maximum of the first solvation shell appears
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FIG. 26. Pair distribution function between oxygen of water and Cu of PC in the reduced
(Red) and oxidized (Ox) sates.

at 6.7 Å. The addition of the solvent radius to the cavity corrects this error reducing the
reorganization energy to the level of 0.64 eV consistent with the polarization component of
the NRFT (0.75 eV, Table VI).
The combination of the absolute values of the reorganization energy with the reorganization entropies clearly indicates that re-scaling of the dielectric cavity, often employed in
various continuum formulations, does not solve the solvation problem. Entropies calculated
by including the effect of density fluctuations on the solvent response are generally in better
agreement with MD simulations than the results obtained from polarization response only.
All solvation free energies obtained from such calculations, however, significantly exceed the
simulation results. The problem lies in the assumed dense structure of the liquid around the
solute, which is obviously not realized for hydrated protein. Capturing density fluctuations
is essential for the correct calculations of the entropies, but the effective density should be
adjusted to that of the structurally loose hydration layer at the protein surface.
3.5. Discussion
This paper has addressed the thermodynamics of electrostatic interactions of the
protein with water. The free energy of electrostatic protein/water coupling is a part of
the overall free energy of protein solvation. This component is experimentally probed by
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changing the charge of the redox site in redox reactions. What has been left out from our
analysis is the electrostatic interaction of the active site with the protein charges. This
component is probably less significant for the redox entropy (see below), but needs to be
included into a complete analysis of the redox thermodynamics. The extension of the present
algorithm to this case is currently delayed by the absence of reliable models of microscopic
polarization correlation functions of the protein. Once these are available, the formalism
can be extended to include protein electrostatics. Our hope for this development is based
on the observation, from our current simulations, that the cross-correlation of interaction
potentials of the redox site with water and protein is small (ca. 10%) [188] in the overall
cumulant h(δV0s )2 i allowing one to treat, in the first approximation, the protein and water
cumulants separately.
The formalism developed here is based on the LRA suggesting that knowing the
variance of electrostatic fluctuations around a neutral repulsive solute is sufficient to calculate the solvation chemical potential [Eq. (3.2)]. One can arrive at Eq. (3.2) from the
following simple considerations. The chemical potential of solvation can be written as the
integral over the magnitude of the solute-solvent electrostatic interaction ǫ = V0s as follows
−βµ0s

e

=

Z

dǫP (ǫ, β)e−βǫ .

(3.43)

Here the probability density P (ǫ, β) of reaching the value ǫ is obtained by taking the statistical average over the reference Hamiltonian H0 which includes all the interaction potentials
in the system except the solute-solvent electrostatic potential V0s :
P (ǫ, β) =
where Q0 =

R

Q−1
0

Z

δ (ǫ − V0s ) e−βH0 dΓ,

(3.44)

exp[−βH0 ]dΓ and Γ denotes the phase space volume [175]. Since the solute-

solvent component of H0 includes mostly isotropic short-range interactions, one can put
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hV0s i0 = 0. In addition, the Gaussian approximation can be applied to P (ǫ, β)


ǫ2
P (ǫ, β) ∝ exp − 2
2σǫ

(3.45)

σǫ2 = h(δV0s )2 i0 .

(3.46)

with

Combining Eqs. (3.43) and (3.45), one immediately arrives at Eq. (3.2).
One of the important lessons of Eqs. (3.43) and (3.44) is that all the thermodynamic information required for the solvation problem is contained in the distribution of
electrostatic potential fluctuations around a “non-polar” solute in which all the electrostatic interactions with the solvent have been switched off. For large solutes, the spectrum
of electrostatic fluctuations around the repulsive solute core will ultimately determine the
thermodynamics of solvation. The Gaussianity of electrostatic fluctuations created by polar
solvents inside non-polar solutes [Eq. (3.45)] still needs testing, in particular at large scale,
since it was questioned for small solutes dissolved in water [59]. However, it is important
to stress that Eqs. (3.43) and (3.44) are exact and not limited to linear solvation.
The reasoning outlined above works well for small and medium-size solutes. However, the application of the same procedure to protein solvation studied in this paper has
encountered some difficulties suggesting that methods developed over several decades and
successfully applied to solvation of small solutes in dense polar solvents are probably not
directly transferable without significant modifications to mesoscopic hydration of proteins.
The application of our algorithm to the calculation of the average solute-solvent interaction
energy turned out to be quite successful when the density profile of water around the protein is approximated by a step function (Fig. 22). The calculations agree with MD within
simulation uncertainties (≤ 5%). As mentioned above, this comes as a result of averaging
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between tight and loose water structures at the protein surface. The application of the same
procedure to solvation of the difference charges of the active site (reorganization energy, Fig.
25) was less successful, but the agreement is probably still acceptable, in particular at lowest
temperatures.
Where the calculations and simulations come in significant disagreement is for the
free energy of solvation obtained in simulations as the mean of two vertical transition
energies [Eq. (3.41)]. Some recent simulations of cavities in force-field water models [189,
190] and of uncharged protein [191] have suggested a possible origin of this effect. It was
found that water structured at the protein surface creates a positive potential within an
uncharged cavity/protein. In terms of Eq. (3.45) this implies a constant shift of the solutesolvent energy ǫ → ǫ − ǫ0 . Since we have assumed random orientations of water around an
uncharged solute, as is indeed the case for small solutes [117], our calculations do not include
the effect of a positive background potential and include only changes of the potential in
response to protein’s charges. In the case of a constant background potential Φ Eq. (3.41)
modifies to
∆µs = (h∆V0s iOx + h∆V0s iRed ) /2 − ∆qΦ,

(3.47)

where ∆q = qRed − qOx = −1. Ashbaugh [189] reported an average positive potential of
about eΦ ≃ 9 kcal/mol for cavities in SPC water comparable in size with PC. In terms of
our calculations, it amounts a positive shift of the simulation data by about 0.4 eV which
will increase the current gap of about 3.2 eV (300 K) between the MD and NRFT.
The origin of the difference in solvation free energies between calculations and MD
simulations might be related to the weakly dewetted water density profile near the active
site. This would imply that some of the properties of water structure around large cavities
expelled by the protein from its volume are quite different from the common experience

85
gained with small solutes. This qualitative difference between small-size and large-size
solvation has recently gained appreciation for hydrophobic solvation [186] as we discuss
next.
The Gaussian model of hydrophobic solvation goes back to the Pratt-Chandler theory of hydrophobicity [192] recently extended by Pratt and co-workers [193, 194]. The
formulation of the theory of hydrophobic solvation follows a path similar to the one outlined in Eqs. (3.43)–(3.46) asking what is the free energy µΩ needed to solvate a solute of
volume Ω0 . It is given by the Gaussian probability [193, 186]
βµΩ ≃

ρ2 Ω20
2χΩ

(3.48)

with the fluctuation of the number of solvent particles in volume Ω0
2

2

χΩ = h(δN ) iΩ = ρΩ0 + ρ

Z

Ω0

drdr′ hss (|r − r′ |).

(3.49)

In Eq. (3.49), hss (r) is the pair correlation function of the homogeneous solvent.
The Gaussian probability of electron transfer carries a close similarity with Eq. (3.48)
giving the activation free energy as
βµact =

X02
,
2σǫ2

(3.50)

where X0 is the average vertical donor-acceptor energy gap and σǫ2 is the variance of the
solute-solvent interaction potential when V0s = ∆V0s is used in Eqs. (3.44) and (3.45). Not
surprisingly, the structure of the equation for σǫ2 resembles Eq. (3.49):
σǫ2 = ρ

Z

+ρ

2

+ρ

2

Z

Z

2
V0s
(1)dΓ1

V0s (1)V0s (2)hss (1, 2)dΓ1 dΓ2
2
V0s
(1)hss (1, 2)θ0 (2)dΓ1 dΓ2 .

(3.51)
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FIG. 27. The distribution of binding energies of water molecules in the first solvation shell
of PC(Ox) defined by adding the water diameter 2.87 Å to all protein atoms exposed to
solution. The binding energy is defined as the total interaction energy of a given water
molecule with all atoms of the protein. The inset shows the distribution of distances of
charged residues at the protein surface.
The last summand in this equation represents the density component of the response since
it transforms into the k-space integral with the density structure factor of the liquid [Eq.
(3.21)].
Equation (3.51) carries a close resemblance with the Pratt-Chandler theory of hydrophobicity [192]. The sum of the first and the third terms is the average of the squared
2 (1) over the solute-solvent density profile [195]
solute-solvent potential V0s

2

ρ(r) = ρ(1 + c0s (r)) + ρ

Z

c0s (r′ )hss (|r − r′ |)dr′

(3.52)

in which the solute-solvent direct correlation function c0s (r) is replaced by its lowest density
expansion [151], c0s (r) ≃ −θ0 (r) (θ0 (r) is one inside the solute and zero otherwise). The
observation that the density profile around solutes of size ≥ 1 nm can be approximated by
a step function (Fig. 26, also see Fig. 3 in Ref. [186]) amounts to neglecting the second
term in Eq. (3.52) and, correspondingly, the density components χd in the solvent response
function [Eq. (3.10)].
The fact that the spectrum of electrostatic potential fluctuations around a non-polar
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solute gives complete information about polar solvation brings this latter problem in close
relation to the problem of hydrophobic solvation. It was realized in recent years that hydrophobic solvation of small and large solutes are qualitatively different [195, 186, 119].
Solvation character changes at the critical size of ≃ 1 nm from entropy-dominated solvation of small solutes (Gaussian statistics [193]) to enthalpy-dominated solvation of large
solutes driven by the creation of the solute-solvent interface (non-Gaussian statistics [196]).
The solvent interface around large solutes involves partial dewetting, strongly sensitive to
the strength of solute-solvent attractions [118] and the appearance of large-size interfacial
density fluctuations [186]. In case of protein solvation, surface water creates a nonzero
potential around uncharged proteins discussed above, while density fluctuations lead to
complex protein-solvent dynamics [46] and are probably connected to “slaving” of the protein dynamics by the solvent [49].
The inhomogeneous nature of the protein/water interface is illustrated in Fig. 27.
The inset in the figure shows the distribution of distances between charged residues at the
protein surface with the average of about 17 Å. This distance is sufficient for a buildup
of partially dewetted water structures at the hydrophobic surface between the charges,
with the critical distance estimated to be about 1 nm [186]. Figure 27 also shows the
distribution of binding energies of water molecules residing in the first solvation shell of the
protein. The distribution is very wide (≃ 1.6 eV) and clearly bimodal with the lower-energy
shoulder developing at the average energy of binding to charged residues. The main portion
of hM i ≃ 505 water molecules residing in the first solvation shell represents weakly-bound
molecules at hydrophobic patches. The distribution tail stretching into the positive side
of the energy scale also indicates that some of these surface waters find their configuration
energetically unfavorable. The average binding energy at the interface is low, −0.11 eV.
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FIG. 28. Normalized time self-correlation functions for Cu-water minimum distance,
CCu-O (t) (dotted line), and for the number of particles M (t) in the first solvation shell,
CM (t) (solid line). The dashed lines refer to the fits of correlation functions obtained from
MD simulations to Eq. (3.53). The parameters of the fits are listed in the plot.
When multiplied with the average number of first shell molecules, it gives the solvation
energy of −55.6 eV, which accounts for 81% of the total solvation energy of PC(Ox) listed
in Table IV.
Dynamical information extracted from MD trajectories also supports the picture of
heterogeneous, roughly bimodal, statistics of water motions at the protein/water interface.
Figure 28 shows the normalized time self-correlation functions of minimum distance between
PC’s copper and the water oxygen, CCu-O (t). It is compared to the self-correlation function
of the number of molecules M (t) in the first solvation shell, CM (t). Both correlation functions, when normalized, are fitted well by the combination of a fast initial Gaussian decay
followed by the slow stretched-exponential tail:
2

βE

C(t) = AG e−(t/τG ) + (1 − AG )e−(t/τE )

,

(3.53)

where τG and τE are corresponding relaxation times and βE is the stretching exponent. As
is seen from the fitting parameters listed in Fig. 28, based on the exponential relaxation
time, the first shell waters generally relax about twice as fast as those closest to the Cu ion.
The inhomogeneous structure of the protein/water interface certainly affects the
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thermodynamics of polar solvation. It is currently not clear how the cross-over from the
Gaussian regime of small solutes to the interface-dominated regime of large solutes will
translate to the problem of electrostatic solvation. The calculations and simulations performed in this study gave some insights into the kind of problems which the theory needs
to address. It is clear that the inhomogeneous nature of the protein surface requires algorithms for the local density profile [152] or the solvent-accessible surface [197] to be a
part of a qualitative solvation theory. The current formulation can be improved by using
a local density approximation as, for instance, applied by Ramirez and Borgis [140]. In
this approach, the bulk dipolar density y [Eq. (3.6)] is replaced by the local dipolar density y(r) = (4π/9)βm′2 ρ(r) + (4π/3)αρ(r) with the local density profile calculated from,
for instance, Lum-Chandler-Weeks theory [195]. Our computational algorithm will then
require the Fourier transform of the field E0 (r)ρ(r)/ρ instead of E0 (r)(1 − θ0 (r)) in the
current implementation. In addition, density fluctuations of the interfacial region need to
be addressed since the mean position of the interface has no physical significance in the
presence of large-amplitude fluctuations [186]. What is also clear is that the density fluctuations of the interfacial region present a nuclear mode, largely diminished for solvation of
small solutes, which grows in significance for solvation of biopolymers. Future theoretical
development needs to address this physical reality.
Both NRFT and MD simulations predict a substantial temperature dependence of
the redox potential (ca. ≃ 5 − 7 mV/K). This magnitude of the temperature variation is
prohibitively high since a temperature change of ≃ 15 K would shift the redox potential by
about 100 mV potentially terminating many enzymetic redox reactions. The theoretically
predicted redox entropies refer to zero ionic strength and the solvent contribution to the
redox potential. The contribution from the protein to the overall redox potential is available
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from our simulations, but it depends weakly on temperature contributing only ≃ −0.9
mV/K to the redox entropy. The combined solvent/protein entropy is then significantly
higher than redox entropies experimentally observed in buffered solutions [122, 123] (Table
VI). This difference raises the question of the role of the ionic atmosphere in stabilizing
the redox potential of mettalloproteins. The existing experimental evidence for small redox
molecules [198, 199] and simulations of metalloproteins [121, 200] all indicate a substantial
effect of the ionic atmosphere on the redox entropy, which might compensate for the large
entropy due to water and protein. In order to get a crude estimate of this effect, we
have plotted in Fig. 22 the total interaction energy of the protein with water and ions
used to neutralize the system. The slope of the overall interaction energy as a function of
temperature decreases suggesting a shift of the entropy in the desired direction. We need
to warn, however, that the simulation setup does not include the Debey-Hückel screening of
the ionic interactions and the results are qualitative at best. Since our present simulations
and most of other simulation data available in the literature have little to say about the ionic
strength effects, laboratory measurements of redox entropy at different buffer concentrations
are required to shed more light on this problem.

CHAPTER 4
ENERGETICS AND KINETICS OF PRIMARY CHARGE SEPARATION
IN BACTERIAL PHOTOSYNTHESIS
4.1. Introduction
The problem of bacterial photosynthesis has received enormous attention from both
experimental and theoretical communities over the last 20 years [201, 202, 203, 32, 204, 205].
Here, we consider only the first step in the sequence of electronic transitions following the
absorption of a visible photon by the special pair of the reaction center, the primary charge
separation. The calculation of the rate of primary charge separation, which over several
decades of intense research has effectively become the hydrogen molecule of bioenergetics,
involves two components: the electronic communication between the primary donor and
acceptor responsible for electron tunneling [206, 207, 208] and the Franck-Condon factor
describing the probability of bringing the donor and acceptor levels into resonance with
each other [209, 50]. Our paper is concerned with that latter part of the problem which we
dub as the energetics of primary charge separation [210, 211, 33].
In addressing the issue of the energetics of charge separation, we first want to dissect
this complex problem into two, not necessarily simpler, questions: (1) What is the importance of the structural arrangement of the cofactors in the reaction center protein? and
(2) What are the roles played by the protein and hydrating water in activating electronic
transitions? Each of these questions has generated a significant amount of literature on its
own, and we will not be able to provide a comprehensive discussion of each topic, focusing
instead on our main goal, the factors affecting the free energy of activation.
Since optical spectroscopy of bacteriochlorophyll cofactors can be studied separately,
the most intriguing question related to our discussion is how the energetics of optical transitions and electron transfer are affected when the cofactors are assembled within the protein
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matrix. The notion often circulated in the literature [204] is that protein provides a lowpolarity environment lowering the free energy of solvation of embedded cofactors compared
to solvation in water. Even though this statement is generally correct, we will show below
that nuclear solvation approaching the thermodynamic limit of infinite observation (waiting)
time is still quite significant for the electron transfer dipole formed by difference occupation
numbers (atomic charges) of the electron in the donor and acceptor states. In particular,
solvation of the electron transfer dipole by water is not fully screened by the protein and still
makes about 1 eV. In addition, the protein matrix cannot be really considered non-polar
since there is a significant contribution to the reorganization energy from the nuclear modes
of the protein. It turns out that the notion of weak nuclear solvation of primary charge
separation, required to explain the observed rates, cannot fully rest on the thermodynamic
arguments, and the dynamics of the protein/water thermal bath need to be involved.
Solvation dynamics of optical chromophores in dense molecular solvents have been
actively studied in the past decades [212, 97, 213]. The basic picture, first discovered in numerical simulations [214] and later confirmed by laboratory measurements [97], is that the
decay of the solvation correlation function (Stokes shift correlation function, S(t)) involves
two major components. The fast Gaussian component is caused by ballistic motions of the
solvent in the first solvation shell of the solute (quasi-localized vibrations in the case of a
protein). The slow tail of S(t) is related to collective α relaxation mostly caused by relaxation of orientations of molecular permanent dipoles (dielectric relaxation) and quadrupoles
[213]. The notion of α relaxation, that is the slowest relaxation on the microscopic scale,
is not commonly invoked in the discussion of high-temperature solvation dynamics of small
molecular dyes [215], but becomes critical in building a conceptual basis for understanding
the solvation dynamics of cofactors assembled within the hydrated protein [49].
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FIG. 29. Relaxation times (a,c) and the Stokes shift dynamics (b,d) of the structural glassformers (a,b) and proteins (c,d). The vertical lines marked “exp.” denote the temperature
at which the Stokes shift correlation function is recorded. The dashed lines in (b,d) show
the fast Gaussian decay of S(t).

Phenomenology developed for structural glass-formers [216] helps to formulate the
problem we are dealing with here. The typical temperature dependence of the relaxation
time of a polar molecular liquid is shown in Figure 29a. A high-temperature liquid has two
relaxation times: reorientations of molecular permanent dipoles resulting in slow α relaxation and fast βf relaxation related to collective anharmonic cage rattling. Correspondingly,
the Stokes shift correlation function has two components: fast Gaussian decay coupled to
βf molecular motions and a slow tail coupled to α motions. This latter component is often
connected to dielectric relaxation of the homogeneous solvent [154]. When the liquid is supercooled, the α component, which often becomes non-Arrhenius, separates from the slow
β relaxation (βs ) characterized by the Arrhenius temperature dependence [216] (Fig. 29a).
If all the components of the Stokes shift correlation function could be resolved at that low
temperature, three major parts, corresponding to α, βs , and βf relaxation could have been
seen. It is this imaginary experiment, which is hard to realize in molecular liquids [217],
that bears a close connection to charge-transfer dynamics in proteins.
For proteins, as well as for most polymer glass-formers, α and β relaxation are well
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separated in the temperature range of protein stability [218, 49, 219]. In addition, the
secondary β relaxation is typically split into several components with increasingly faster
dynamics accompanied by smaller activation barriers (Figure 29c). The rugged surface of
the protein also complicates the dynamics, and α relaxation is known to disappear from
the response of water in nano-confinement [220]. The coupling of the transferred electron
to different modes of the protein/water solvent may vary, and it is a priori not clear which
mode will dominate the solvation dynamics. However, one can clearly expect Stokes shift
dynamics to show at least three components including a Gaussian decay due to βf modes,
some subset of βs modes, and an α relaxation (Figure 29d). The relative relaxation times
and weights of these modes in the overall Stokes shift correlation function are critical for
the energetics of charge transfer as we show below.
The geometric arrangement of cofactors in the membrane protein of the reaction
center has been considered in the literature mostly from the perspective of calculating
the probability of electron tunneling incorporated into the electron-transfer matrix element
[206]. Early studies considered the possibility of direct charge separation from the special pair (P) to bacteriopheophytin (HL ) of the L branch of monomeric chromophores via
a super-exchange mechanism involving nearby bacteriochlorophyll (BL ) [221, 209]. More
recent studies [222, 223, 224, 210, 225] have identified B−
L as an intermediate state in the
sequence of electron hops [226], a slower process from P∗ to BL followed by a faster transi−1 (refs [222]
tion from BL to HL . The energy level of B−
L was placed between 331–450 cm

and [224]) and 650–800 cm−1 (ref [227]) below the energy level of the excited special pair
P∗ , favoring in both cases sequential over superexchange transfer. In the present study, we
will restrict our attention to the first of two hops limiting our calculations to the rate of
transition from P∗ to BL (Figure 30).
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FIG. 30. Schematic arrangement of cofactors in the bacterial reaction center. P is the special
pair, B and H are monomeric bacteriochlorophylls and bacteriopheophytins, respectively.
Electron transfer in wild-type reaction centers occurs almost exclusively along the L-branch
of cofactors (subscript “L”), while the M-branch (subscript “M”) is mostly inactive.

The role of the structural arrangement of the special pair in the energetics of primary
charge separation has attracted relatively little attention (see, however, Warshel’s work
[228]). The spectroscopy of the P→P∗ excitation and of the special pair cation radical have
been intensely studied [229, 230], along with extensive modeling of the energy transfer within
the antenna complex and to the special pair [231]. The question we address here is somewhat
different. Given that the special pair has evolved within the reaction center, we wonder if
its particular structural arrangement makes any significant impact on the activation barrier
of primary charge separation. Since the sandwich of two bacteriochlorophylls making P
is highly conserved in bacterial and plant photosynthesis [204], it might have some other
role in the functionality of the reaction center aside from capturing the excitation from the
antenna complex.
The motivation for posing this question is provided by Stark experiments by Boxer
and co-workers who showed a dramatic increase of the polarizability of P upon photoexcitation [232]. In fact, the polarizability change of about 103 Å3 upon photoexcitation
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[232] places the special pair among the most polarizable molecules known (carotenoids,
also present in the reaction center, make another group of champions). This remarkable
observation is combined here with our previous studies of electron transfer in polarizable
donor-acceptor complexes [233, 234, 235], which showed that the change in polarizability
accompanying charge transfer results in asymmetric, non-parabolic free energy surfaces for
electron transfer. Determining whether this polarization asymmetry can significantly effect
the activation barrier is one of the goals of this study.
In summary, by combining extensive Molecular Dynamics (MD) simulations with
formal modeling, we want to establish the basic ingredients contributing to the activation
barrier of primary charge separation. The questions we address are the following: (1) What
is the set of primary nuclear modes (either protein or aqueous water/protein interface) that
promote transfer of an electron? (2) How to describe the activation events happening on
such a short reaction time? In particular, we show that non-ergodic chemical kinetics is
required in this case to replace the standard Marcus picture based on equilibrium distributions. (3) What is the effect of high polarizability of the photoinduced special pair on the
energetics of the transition?
We address the questions posed above by incorporating the Stokes shift dynamics
from MD simulations into a formal theory which we describe first below. The results of the
calculations presented next are tested for consistency against experimental data. We use our
simulation data obtained at different temperatures to compare the calculated rates with the
results of Fleming et al [201]. In addition, the recently published data by Wang et al [237].
for the population decay of the photoexcited state of the special pair in a number of mutants
offer an opportunity to use the dynamical electron transfer models [71, 238, 239] to study
the multiexponential population decay. These experimental results are also analyzed here
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FIG. 31. Reaction complex of Rhodobacter sphaeroides [236]. The protein (gray) is surrounded by the micelle of LDAO detergent molecules (purple). The electron is transferred
in sequence from the photoexcited special pair (P, gold) to bacteriochlorophyll (BL , red)
followed by even faster transfer to bacteriopheophytin (HL , green). In MD simulations, the
reaction complex is surrounded by 6 sodium ions, 30 NaCl pairs, and 10,506 water molecules
which are not shown here.
by combining the Stokes shift dynamics from MD simulations with a formal model of nonergodic chemical kinetics. The picture that has emerged from all this effort is summarized
in the discussion section of this paper.
4.2. Basics of the Formalism
We approach the problem of calculating the rates of charge separation by combining the input from MD simulations with analytical formalism. Simulations of the reaction
center of Rhodobacter sphaeroides [236] were carried out using Amber 8.0 [28]. We have
followed the procedure first suggested by Ceccarelli and Marchi [240, 241] in which the reaction center is surrounded by the micelle of detergent (lauryl dimethyl amino oxide, LDAO)
molecules mimicking the hydrophobic membrane, and also closely matching the experimental setup [242] for photochemical studies of bacterial photosynthesis. The structure of the
reaction center surrounded by LDAO molecules is shown in Figure 31. The details of the
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simulation protocol are provided in Chapter 5 and the charging scheme of the cofactors and
the protein/water solvent is outlined in Chapter 5.
4.2.1. Energetics of Primary Charge Separation
Electron transfer is a tunneling event realized, in the Born-Oppenheimer approximation, at the resonance of the electronic donor and acceptor energies. The gap between
the electronic energies of the donor and acceptor states, ∆E, makes the one-dimensional reaction coordinate X = ∆E that incorporates the whole manifold of possible nuclear modes
affecting the electronic transition [61]. Because many nuclear motions affect the donor and
acceptor states in dense condensed media, the fluctuations of the stochastic variable ∆E are
often well represented by the Gaussian statistics [55]. Therefore, the probability of reaching
zero energy gap ∆E = 0, when electron tunneling takes place, is given by the Gaussian
probability
2 /2C (0)
X

P (∆E = 0) ∝ e−h∆Ei

(4.1)

Here, the variance CX (0) = h(δX)2 i, δX = ∆E − h∆Ei is equal to the t = 0 value of the
time self-correlation function of the energy gap X(t) = ∆E(t)
CX (t) = hδX(t)δX(0)i

(4.2)

and the brackets stand for an ensemble average.
If one multiplies the probability of reaching the resonance with the frequency ωe
of electron tunneling between the donor and acceptor electronic levels, one arrives at the
Marcus-Levich equation for the electron transfer rate [36]
2 /2C (0)
X

kET = ωe e−h∆Ei

(4.3)

In the case of non-adiabatic electron transfer considered here (weak electronic coupling
between the donor and acceptor), the electronic “tunneling frequency” is given in terms of
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the electron transfer matrix element V by the following equation:
ωe =

p

2π/CX (0)(V 2 /~)

(4.4)

Equation 4.3 is quite general and is limited only by the assumption of Gaussian
fluctuations of the energy gap. In order to make it practical, one needs to connect the
average energy gap h∆Ei and the variance CX (0) to physical interactions present in the
system made of the donor-acceptor complex and a thermal bath of nuclear degrees of freedom coupled to the transferred electron. Despite the obvious complexity of the system, a
generally applicable separation of the average energy gap into three components is possible: the gas-phase gap ∆E gas , the shift by non-polar interaction potentials ∆E ind , and the
shift by Coulomb interactions between the permanent partial charges of the solute and the
solvent, ∆E C
h∆Ei = ∆E gas + ∆E ind + ∆E C

(4.5)

The gas-phase energy gap ∆E gas is the difference between the ionization potential of the
donor and the electron affinity of the acceptor in the gas phase. The two other components
represent ensemble averages of the interaction potential between the cofactors and the
protein/water solvent. They can be combined into a solvent-induced (subscript “s”) average
shift
∆Es = ∆E ind + ∆E C

(4.6)

The separation of the solvent part of the average energy gap into a non-polar and
Coulomb parts is in fact related to the separation of time-scales first discussed in early
work on polarons in solids by Pekar [243, 244], Fröhlich [245], and Feynman [246]. The
fast electronic degrees of the solvent (which is composed of protein, detergent, and water in
our problem) result in instantaneous equilibration of the transferred electron by induction
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and dispersion (London) forces. For our present application, the former is more significant
(superscript “ind” in eq 4.5 and throughout below) and we therefore explicitly consider this
component. The last term in eq 4.5, related to Coulomb interactions, fluctuates due to slow
molecular motions of molecular rotations and translations. This term is often described in
the electron transfer literature by the coupling of the electric field of the donor-acceptor
complex to the inertial dipolar polarization [244], which we consider after the induction
component.
The induction forces are produced by polarizing the medium by the electric field of
the donor-acceptor complex. If atoms and/or molecules of the medium carry polarizabilities
αj , the induction energy is the sum of polarization free energies of all such polarizable groups
located at positions rj . The induction shift of the average energy gap is then given by the
change in the polarization free energy caused by changing the electric field of the donoracceptor complex
∆E ind

+
*
X
 2

2
(αj /2) E02 (rj ) − E01
(rj )
=−

(4.7)

j

This component of the energy gap is often not given adequate attention in the electron transfer literature, even though it can be quite significant [53, 247] as we show below. The induction shift also depends on temperature for constant-pressure experiments because of thermal
expansion, and this fact needs to be included in the modeling of temperature-dependent reaction rates. Even though the induction potential is established instantaneously by induced
electronic dipoles, the interaction energy is modulated by nuclear motions of the solvent
(water and protein) producing a non-zero component in the Gaussian distribution width
(see below).
The Coulomb part of the donor-acceptor energy gap has received the most attention
over several decades of the theory development, and we will briefly set up the stage for
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our treatment of this part of the problem here. The linear response approximation, either
in terms of the electrostatic interaction with the medium dipolar polarization [248] or in
terms of partial atomic charges [135], has mostly been used as the basis for the theory
development. In the former case, one considers the polarization of the solvent by the electric
field of the solute E01 in the initial electron transfer state. This equilibrium polarization
Peq (r) at point r within the solvent is connected to the field E01 (r′ ) at point r′ by generally
a nonlocal response function χ(r, r′ ) [135, 249, 77]
Peq (r) = χ(r, r′ ) ∗ E01 (r′ )

(4.8)

where the asterisk denotes volume integration over the variable r′ and tensor contraction
over the Cartesian components of the field with the corresponding components of the 2-rank
tensor χ.
Equation 4.8 for the solvent polarization induced by the solute typically appears
in theories of linear solvation in homogeneous liquids. In contrast, the protein matrix
itself and the protein/water interface are inhomogeneous with a possibility of generating a
polarization field P′eq unrelated to the electric field of the cofactors. This polarization will
C that cannot be
create an additional inhomogeneous component of the vertical shift ∆Einh

calculated from the linear response approximation. The inertial (nuclear) polarization field
P′eq +Peq does not change on the time-scale of electronic transition and creates a shift of the
donor-acceptor energy gap by the amount determined by the change in electron’s electric
field ∆E0 upon the transition:

C
∆E C = − P′eq + Peq ∗ ∆E0 = ∆Einh
− E01 ∗ χ ∗ ∆E0

(4.9)

In the original Marcus formulation [36], the average vertical energy gap was separated
into the Coulomb reorganization energy λC and the Coulomb part of the Gibbs energy of
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the reaction, ∆GC . By using the identity E01 = Ē0 − ∆E0 /2, Ē0 = (E01 + E02 )/2 in eq 4.9
one gets
∆E C = λC + ∆GC

(4.10)

λC = (1/2)∆E0 ∗ χ ∗ ∆E0

(4.11)

C
∆GC = ∆Einh
− Ē0 ∗ χ ∗ ∆E0

(4.12)

where

and

The Coulomb part of the Gibbs energy then combines with the gas-phase gap and the
induction shift to make the overall reaction Gibbs energy
∆G = ∆E gas + ∆E ind + ∆GC

(4.13)

Combined together, eqs 4.5, 4.10, and 4.13 lead to the standard Marcus relation for
the vertical average energy gap
h∆Ei = ∆G + λC

(4.14)

The separation of the average energy gap into the equilibrium Gibbs energy and reorganization energy components makes sense when the former can be measured separately. In
spectroscopy, the average gap is given by the maximum of the corresponding spectroscopic
band (or, more precisely, by the first spectral moment) and this separation is not necessary. Likewise, the average energy gap is directly accessible from MD simulations, so the
formulation in terms of the average energy gap is also more convenient from the simulation
perspective. Even more importantly, the Gibbs energy of the reaction loses its direct connection to equilibrium thermodynamics in non-ergodic reaction kinetics, which we formulate
and apply to the calculation of the rates below. In this framework, the formulation of elec-
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tron transfer energetics in terms of the first and second cumulants of the donor-acceptor
energy gap is the only formal approach to the problem available at the moment.
The Gaussian width, CX (0) in eq 4.3, generally needs a separate determination. It is
calculated as the variance of the sum of all solute-solvent interaction potentials affecting the
energy of the transferred electron. The problem is simplified for the Coulomb interactions.
These are long-ranged and are typically well described by the linear response approximation.
Therefore, the high-temperature limit of the fluctuation dissipation theorem [175] applies
to the Coulomb part on nuclear fluctuations with the resulting factorization of CX (0) into
temperature and reorganization energy [36, 250]
CX (0) = 2kB T λs

(4.15)

A significant simplification of this route is achieved through the fact that the variance is
determined in terms of the same response function as the one used for the Coulomb part of
the average energy gap (eq 4.9), thus reducing the number of independent response functions
required by the theory.
This procedure does not apply to short-range induction forces which do not follow
the macroscopic fluctuation-dissipation theorem; the calculation of their first and second
cumulants requires microscopic response functions [53]. The main consequence is that
the induction component does not factorize into temperature and a weakly temperaturedependent energy parameter. The result is a generally non-Arrhenius form of the rate
constant [61] in eq 4.3 in which the variance can be written as
CX (0) ≃ 2kB T λC + C ind (0)

(4.16)

Since the Coulomb and induction interaction sum up in the energy gap, a cross term needs
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to be taken into account, and we have included it into C ind (0) as follows
C ind (0) = h(δE ind )2 i + 2hδE C δE ind i

(4.17)

Despite these complications which take away the solid foundation behind factoring
the variance into the temperature and energy components [175, 250], we will follow the
established tradition and define the solvent reorganization energy as as the sum of induction
and Coulomb terms (cf. to eq 4.6)
λs = λind + λC

(4.18)

λind = C ind (0)/(2kB T )

(4.19)

where

The probability of electron transfer can be affected by intramolecular vibrations
of the solute [50]. These can be added to the formalism outlined here by summing up
probabilities of transitions between separate vibronic channels. These transitions are known
to significantly affect the transition probability in the inverted region, h∆Ei < 0, but can
be neglected for transitions in the normal region, h∆Ei > 0, considered here. An extension
to the former case is well developed in the literature [50] and does not pose fundamental
difficulties.
4.2.2. Stokes shift dynamics
The characteristic timescales of nuclear fluctuations affecting charge transfer can be
extracted from the time correlation function in eq 4.2, or from its normalized value known
as the Stokes shift correlation function
S(t) = CX (t)/CX (0)

(4.20)
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As mentioned above, the typical shape of S(t) in complex condensed media includes a
fast Gaussian component and a multi-exponential (or stretched-exponential) tail. A twoexponential tail is used to fit our simulation results with CX (t) in the form
CX (t) = C ind (t) + C C (t)

(4.21)

i
h
−(t/τG )2
C −t/τ1
C −t/τ2
e
+
λ
e
C C (t) = 2kB T λC
+
λ
e
G
1
2

(4.22)

where

Here, τG is the relaxation time of the Gaussian decay and τ1 and τ2 are two exponential relaxation times. In addition, λG and λi are the corresponding reorganization energy
C
C
components such that λC = λC
G + λ1 + λ2 .

4.2.3. Non-ergodic activation kinetics
The arguments presented in sec 4.2.1 are based on equilibrium statistical mechanics
representing the components of the activation barrier as equilibrium (free) energies. This
formulation in fact assumes a certain separation of time-scales, that is the time of the
−1
must be much longer than all relaxation times (τG , τi , etc.) of the
reaction τET = kET

nuclear modes coupled to the transferred electron. This assumption certainly breaks down
for our problem combining the extremely short time of natural primary charge separation
(ca. 3 ps) with the disperse relaxation spectrum of the protein/water solvent [224, 251,
211, 252]. What we face here is the obvious case of ergodicity breaking [253] of the nuclear
fluctuations involved in the reaction activation, which raises the question of how to approach
the calculation of the reaction rates.
The Stokes shift correlation function provides a consistent approach to formulate the
kinetics of non-ergodic electron transfer. We first note that the equilibrium linear response
function χ, introduced in Sec. 4.2.1 in the direct space domain, can be extended to the
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time domain to cover the time correlation functions of the energy gap fluctuations. The
equilibrium ensemble average producing the solvent response component of the average
energy gap (cf. to eq 4.9) can then be given as a frequency integral of the Fourier transform
χ(ω)
∆ErC

= −2

Z

∞

dωE01 ∗ χ(ω) ∗ ∆E

0

(4.23)

This representation offers a systematic approach to calculating the non-ergodic solvent response. The integral in eq 4.23 is over all possible frequencies of nuclear motions,
implying that all of them contribute to the average. In fact, the time-scale of the reaction
τET limits the frequency spectrum only by those frequencies that are higher than the rate
of the reaction kET . The non-ergodic energy gap thus becomes
∆ErC (kET )

= −2

Z

∞
kET

dωE01 ∗ χ(ω) ∗ ∆E0

(4.24)

Along the same lines, the non-ergodic reorganization energy can be defined by using the
same step-wise frequency filter:
C

λ (kET ) =

Z

∞

kET

dω∆E0 ∗ χ(ω) ∗ ∆E0

(4.25)

An alternative representation is through the Fourier transform of the Stokes shift correlation
function
C
CX
(ω)

=

Z

∞

−∞

C
eiωt CX
(t)dt/(2π)

(4.26)

as follows [96]
λC (kET ) = β

Z

∞
kET

C
CX
(ω)dω

(4.27)

where β = 1/(kB T ). Equations 4.24–4.27 suggest that λC (kET ) can be obtained from the
Stokes shift correlation function calculated from MD trajectories while a formal theory is
required for χ(ω) to determine ∆ErC (kET ).
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The notion that the parameters entering the activation barrier become functions
of the electron transfer rate creates the necessity to consider the calculation of the rate
constant as a self-consistent problem given as the solution of the following equation:


kET = ωe (kET ) exp −h∆E(kET )i2 /2CX (0, kET )

(4.28)

Here, the rate-dependent energy gap can be re-written based on eq 4.24 as
C
C
h∆E(kET )i = ∆E gas + ∆E ind + ∆Einh
+ fne
(kET )∆ErC

(4.29)

where, based on our simulations discussed below, we assume that the induction component
of the shift does not involve slow relaxation and only Coulomb solvation gets cut off by
breaking ergodicity. Accordingly, the Gaussian width in eq 4.28 takes the form
CX (0, kET ) = C ind (0) + 2kB T λC (kET )

(4.30)

λ
λC (kET ) = fne
(kET )λC

(4.31)

where

In eqs 4.29 and 4.31, we have introduced the parameters of non-ergodicity of nuclear flucC , and to the reorganization energy, f λ .
tuations contributing to the vertical energy gap, fne
ne
λ can be readily calculated from eqs 4.21, 4.22, and 4.27:
The parameter fne
λ
fne
= λG /λC + (2/π)

X

(λi /λC ) cot−1 (kET τi )

(4.32)

i=1,2

The procedure outlined above can be used to construct the free energy surfaces of
electron transfer. The widely accepted definition of the free energy surfaces for electron
transfer follows the general procedure of defining the Landau functional [175] in which the
hypersurface X = ∆E generates the incomplete partition function
e−βG(X) ∝

Z

δ (∆E − X) e−βH dΓ

(4.33)
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In this expression, ∆E depends on all nuclear modes Qn , n = 1, . . . , M in the system. In
addition, H is the system Hamiltonian in the initial state of the electron-transfer system
and dΓ is the element of phase space.
In applications to processes happening on short time scales, one needs to generalize
eq 4.33 to exclude a subset of frequencies not contributing to the process thus producing a
restricted trace [253]:
−βG(kET ,X)

e

∝

Z

δ (∆E − X) e−βH

Y

δ[Qn (ω)]dΓ

(4.34)

n,ω<kET

In this equation, the product of delta functions eliminates the low-frequency modes from
the partition function.
4.2.4. Polarizability of the special pair
There is a significant body of experimental [254, 255, 256, 257] and computational
[258, 259, 229, 260, 261, 262] evidence of a strong mixing of covalent, (PL -PM )∗ , and charge− ∗
transfer, (P+
M -PL ) , states within the photoexcited special pair, where PM and PL are the

M and L subunits of the special pair (Figures 30 and 31). Although the average amount
of charge transfer between two subunits is small [259], about 0.1 of the electronic charge in
the gas phase and 0.2 in the reaction center, the fluctuations of the electrostatic potential
of the protein/water solvent create significant fluctuations of the extent of charge transfer.
− ∗
Correspondingly, the fluctuating population of the charge-transfer state (P+
M -PL ) creates

fluctuating charges ∆zj = nCT ∆Zj at the atomic sites of the special pair (j runs over the
atoms of P). In this representation, ∆Zj are the difference of atomic charges of the special
− ∗
∗
pair between the ionized excited state (P+
M -PL ) and the covalent state (PL -PM ) , and nCT

is the population of the charge-transfer state. Physically, this redistribution of charge in
response to an external electrostatic field implies that the special pair is polarizable with
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the instantaneous induced dipole moment equal to pCT = nCT ∆µCT . Here, ∆µCT is the
dipole moment between the ionized and neutral states of the special pair. The importance of
the induced dipole moment for electron transfer is that the instantaneous electron transfer
dipole becomes modified from the dipole µET created by the set of permanent charges ∆qk
(k runs over all atoms of the cofactors involved in electron transfer) to a new fluctuating
dipole moment µET + pCT . Since the solvent reorganization energy is proportional to the
average squared dipole moment
E
D
λC ∝ (µET + pCT )2

(4.35)

the appearance of the induced dipole can potentially modify the energetics of electron
transfer [233, 234, 235].
In order to model the effect of polarizability of the special pair on the statistics of
the donor-acceptor energy gap, we have adopted the following simulation algorithm. The
charges zj of the special pair are re-calculated at each fifth MD step according to the
equation
zj = zjP + nCT ∆Zj

(4.36)

where zjP are the charges of two decoupled bacteriochlorophylls obtained from our DFT
calculations. The extent of charge delocalization nCT is calculated by diagonalizing, at
each fifth step of the MD trajectory, the two-state quantum Hamiltonian characterized by
the electronic coupling J and the instantaneous energy gap between two states
∆ǫ = ∆ǫgas + ∆ǫind + (1/2)

X

∆Zj φj

(4.37)

j

Here, ∆ǫgas is the gas-phase energy separation between the neutral and ionized states of
P and φj is the electrostatic potential of the surrounding protein/water solvent at the
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position of atomic charge j. ∆ǫind in eq 4.37 is the induction shift of the energy gap and
the parameters ∆ǫgas and J are tabulated in Chapter 5.
4.2.5. Polarizable special pair and free energy surfaces of electron transfer
The description of Coulomb solvation presented in sec 4.2.1 changes significantly
when the special pair is polarizable [233, 234]. The main modification here is that the
atomic charges and hence the electric field of the cofactors become a function of the solvent
polarization P through the extent of charge delocalization nCT . The electric field E01
changes from the value commonly calculated from the vacuum charge distribution to E01 [P]:
E01 → E01 [P]

(4.38)

A general solution for the free energies of electron transfer in this case has not been found
so far, although an analytical theory can be formulated in the case of dipole solvation [143].
Alternatively, the field E01 [P] can be linearly expanded in the solvent polarization P around
its equilibrium value
E01 [P] = E0 [Peq + P′eq ] + F · δP

(4.39)

where F is a 2-rank tensor and δP = P − Peq − P′eq .
When the form of the field given by eq 4.39 is substituted into the standard Hamiltonian [36] of the solute linearly coupled to the Gaussian field P, one gets
H = −E01 [Peq + P′eq ] ∗ P + (1/2)δP ∗ χ−1
mod ∗ δP

(4.40)

−1 − 2F is the new, modified linear response function of the Gaussian
where χ−1
mod = χ

polarization field renormalized by the solute polarizability. Since the polarizability tensor
F is generally different in the initial and final electronic states, the donor-acceptor energy
gap becomes a bilinear function of the Gaussian field P in contrast to the linear function
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TABLE VII. Components of the average energy gap for primary charge separation (all
energies are in eV).
Protocol
S1

S2

T /K
77
200
250
3001
3002
350
400
250
275
3003
3253
3503

C
∆Ew
0.170
0.144
0.382
0.205
-0.365
0.440
0.093
0.399
0.404
0.310
0.310
0.347

C
∆Eprot
-0.500
-0.728
-0.749
-0.678
-1.278
-0.856
-0.330
-0.502
-0.535
-0.632
-0.168
-0.594

∆E C
-0.330
-0.584
-0.367
-0.473
-1.643
-0.416
-0.237
-0.103
-0.131
-0.323
0.141
-0.247

ind
∆Ew
-0.058
-0.057
-0.054
-0.055
-0.082
-0.050
-0.075
-0.048
-0.051
-0.052
-0.020
-0.053

ind
∆Eprot
-1.234
-1.199
-1.183
-1.164
-1.071
-1.094
-0.853
-1.042
-1.065
-1.076
-0.836
-0.987

∆E ind
-1.292
-1.256
-1.237
-1.219
-1.153
-1.144
-0.928
-1.090
-1.116
-1.128
-0.857
-1.041

∆Es
-1.623
-1.840
-1.604
-1.691
-2.796
-1.559
-1.164
-1.193
-1.247
-1.451
-0.716
-1.287

used to derive the Marcus parabolas. The main consequence of that change is that the
statistics of energy gap fluctuations become non-Gaussian. The free energy surface loses
its parabolic shape predicted by Marcus theory and can instead be represented by the
analytical results of the Q-model [263]:
q
2
√
C
C
G(X) = α
|h∆Ei − αλ − X| − αλ

(4.41)

Here, α > 0 is the non-parabolicity parameter describing the deviation of the free energy
surface from the parabolic shape. The limit α → ∞ recovers the Marcus barrier thermodynamics.
4.3. Results
We believe that this paper reports the most extensive MD simulations on the bacterial reaction center following previous simulation efforts in this field [264, 265, 221, 66,
251, 240, 54]. The overall length of 118 ns of MD trajectories, of which 100 ns were used
for the production analysis, required 39.8 CPU years. All simulations were done in parallel
using 128 CPUs of ASU’s HPC facility. The analysis of the simulations was performed by
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a parallel code developed for this project that reads directly binary AMBER files. The
analysis was run in parallel on 10 Opteron CPUs and required overall 4.8 years of CPU
time.
Two sets of simulations have been done. The first set, which we will label S1, was
performed at six different temperatures. It employed the standard protocol of MD force
fields with fixed atomic charges. The equilibrium MD trajectories were used to calculate the
statistics of the donor-acceptor energy gap and the Stokes shift correlation functions. In this
calculation, in addition to Coulomb interactions, induction solute-solvent interactions were
computed. The atomic polarizabilities were taken from a modified Thole parametrization
[266] (see supporting information for more detail). The induction potential was not a part
of the simulation algorithm, thus assuming that the exploration of the phase space of the
nuclear motions can be accomplished with the standard force fields. Since these force fields
effectively incorporate polarizability in terms of permanent charges, in order to avoid double
counting, the charges of the solvent (protein and water) were multiplied by 0.89 in analyzing
the data, following the convention adopted in the literature [267].
Six trajectories of S1 protocol were produced for the initial state of the reaction complex, (P–BL )∗ , at different temperatures. The atomic partial charges calculated by us at the
DFT level were supplemented by the force-field parameters of bacteriochlorophyll developed
by Marchi and co-workers [268]. The atomic charges of the ground-state bacteriochlorophyll
were used for the exited state of the special pair assuming that photoexcitation does not
greatly alter the charge distribution [251]. One simulation trajectory at 300 K was produced
for the charge-separated state P+ –B−
L corresponding to the first hop of the electron in the
sequential mechanism. For this simulation, the positive charge of P+ was distributed among
the two cofactors of the special pair as described in Chapter 5 and the charge distribution
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TABLE VIII. Reorganization energies calculated from fluctuations of the energy gap (eq
4.15). All energies are in eV.
Protocol
S1

S2

T/K
77
200
250
3002
3003
350
400
300

λind
w
0.019
0.001
0.016
0.047
0.047
0.110
0.139
0.481

λind
prot
0.065
0.057
0.076
0.112
0.146
0.187
0.249
0.682

λind
0.070
0.062
0.081
0.119
0.149
0.191
0.275
0.697

λC
w
0.187
0.756
1.634
1.136
1.393
0.948
0.767
1.439

λC
prot
0.168
0.182
0.341
0.375
0.441
0.644
0.567
0.735

λC
0.351
0.845
1.938
1.564
1.542
1.508
1.010
1.839

λw
0.191
0.756
1.639
1.124
1.379
0.944
0.866
1.454

λprot
0.245
0.251
0.419
0.466
0.593
0.853
0.797
1.385

λs 1
0.421
0.903
1.955
1.598
1.692
1.508
1.335
2.513

of the bacteriochlorophyll anion was calculated at the DFT level (supporting information).
The second set of simulations, labeled as S2, required changing the standard MD
protocol (see Chapter 5). In these simulations, quantum polarizability of the special pair
was accounted for by diagonalizing the 2×2 Hamiltonian matrix of the charge-transfer state
between the two parts of P at each fifth step of the MD trajectory, a procedure known in the
literature as the empirical valence bond approach [269, 270]. The Hamiltonian diagonalization allows one to calculate the extent of charge transfer between two bacteriochlorophylls
in P and dynamically adjust charges of the special pair. This simulation protocol thus incorporates an extremely high polarizability of P∗ revealed by Stark spectroscopy measurements
of Boxer and co-workers [254, 232].
4.3.1. Energetics
Two energy parameters are of main importance within the Gaussian picture of electron transfer activation (Marcus model). These are the average donor-acceptor energy gap
and the energy gap variance (eq 4.3). These parameters, obtained from MD simulations at
different temperatures, are listed in Tables VII and VIII. The complete set of first cumulants from both S1 and S2 simulations is reported in Table VII. The S2 entry in Table VIII
is limited to 300 K since the second cumulants at other temperatures did not converge on
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the time-scale of the simulation trajectories.
Since we are dealing here with a heterogeneous solvent composed of a protein matrix
and aqueous environment, the separation of these two first cumulants of the energy gap into
the water and protein contributions provides mechanistic insights into the factors influencing
electron transfer activation. In addition, we split the relevant energies into contributions
from non-polar and Coulomb interactions. Finally, the introduction of polarizability (charge
fluctuations) of the special pair shifts relative weights of each component in the activation
barrier and, more importantly, results in significant deviations from the Gaussian picture
of Marcus parabolas.
Figure 32 reports the distribution of Coulomb and induction components of the energy gap from simulations of both the non-polarizable and polarizable special pair. The
Coulomb interactions have Gaussian statistics where the width is consistent with the reorganization energies listed in Table VIII. The average shifts arising from water and the
protein have opposite signs. Therefore, the polarization of water by the protein matrix
contributes to the destabilizing of the charge-transfer state, as was also observed by Parson
et al [251]. On the contrary, the protein matrix makes the dominant contribution into stabilizing the charge-separated state. The induction shift of the average energy gap, arising
primarily from the protein matrix (Ind(prot) in Figure 32), is about twice larger than the
Coulomb shift which largely cancels out between its protein and water contributions (Table
VII). On the contrary, the width of the distribution of induction energies is small relative to
the Coulomb interactions for non-polarizable (S1) simulations (in accord with assessment of
analytical theories [53]), but grows significantly for the polarizable (S2) simulation protocol
(Table VIII).
The splitting of the total self-correlation function CX (0) into the individual protein
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FIG. 32. Normalized distributions of components of the donor-acceptor energy gap in nonpolarizable (S1, solid lines) and polarizable (S2, dashed lines) simulation protocols (T = 300
K). Marked in the plot are the Coulomb interaction due to the protein (C(prot)) and water
(C(w)) and the induction interaction (Ind(prot) for the protein and Ind(w) for water). S1
and S2 mark the distributions of the total energy gap for the non-polarizable (S1) and
polarizable (S2) special pair.
(subscript “prot”) and water (subscript “w”) components requires an estimate of the crosscorrelation term λw,prot between the water and protein interaction potentials:
λs = λprot + λw + λprot,w

(4.42)

This latter part turns out to be significantly smaller than the individual protein and water
components, as can be inferred from the last three columns in Table VIII by comparing the
total solvent reorganization energy λs with the sum of the two components, λprot + λw .
Notwithstanding such little attention paid in the electron-transfer literature to nonpolar interactions, the induction shift is the main part of the solvent effect on the average
energy gap of charge separation. Its value can be estimated from some simple arguments.
If one assumes that atomic polarizabilities are distributed with a constant density around
the donor and acceptor, one arrives at a simple expression [247]
ind
∆Eprot

=

2
2 nprot
−3e 2
nprot

−1
+2



1
1
1
+
−
2RD
2RA RDA



(4.43)

Here, RD and RA are the radii of the donor and acceptor and RDA is the distance between
them. In addition, nprot is the refractive index of the protein matrix and e is the elementary
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charge. For the average refractive index of the reaction center [271] nprot = 1.473 and the
radius of the bacteriochlorophyll unit RD = RA = 5.6 Å obtained from its vdW volume
ind = −1.09 eV at the crystallographic distance R
one gets ∆Eprot
DA = 11.3 Å. This number
ind = −1.16 eV from MD simulations at
compares favorably with the induction shift of ∆Eprot

T = 300 K (Table VII, S1 protocol).
The positive slope of the induction shift of the average energy gap is caused by
the temperature expansion of the protein. Based on the data shown in Table VII for S1
simulation protocol, the logarithmic derivative of the induction shift with temperature,
ind /dT , is within the limits (4 − 8) × 10−4 K−1 . According to eq 4.43 this derivative
d ln ∆Eprot

should be equal to thermal expansivity of the protein (Clausius-Mossotti equation). Indeed,
the logarithmic slope of the induction shift agrees reasonably well with the reported [272]
expansion coefficients of proteins of the order of 8 × 10−4 K−1 .
Several of the MD simulation results reported here turned out to be quite surprising.
Among the unexpected findings are quite large values of the solvent (protein and water)
reorganization energies, contrasting the commonly low values (ca. 0.1–0.2 eV) circulating
in the literature [265, 209, 251, 273, 54]. In particular, water is far from being screened by
the protein [42] making the main portion of the energy gap variance in the S1 protocol, and
being surpassed by the protein in the S2 protocol. In fact, the values of water reorganization
energy found here are more typical of small redox couples in aqueous solution [93] than of
the often anticipated hydrophobic screening by the protein matrix.
What is different in our simulations compared to previously reported simulation data
[265, 251, 54] is the length of the simulation trajectory which has allowed us to push the
numbers for the reorganization energies closer to their thermodynamic limit. Indeed, as is
seen in Figure 33, the reorganization energy as a function of the length of the simulation
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FIG. 33. Components of the solvent reorganization energy from water and protein from
MD simulations vs the observation time τobs . Points refer to MD data (S2 protocol, 300 K)
and the dotted lines indicate the fits to eq 4.44. The inset shows the initial portion of the
plot; the relaxation times used to fit the MD results to eq 4.44 are: τR = 218 ps (total),
τR = 390 ps (protein), and τR = 764 ps (water).
trajectory (observation time τobs ) levels off by the end of the 5–10 ns production run.
However, this long-time reorganization energy is not relevant for the short-time chargeseparation dynamics since a significant subset of nuclear modes gets dynamically arrested
on the picosecond time-scale at which the reorganization energy as a function of τobs starts
to sharply decline (Figure 33). The dependence of the total reorganization energy and its
components on the observation window can be fitted to a one component Debye equation
(cf. to eq 4.32)
λ(τobs ) ∝ cot−1 (τR /τobs )

(4.44)

with the effective relaxation time τR . The fits shown by dotted lines in Figure 33 indicate
that the system starts to lose ergodicity on the time-scale of several hundred picoseconds.
The data in Figure 33 have been generated according to the following procedure.
First, a trajectory of individual protein/solvent vertical energies is created from the sum
of their respective Coulomb and induction components (supporting information). Second,
a smaller trajectory window of length τobs is cut from the full MD trajectory. Third, the
energy gap variance is calculated on this smaller observation window which is then moved
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FIG. 34. Protein (a) and solvent (b) reorganization energies from MD simulations as functions of the observation time τobs and temperature.
along the entire trajectory. Each time the window is shifted, the variance is calculated
with the average energy gap set to its average on that particular window. The individual
variances are then averaged among the results from each sliding window, and the average
reorganization energy is reported as λ(τobs ) in Figure 33.
Reorganization energies calculated from this algorithm are plotted vs temperature
in Figure 34. As in Figure 33, shortening the observation window lowers the reorganization
energy. On the 4 ps observation window, most of the multi-exponential Stokes shift relaxation is dynamically arrested (see below) and only ballistic Gaussian relaxation from the
Coulomb interactions and the modulation of induction interactions by density fluctuations
contribute to the reorganization energy. For this short observation time, the reorganization
energy falls in the range of values commonly reported from fitting the experimental reaction
rates [209, 273].
We need however to note that the reorganization energies observed in these simu-
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lations are uniformly higher that those reported in previous simulations of primary charge
separation: 0.069 eV by Parson et al [251]. (40 ps trajectory), 0.2 eV by Treutlein et
al. [265] (20 ps trajectory). These numbers, corresponding to short observation times, are
roughly consistent with Figure 34 given that our algorithm of sliding window generally gives
higher reorganization energies than a single observation. Our reorganization energies from
longer observation windows are however still significantly larger than ca. 0.17 eV reported
by Ceccarelli and Marchi [241] from 3.5 ns (2.4 ns analyzed) trajectories. They observed
sudden changes in the energy-gap trajectory and their reorganization energies were calculated from small portions of the trajectory between the flips. Our trajectories instead
feature large-amplitude, smooth oscillations (Figure S1) and the values we report refer to
the entire fluctuation breadth accumulated for a given observation window.
The reorganization energy from the protein is an increasing function of temperature
for all observation windows (Figure 34a). On the contrary, for water reorganization, the
negative temperature slope expected from equilibrium statistical mechanics [117] is reverted
by non-ergodicity to a positive one (Figure 34b). This effect is caused by a temperaturedepending unfreezing of the nuclear modes when relaxation becomes faster with increasing
temperature. The downward turnover of λ(T ) for the 1 ns observation window (upper curve
in Figure 34b) marks the return of the system to equilibrium statistics with the negative
slope of λ(T ) also seen in our previous simulations of a small solute in SPC/E water [274].
The opposite temperature dependence of the protein and water reorganization energies at long observation windows points to a distinctly different character of the corresponding nuclear modes. While water molecules alter the donor-acceptor energy gap mostly by
librational/rotational motions typical of polar liquids, the protein nuclear modes are predominantly vibrational. The temperature dependence of λprot seems to correlate well with
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FIG. 35. Induction (squares) and total protein (diamonds) reorganization energies from the
present MD simulations and experimental mean square displacements of hydrogens of bacteriorhodopsin scaled with the inverse temperature, h(δx)2 i/T (circles). The experimental
data were obtained by neutron scattering [275]. All parameters have been normalized to
their corresponding values at 200 K.
the temperature dependence of atomic displacements of the protein matrix as is illustrated
in Figure 35 where we show the better converged induction reorganization energy along with
the total protein reorganization energy. The temperature change of these reorganization
energies is compared with mean square displacements of hydrogens in bacteriorhodopsin
obtained from inelastic neutron scattering [275].
It is by now well established that protein vibrations start to deviate from the straight
line of harmonic motions at the transition temperature of about Tr ≃ 200 − 220 K marking
the rise of anharmonic motions (including side-chain rotations) [275, 47, 49]. Therefore, the
mean-square displacement scaled with inverse temperature, h(δx)2 i/T , is a flat function at
low temperatures starting to rise above the transition temperature Tr . The same trend is
seen for the total protein reorganization energy and its induction component, which both
turn to a sharp increase at about the same temperature. This comparison implies that the
relatively large values of protein reorganization energy obtained in our simulations at room
temperature can be traced back to highly anharmonic motions of the protein matrix.
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4.3.2. Polarizable special pair
We need to emphasize here that our modeling of the polarizability of the special
pair carries qualitative significance only. In addition to the obvious limitations of the twostate model, the modeling of the temperature dependence of the special pair polarizability
is not adequate. In our current simulations, the temperature dependence of the average
population of the ionized, charge-transfer state of the special pair, nCT (T ), originates from
the temperature dependence of the diabatic diagonal energy gap (eq 4.37). This component
of the two-state Hamiltonian increases with growing temperature, in general agreement
with the idea that a polar environment should become effectively less polar with increasing
temperature. Therefore, as is illustrated in Figure 36, the special pair becomes effectively
more localized at higher temperatures because the average energy splitting between the two
state grows with increasing temperature. The broad distribution of nCT is a signature of
the strong vibronic coupling of the charge-transfer state [260]. What effectively happens
due to strong temperature dependence of the average population is that the polarizability of
the special pair is about 400 Å3 at T = 300 K increasing up to 1800 Å3 at 77 K. Given the
experimental temperature variation of the absorption band of the special pair [276] and the
results of Stark spectroscopy at 77 K [232], the former values appears to be more realistic
than the latter.
The increase of localization of the special pair in its neutral (PM -PL )∗ state results
in a blue shift of the absorption spectrum in general agreement with experiment [276, 277].
However, the slope of this temperature dependence derived from the data shown in Figure
36 appears to be too large. In vibronic models of the temperature effect on the special pair
absorption this effect is modeled by temperature-dependent population of vibronic modes
coupled to the dimer charge-transfer state [262, 278]. This implies the temperature shift of
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FIG. 36. Distribution of the population number of the ionized state of the special pair along
the simulation trajectory at different temperatures. The length of the simulation trajectory
varies from 5 ns at 77 K to 15 ns at 300, 325, and 350 K.
the diabatic diagonal energy gap. Since this property is determined by the protein/water
electrostatic potential in our simulations, a possible way to off-set a too strong temperature
dependence of absorption frequency is to introduce a temperature-dependent off-diagonal
coupling J [261]. Low frequency vibrations of the special dimer in the 90–160 cm−1 region
[279] might contribute to that temperature dependence. It seems that the model needs
to be modified to reproduce the temperature variation of the absorption spectrum of the
special pair. The current simulations in S2 protocol are therefore not capable to properly
address the issue of the temperature dependence of the rate. However, we still believe that
our results provide valuable insights into how the parameters of the model change once
the polarizability is turned on. We therefore report the results of simulations here with
the warning that the parameter magnitudes might be modified with the refinement of the
model. We will also limit our analysis of the free energy surfaces of electron transfer to
300 K at which the polarizability seems to be more realistic. What this value at room
temperature should be is not entirely clear since the Stark data were reported at 77 K
[254].
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FIG. 37. Free energy surfaces of primary charge separation obtained from MD simulations
of reaction center with non-polarizable (constant charges, S1) special pair. The free energy
surfaces βG(X) = − ln P (X) have been obtained from the normalized distributions of the
total energy gap X from MD simulations (points) in the initial charge-transfer state, P–BL
(10 ns trajectory), and the final state, P+ –B−
L (5 ns trajectory). The pair of curves marked
λ = 0.21 value of
with 0.21 are the non-ergodic free energy surfaces calculated by using fne
the non-ergodicity parameter following from the fit of the theoretical rate to experiment
(T = 300 K). The vertical separation of the initial and final free energy curves is +97 cm−1 .
The vertical separation of −450 cm−1 reported by Zinth and co-workers [222] is obtained
λ = 0.6 (marked in the plot) is used in the calculation of the final free energy
when fne
curve. The vertical separation between “equilibrium” curves is −1100 cm−1 . The dashdotted lines in the plot are fits to Marcus parabolas yielding equal reorganization energies
λs ≃ 1.6 eV consistent with direct calculations of second energy gap cumulants in Table
VIII. The bold dashed line indicates the free energy obtained by solving the self-consistent
non-ergodic equation for the rate (eq 4.28) by varying the average energy gap (see the text).
The parameters are those used to calculate the charge-separation rate in Figure 42.
4.3.3. Free energy surfaces
A general solution for the non-ergodic free energy surface defined by eq 4.34 is still
missing. The current calculations and analysis of MD data are therefore limited to the
phenomenological approach outlined in sec 4.2.3 where a step-wise frequency filter was
introduced into the frequency linear response functions. Computer simulations and comparison to optical experiments in glass-forming liquids support this approach [61] and one
therefore can ask what would be the free energy surface G(kET , X) on the time-scale of
−1
compared to the thermodynamic surface G(X).
primary charge separation τET = kET

The thermodynamic free energy surface is of course not available to us since sampling
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is always an issue with simulations. However, leveling off of the reorganization energies on
the 10–15 ns trajectory seen in Figure 33 allows us to hope that, except for the slowest
modes responsible for the conformational mobility of the protein, the phase space relevant
to activating charge separation was adequately sampled. The free energy surfaces for nonpolarizable (S1) simulations obtained from the 10 ns trajectory for the initial (P–BL )∗ state
∗
and from the 5 ns trajectory for the final (P+ −B−
L ) state are shown in Figure 37. The

results of polarizable (S2) simulations are collected in Figure 38. Our simulations allow us
to sample only the total interaction between the cofactors and the protein/water solvent
(eq 4.6) and therefore the gas-phase energy gap is missing from the overall energy gap X.
This component of the energy gap was obtained from fitting the calculated rate constants
at 300 K to the experimental data by Fleming et al [201] and Wang et al [237] (see below).
The gas-phase gap obtained from the fit ∆E gas = 1.86 eV was used to horizontally shift
G(X) obtained from simulations resulting in the average energy gap of h∆Ei = 0.169 eV.
This number, which is equal to the energetic separation of the free energy minimum from
the point of activationless electron transfer, is consistent with the experimental value of
0.127–0.147 eV (from mutagenesis data) which separates the wild type reaction center from
the top of the Marcus inverted parabola [273]. Our result is also close to h∆Ei = 0.150 eV
reported by Wang et al [237] from fitting experimental data to the diffusion-kinetic model
(see below).
Long-trajectory simulations in S1 protocol produce Marcus parabolas (dashed lines
in Figure 37) with the curvatures reproducing reorganization energies listed in Table VIII.
Figure 37 also shows the non-ergodic parabolas. Before explaining the calculation of those,
we first need to comment on the experimental preparation of the initial state for charge
separation. The initial state for primary charge separation is prepared by photoexcitation
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FIG. 38. Free energy surfaces of primary charge separation obtained from MD simulations
of the reaction center with polarizable (fluctuating charges, S2) special pair. The upper
curve is obtained from the simulation analysis with a 4 ps observation window, while the
lower curve refers to the observation window of 15 ns. The dashed line is the fit of the 15
ns simulation data to the analytical Q-model with the fitting parameters: h∆Ei = 0.07 eV,
λs = 2.81 eV, and α = 0.45.
of the special pair which prior to that stays in the ground state for a time long compared to
any relaxation time in the system. The ground state is thus characterized by the equilibrium
polarization P′eq + Peq of which P′eq is the result of the inhomogeneous protein/water environment and Peq comes from the polarization of the environment by the special pair. When
lifted to the excited state by the absorbed photon, the special pair changes its charge distribution and the polarization Peq can dynamically adjust to the new equilibrium polarization
P∗eq . We will assume that this change, P∗eq − Peq is insignificant compared to P′eq + Peq
on the reaction time-scale. We will therefore neglect the non-ergodicity correction in the
Coulomb component of the shift assuming ∆E C (kET ) = ∆E C . This approximation results
in the following non-ergodic free energy surface
G(kET , X) =

(X − h∆Ei)2
4λ(kET )

(4.45)

In this equation,
λ
λ(kET ) = λind + fne
(kET )λC

(4.46)

is the non-ergodic reorganization energy affected by the dynamical arrest of the Coulomb
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component of the solvent reorganization. The fit of the rate constant to experiment (see beλ = 0.21, and the free energy surface obtained by using this non-ergodicity
low) results in fne

parameter is shown by the solid line in Figure 37.
There is a significant difference between the way the initial and final states for the
first electron hop are created. The final state is characterized by an instantaneously created
dipole moment of the charge-separated state and so the corresponding Stokes shift requires
non-ergodic correction with the following result for the final free energy surface
G′ (X) =

′ ∆X )2
(X − h∆Ei + fne
st
+ ∆Gne
′
4λ

(4.47)

In this equation, ∆Xst is the total Stokes shift between the minima of two parabolas achieved
′ and the reorganization
on long simulation trajectories. The non-ergodicity parameter fne

energy λ′ depend on both the life-time of the charge-separated state and the corresponding
Stokes shift dynamics. Finally, the vertical energetic separation between the parabolas’
minima ∆Gne (not the reaction free energy) follows from the condition G(kET , 0) = G′ (0)
once all other parameters are known.
We currently do not have sufficient data to calculate the non-ergodic parameters
in eq 4.47 (which require, among other things, the free energy surface corresponding to
the electron located at HL ) and so will limit our arguments to qualitative considerations
only. The equilibrium free energy surfaces obtained from long simulation trajectories are
vertically shifted by ∆G = −1100 cm−1 . This number is consistent with experimental data
from recombination rates [210, 211] which have put the lowest limit for ∆G at ≃ −2000
cm−1 . This later value might be overestimated since it was measured on the 100-µs lifetime
of the triplet state of the special pair. Delayed fluorescent measurements [223] sampling the
system on the 20 ns time-scale and photovoltage measurements at the 15 ns time-scale [280],
both comparable to the length of simulations, show somewhat smaller gaps, ∆Gne ≃ −1370
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cm−1 and −1180 cm−1 , respectively. The latter data refer, however, to the Rhodospirillum
rubrum reaction center.
′ in eq 4.47 to produce the non-ergodic free energy
We need an assignment of fne
′ = f λ = 0.21 from the analysis of
surface of the charge-separated state. If we use fne
ne

the primary charge separation rate, we get essentially no vertical shift of the two parabolas,
∆Gne = 97 cm−1 . The vertical shift of −450 cm−1 reported by Zinth and co-workers [222] is
′ = 0.6 is used in eq 4.47. This latter value of the vertical displacement of
obtained when fne

parabolas minima, measured on the picosecond time-scale, compares well with the estimate
by Holzwarth and Müller [224], −331 cm−1 , also done on the picosecond scale. We will
postpone a more detailed analysis of the energetics of subsequent electron hops to a future
publication, while the current analysis is aimed to show that overall our results do not
contradict the key experimental observations reported in the literature. We only note here
in passing that, similar to our previous simulations of hydrated plastocyanin [281], our
present simulations show a clear separation between the Stokes shift ∆Xst and twice the
solvent reorganization energy, 2λs (also see ref [251]). We will address this problem in more
detail elsewhere.
We need to caution here against a too literal understanding of the non-ergodic free
energy surfaces of electron transfer. Under ergodic conditions, the free energy surface can
be sampled by changing the average energy gap by, for instance, optical spectroscopy. The
result can then be directly applied to the Frank-Condon factor of the reaction yielding the
reaction energy gap law. In the case of non-ergodic reactions, this direct application of the
free energy surface obtained at a given observation window is prohibited since the spectrum
of fluctuations changes at each rate constant achieved by horizontally sliding the free energy
surface and thus sampling the average gap. In order to illustrate that, we have plotted in
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Figure 37 the free energy surface obtained by changing the average energy gap in the selfconsistent non-ergodic equation for the rate constant (eq 4.28). The result is a funnel-like
surface, which we also previously obtained in a study of ergodicity breaking in liquid crystals
[282]. The such obtained curve transforms from the narrow free energy surface at a high
reaction rate to the thermodynamic surface when the barrier for the reaction increases and
the rate slows down.
As is clear from the broader distribution of energy gaps for the polarizable special
pair (Figure 31) and from Table VIII where specific values of the reorganization energies are
listed, the free energy surfaces G(X) are quite different for a polarizable and non-polarizable
special pair. As a matter of fact, not only curvatures (reorganization energies) are different
in two cases, but also the shape of the free energy surface changes from a Marcus parabola
in the former case to a significantly asymmetric shape in the latter (Figure 38). This result
is consistent with the predictions of the Q-model of electron transfer in polarizable donoracceptor complexes and, in fact, the simulated curve is well fitted to eq 4.41 (dashed line in
Figure 38). Note that the reorganization energy obtained from the fit is close to the result
of direct calculation from the second cumulant (eq 4.15, Table VIII).
The increase in the reorganization energy in the case of polarizable P comes from
fluctuations of the amount of charge transfer between the covalent and ionized states of P
(Figure 39). It is clearly seen from Figure 39 that energy gap fluctuations in excess to those
existing for non-polarizable P trace the fluctuations of nCT . Most of the excess reorganization energy comes from the protein. The reorganization energy from water actually gets
smaller when polarizability is introduced, but the protein reorganization energy is increased
by a factor of four.
We do not currently have an established theoretical algorithm of how to calculate the
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FIG. 39. The trajectory of the population of the charge transfer state of P (a) and the
trajectory of energy gap fluctuations (b) for non-polarizable (black line) and polarizable
(gray line) special pair.

non-parabolic free energy surfaces of electron transfer involving highly polarizable donoracceptor states when ergodicity is broken. In the absence of a theoretical formalism, we have
turned to simulations. Figure 38 shows the free energy surface produced from simulations
by sliding the observation window of the length 4 ps along the trajectory and then averaging
all the histograms produced from each window after shifting them to a common probability
maximum. The normalized distribution produced in this way is then used to plot the nonergodic free energy curve shown in Figure 38. In contrast to distributions obtained with the
non-polarizable simulation protocol, the non-ergodic surface turns out to be non-parabolic.
We do not presently have a good explanation of this observation.
4.3.4. Charge-transfer rates
The decay of the population P (t) of the photoexcited special pair is known to be
non-exponential [283, 284, 237] Recent explanations of this observation [237, 285] have cast
the problem in terms of the Fokker-Planck kinetics with a Golden Rule reaction sink, similar
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to formalisms developed in the past by Agmon and Hopfield [70] and Sumi and Marcus [71].
This theoretical algorithm offers the following physical picture. At the initial time t = 0, a
laser flash lifts the equilibrium population Peq (X) of the ground P to the excited state P∗
(dashed line in the left panel in Figure 40). At this moment, the state P∗ is fully occupied,
P (0) = 1. The system can decay to the charge-separated state with the frequency ωe (eq
4.4) at the activated state X = 0 thus depleting P (t) and changing Peq (X) to P (X, t) (dashdotted line in the left panel in Figure 40). At the initial time, P (X, t) ≃ Peq (X), and the
decay is determined by the equilibrium rate kET given by eq 4.3. However, as the population
of the activated state X = 0 depletes from that given by the Boltzmann distribution, the
continuation of the reaction requires a diffusional supply of the population to the activated
state. The result is a slower population decay and effectively multiexponential kinetics.
Given that the activation barrier is small for primary charge separation (Figure 37), the
diffusional regime kicks in at the early stage of the reaction leading to observable deviations
from monoexponentiality.
Two complications need to be recognized in applying this type of diffusion-reaction
kinetics to the problem of primary charge separation. The first complication, well-recognized
in studies of the dynamic solvent effect on electron transfer in small molecules [239, 286],
is related to the fact that the Stokes shift dynamics are non-exponential, in particular in
its initial Gaussian stage. The common approach to the problem, going back to the SumiMarcus formalism [71], is to split the overall energy gap X into a fast, xf , and slow, x,
components, X = xf + x. The evolution operator along the reaction coordinate X is then
averaged over the equilibrium distribution of the fast component, resulting in a diffusionreaction equation for the population along the slow reaction coordinate x only:
∂P (x, t)/∂t = [L(kET , x) − k(x)] P (x, t)

(4.48)
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FIG. 40. Left panel: Photoexcitation of the special pair lifting the equilibrium distribution
(dashed line) from the ground state to the electronically excited state. This excitation
starts the decay of the population through the Gaussian sink k(X), along with the onedimensional diffusion given by the Fokker-Planck operator LP (x, t). The dash-dotted line
indicates depletion of the population at the side of the sink resulting in a slowing down of
the population relaxation and in overall non-exponential kinetics. Right panel: Population
decays of mutants of the reaction center of Rhodobacter sphaeroides taken from ref [237]
(points) and fits of P (t) to the diffusion-reaction model (solid lines). The legend in the right
panel specifies mutants altering the local electrostatic potential at the special pair [273].
The dashed line marked kET shows the initial population decay with the electron transfer
rate constant according to eq 4.52.
In this equation, L(kET , x) is a diffusional operator


∂
∂G(kET , x)
∂
+β
L(kET , x) = D(kET )
∂x ∂x
∂x

(4.49)

describing the Fokker-Planck dynamics in the potential given by the electron-transfer free
energy surface. For multi-exponential decay, a time-dependent diffusion constant can be
used for the harmonic potential G(kET , x) [287], while an effective relaxation time τeff needs
to be defined for a general potential. Following Hynes [288], this relaxation time is defined
here in terms of a weighted sum of the corresponding rates of exponential relaxation. For
a bi-exponential long-time tail in eq 4.21, one gets
−1
C −1
−1
= λC
τeff
1 τ 1 + λ2 τ 2



C
λC
1 + λ2



(4.50)

The diffusion constant in eq 4.49 then becomes D(kET ) = 2kB T λC (kET )/τeff . Finally
the rate constant k(x) in eq 4.48 is the Golden Rule rate averaged over the equilibrium
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distribution of the fast relaxation component
k(x) = ωe

q

λs /(λC
G

+

λind ) exp



(h∆Ei − x)2
−β
ind )
4(λC
G+λ



(4.51)

ind is the induction reorgawhere λC
G is the fast Gaussian component of decay in eq 4.21, λ

nization energy, and h∆Ei is given by eq 4.5.
Most studies applying this formalism in the past have assumed that the overall rate
of diffusional reaction, i.e. the rate of arriving at the transition state X = 0 from the bottom
of the potential well, is much smaller than the relaxation rate of any nuclear mode coupled
to electron transfer. This is obviously not true in our case, and non-ergodicity corrections,
already introduced into eqs 4.48–4.51, are required. These corrections come in the form
of the free energy surface G(kET , x) depending on the rate kET (eq 4.34), as well as the
diffusion coefficient D(kET ) depending on the non-ergodic reorganization energy λC (kET ).
Therefore, any solution of the dynamic diffusion-reaction equation should produce a closure
for kET and then solved by repeated iterations [282]. Equation 4.48 was solved employing
the generalized moment expansion of Nadler and Marcus [238] to produce kET as the initial
population decay (right panel in Figure 37)
kET = −
where P (t) =

R

d ln P (t)
dt

(4.52)
t→0

P (x, t)dx. This condition establishes the closure for the self-consistent

calculation of kET by repeated solutions of eq 4.48. The free energy surface is then obtained
by a horizontal shift of eq 4.45, G(kET , x) = x2 /[4λ(kET )].
The approach outlined here results in a good agreement with experimental population decays for a number of mutants reported by Wang et al [237] (Figure 40) with the
input parameters produced by S1 simulation protocol. Also notice that the rate constant in
the sink term in eqs 4.48 and 4.51 is purely classical and does not incorporate quantum vi-
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FIG. 41. Stokes shift correlation function of primary charge separation obtained from 5-15
ns MD trajectories in S1 and S2 simulation protocols. S(t) at different temperatures with
non-polarizable special pair are shown in (a). In (b), the overall Stokes shift correlation
function at 300 K (marked as X) is compared to its components from Coulomb and induction
interactions, along with the Coulomb/induction cross term (eq 4.17). In (c), the same
separation into components of S(t) is shown for simulations with the polarizable special
pair at 300 K.
brations. For reactions in the inverted region, quantum Franck-Condon vibrational overlaps
provide additional vibronic channels for electronic transitions [72]. Primary charge separation appears to operate in the normal region [273] (Figure 36) and quantum vibrations can
be omitted. Notice, however, that classical phonon modes have been included into the fast
Gaussian and induction components of the reorganization energy.
The Stokes shift correlation function necessary to calculate the non-ergodic reorganization energy from eq 4.27 at each iteration step in eq 4.48 was taken from MD simulations
of the reaction complex (Figure 41). Several important observations follow from examining
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Figure 41. The ballistic component of the decay, arising from ballistic motions of water
and quasi-lattice vibrations of the protein matrix, is significantly diminished [289] compared to the Stokes shift dynamics of small chromophores in water [97]. Indeed, the sum
of the Gaussian component of the Coulomb reorganization energy and the induction reorganization energy, both responsible for the fast decay, is below 20% of the overall solvent
reorganization energy λs . This fact is critical for the analysis of non-ergodic free energy
surfaces of electron transfer as the fast relaxation component is essentially the only part of
nuclear reorganization which is not dynamically arrested on the short time-scale of charge
separation (see below).
The exponential tail of the Stokes shift decay becomes slower with cooling, as expected. The effective relaxation time τeff (T ) can be calculated from the fitted exponential
relaxation times according to eqs 4.22 and 4.50 and fits well by an Arrhenius function
(200 ≤ T ≤ 400 K) with the activation energy of Eτ = 1212 K. This activation barrier
is close to the value ≃ 1060 K reported for the long-time tail of the fluorescence decay of
an optical probe bound to a protein [290]. This activation barrier was assigned to local
segmental motions of the protein coupled to the hydration layer. The long tail in the Stokes
shift correlation function observed here is, however, shorter than that reported in ref [290]
and is in fact close to the slow protein-water dynamics with the characteristic time of ≃ 90
ps recently reported from Stokes shift data in ref [291].
The combination of the Arrhenius temperature dependence with the low activation
energy points to the link between exponential Stokes shift relaxation and β relaxation of
the protein/water system. Previous measurements of α relaxation in hydrated proteins
have consistently shown much larger effective activation barriers of the order 6000–9000 K
[49, 95], in addition to the breaking of the Arrhenius law in a broad temperature range.
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TABLE IX. Solvent reorganization energies (eV) and their water and protein components
from MD simulations. The reorganization energies depending on the reaction rate were obtained from Stokes shift dynamics according to eq 4.27. kET refers to the charge separation
rate at the corresponding temperature.
Protocol
S1

S2

T/K
77
200
250
300
350
400
300

λs
0.421
0.903
1.955
1.598
2.239
1.335
2.513

λs (kET )
0.266
0.257
0.261
0.4541
0.657
0.639
1.276

λw
0.191
0.756
1.639
1.124
1.246
0.866
1.454

λw (kET )
0.072
0.106
0.126
0.124
0.202
0.259
0.188

λprot
0.245
0.251
0.419
0.466
1.407
0.797
1.385

λprot (kET )
0.210
0.201
0.235
0.260
0.611
0.451
0.970

We therefore conclude that primary charge separation is coupled to two nuclear modes:
Gaussian ballistic/phonon motions and exponential β relaxation. The relaxation time of the
former turns out be close to 0.1 ps [265] and is essentially independent of temperature. We
note in this regard that anharmonic protein displacements shown in Figure 35 are also linked
to β relaxation [49]. The decoupling of the Stokes shift dynamics of the primary charge
separation from α relaxation is distinct from the situation commonly seen for solvation
dynamics of small solutes [213] and, among other things, implies that dielectric α-relaxation
data, routinely used to calculate solvation dynamics of small chromophores [154], have little
to do with the dynamics of primary charge separation.
Stokes shift dynamics allow us to calculate the non-ergodic reorganization energies
entering the reaction rates and population decays. Table IX reveals yet another important
mechanistic aspect. It shows that the reorganization energy of water is significantly cut
off by the dynamical arrest. Reorganization of fast, anharmonic quasi-lattice vibrations of
the protein emerges from the water dominance in the thermodynamic limit, acting as the
leading mode driving electronic transitions on the picoseconds scale.
We now turn back to the calculation of the rates of primary charge separation.
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Two types of laboratory experiments are most relevant to our discussion. The first are
the measurements by Fleming and co-workers [201] of charge separation rates in a broad
range of temperatures between helium 5 K and room temperature, 300 K. The experimental
observation, which has puzzled theorists ever since, is a very gentle decay of the electron
transfer rate over the whole temperature range (open points in Figure 42). This result is
apparently inconsistent with any conceivable temperature dependence of equilibrium nuclear
solvation energies, even if activationless electronic transition is realized at some intermediate
temperature. The second set of experimental results, reported by Allen and Woodbury and
co-workers [273, 237], provides population decays of P∗ in a carefully engineered set of
mutants altering the electrostatic potential at the location of the special pair. A surprising
result of these experiments was the realization that the wild-type reaction center falls off
the top of the energy gap law into the normal region of electron transfer [273].
The current calculations, based on the input from MD simulations and the concept of
solvation non-ergodicity, are capable of reproducing the experimental decay curves P (t) for
the whole set of mutants studied by Allen and Woodbury (Figure 40). In the fit, the electron
transfer matrix element was obtained from the 300 K rate of the wild-type reaction center
C was varied among the
and the inhomogeneous component of the average energy gap ∆Einh
C is consistent with
mutants (electrostatic mutations [273]). The fitted variation of ∆Einh

changes in the midpoint electrochemical potential upon the mutation. In order to further
test the consistency of these results with the experimental database, one needs to prove
that the experimental rates at different temperatures [201] can be obtained with the set of
parameters used to fit the mutagenesis data. These results are shown in Figure 42 with the
details of calculations given in Chapter 5.
Proper account of the temperature variation of the parameters entering the activa-
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FIG. 42. Temperature dependence of the rate of primary charge separation from experiments by Fleming et al [201] (points) and from calculations of the rate using the gas-phase
energy ∆E gas = 1.86 eV and V = 41.5 cm−1 adjusted to reproduce the rate at T = 300 K
(solid line). The dotted line represents the fit of experimental data to an empirical equation
suggested in ref [201].

tion barrier is important in reproducing the observed rates. The main factor here is the
temperature dependence of the induction shift, which is well converged in our simulations
and slopes positively with increasing temperature (Table VII). Unfortunately, the accuracy
of the current simulations does not allow us to address the temperature dependence of the
Coulomb components of the energy shift and reorganization energy since their changes in
the interval of temperatures studied are within the uncertainties of numerical simulations.
Our previous experience with another photosynthetic protein, plastocyanin, suggests that
the length of the simulated trajectories needs to be extended up to at least 20 ns for a
reliable estimate of the temperature slope [82], which is beyond our current computational
capabilities. Therefore, in order to assign realistic slopes to the Coulomb components of
the free energy barrier, we used our previous observation [77, 117] that the results of many
calculations and experiments on small solutes in polar solvents give the logarithmic slope
of the Coulomb reorganization energy in the range ∆λC /λC ≃ −(2 − 3) × 10−3 ∆T . The
Coulomb reorganization energy was then assigned the slope of ∆ ln λC /∆T = −1.3 × 10−3
K−1 and, based on its relative magnitude, the Coulomb component of the average energy
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FIG. 43. Charge separation rate vs the variation of the average donor-acceptor energy gap
produced by mutagenetic substitution (points [237]). The lines are obtained by horizontal
shifts of the non-ergodic parabolas of the initial charge separation state obtained in S1
protocol (solid line, Figure 37) and in S2 protocol (dashed line, Figure 38). In experiment,
mutagenetic substitution varies the inhomogeneous part of the Coulomb component of the
C = 0
average vertical gap and therefore that parameter marks the horizontal axis, ∆∆Einh
corresponds to the wild-type reaction center.
gap was given the slope of ∆(ln ∆E C )/∆T = 5.2 × 10−4 K−1 (see Chapter 5). These assignments do not affect our results much since a close fit can also be obtained by assuming
these these two parameters are temperature-independent. We finally note that the problem
of the temperature dependence of the reaction parameters, in particular the driving force,
is not free of controversy. Opposite signs of reaction entropy have been obtained for different charge-transfer reactions [210, 292] in the reaction center and temperature-independent
parameters are routinely used in the analysis [293, 294].
The non-ergodic free energy surface of electron transfer (narrower surface in Figure
38) obtained from simulations with a polarizable special pair can also be used to fit the
experimental reaction rate at 300 K. This fit results in the gas-phase gap of ∆E gas = 1.57
eV used in Figure 38 to plot the free-energy surfaces. This value of the gas-phase gap yields
the average energy gap of h∆Ei = 0.150 eV, consistent with the experimental evidence [273]
and previous fits of the rates by Wang et al [237]. The non-ergodic reorganization energy
obtained from fitting the curvature at the minimum of the G(kET , X) curve turns out to be
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0.39 eV, close to the value of 0.46 eV reported for S1 simulations in Table IX and the value
of 0.35 eV reported by Wang et al [237]. The non-ergodic free energy curves from Figures
37 and 38 are used to construct the energy gap law of electron transfer plotted against
the variation of the inhomogeneous electrostatic potential of the protein, as was done in
mutagenesis experiments [273]. We find that polarizable and non-polarizable simulations
result in close shapes of the energy-gap law.
4.4. Discussion
4.4.1. Mechanism of electron transfer activation
The extensive MD simulations of the bacterial reaction center combined with formal
modeling have allowed us to look closely at the nuclear modes driving electronic transitions
and their energetic balance in the reaction activation barrier. Several qualitative results have
emerged from our analysis. From the viewpoint of the relative participation of different
types of interaction potentials, we have shown that induction and Coulomb forces give
comparable contributions to the average energy gap, while Coulomb interactions tend to
dominate the reorganization energy of electron transfer. A significant finding of this study
is the realization that, on the nanosecond time-scale achievable by numerical simulations,
the reorganization energies and shifts are quite significant, much larger than had been
anticipated so far. The understanding that most of this nuclear solvation is dynamically
frozen on the time-scale of the reaction then became critical for the quantitative description
of the observable rates. While water dominates the reorganization energy on the nanosecond
time-scale, most of this solvation freezes on the picosecond reaction time-scale, and protein
vibrations emerge as the main nuclear mode driving electronic transition. Still, there is a
noticeable component of water reorganization, originating from the ballistic Gaussian decay
of the Stokes shift correlation function, left even on the picosecond time-scale (Table IX).
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FIG. 44. Total Stokes shift correlation function of primary charge separation compared to
the Stokes shift correlation of reaction center tryptophans (dashed line) and to the normalized self-correlation function of the fluctuations in the donor-acceptor distance RDA (t)
between the special pair and bacteriochlorophyll (dash-dotted line). The lower solid line
shows the correlation function of tryptophan absorbance band taken from ref [237].

Once the protein is identified as the major heat reservoir operating on the picosecond
time-scale of the reaction, one can try to identify a particular mode most strongly coupled
to the transferred electron and driving the electronic transition. Several answers to this
question have been proposed in the past. Wang et al [237]. suggested to use transient
changes in tryptophan absorbance at 280 nm to monitor the electron transfer kinetics.
In this approach, photoexcited tryptophan serves as a time-resolved probe of the ultrafast
nuclear rearrangement of the protein matrix with the hope that the dynamics recordered by
spectroscopy will match the Stokes shift dynamics unreachable by spectroscopic techniques.
Since both types of information are available from our simulations, we have tested this
hypothesis here.
Figure 44 compares the Stokes shift dynamics of primary charge separation with the
Stokes shift dynamics of tryptophan averaged over all tryptophans in the reaction center
protein. Although these two match each other reasonably well, the experimental trace [237]
shown in the same plot is quite different having, in particular, a much faster initial decay [295]. It turns out that this experimental trace matches quite well the autocorrelation
function of the donor-acceptor distance between the special pair and the accessory bacteri-
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ochlorophyll cofactor BL (Figure 30, also see Figures S2 and S3). The decay of this function
is also caused by protein vibrations suggesting that the experimental observation traces one
of the long-wavelength vibrational modes responsible for large-scale protein motions, but
not necessarily the modes contributing primarily to the Stokes shift dynamics of primary
charge separation.
In fact, following an early proposal by Gehlen et al [66], Chaudhury et al. [285]
recently suggested that donor-acceptor vibrations represent the mode activating electronic
transitions. Our current results do not support this hypothesis. The dynamics of the
donor-acceptor vibrations are different from the Stokes shift dynamics. In addition, both
the self-correlation function of donor-acceptor distances and the experimental trace of Wang
et al [237]. produce too large an amplitude of the initial decay which would make a larger
portion of nuclear solvation unfrozen on the time-scale of the reaction, thus invalidating the
analysis of the reaction rates (see below). On the experimental side, related evidence shows
the low sensitivity of charge-recombination rates to high pressure (up to 345 MPa) which
caused about 16% of volume change of the sample [296]
What has not been considered so far in the long history of modeling primary charge
separation is the possibility that a high polarizability of the photoexcited special pair can
significantly modify the energetics of the reaction. The simulations presented here are the
first attempt to understand the consequences of the huge polarizability of the special pair
on the charge-transfer energetics and kinetics. The polarizability of the special pair was
modeled here by the two-state model [229, 297] with the dynamic adjustment of the population between charge-transfer and neutral states of the special pair along the simulation
trajectory. The two-state model has its obvious limitations and a possibility of a broader
spectrum of electronic states [298, 261] can be considered in the future, along with improved
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modeling of the temperature variation of the absorption spectrum of the special pair. Nevertheless, the present simulations give the first insights into what sort of changes to the
energetics should be anticipated when the polarizability has been taken into account.
What we have found here is consistent with previous studies of the role of polarizability in the energetics of electron transfer [233, 234]. The free energy surface of the
initial electron-transfer state involving a polarizable special pair is significantly distorted
compared to Marcus parabolas which we obtained in the simulation protocol with the nonpolarizable primary pair (cf. Figures 37 and 38). The reorganization energy, obtained as the
variance of the energy-gap fluctuations, is significantly enhanced compared to the case of
non-polarizable simulations, also in agreement with the previous studies [234, 173]. The free
energy curve could be fitted with the analytical equations of the Q-model, which introduces
a non-parabolicity parameter in addition to the two-parameter description of the Marcus
model.
Although the free energy curve from the 15 ns trajectory shown in Figure 38 is perhaps the most asymmetric electron transfer free energy surface ever reported from numerical
simulations [234], most of this asymmetry is washed out by the dynamical arrest of nuclear
solvation on the reaction time-scale. The free energy surface narrows down and approaches
the Marcus parabola on the 4 ps observation window (Figure 38). In fact, the rate of charge
separation can be equally well described by either polarizable or non-polarizable simulation
data with a close range of parameters and a close match between the resulting energy gap
laws (Figure 43). It appears that what charge separation probes on the picosecond observation window is a stripped surrogate of the rich dynamics and thermodynamics of the
protein/water electrostatics on the time-scale of thermodynamic observables. Nature has
therefore played with dynamical time-scales to reduce these complexities to a near-resonance
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electron transfer driven by ballistic phonon motions.
4.4.2. Rates of primary charge separation
The ideas of non-ergodic nuclear solvation advocated here were tested for consistency with experimental observations by calculating the rates of charge separation as a
function of temperature [201], and the kinetics of the population decay depending on mutagenetic substitution [237]. Since the simulation protocol involving the non-polarizable
special pair had produced Marcus parabolas for the free energy surfaces, we were able to
use the diffusion-kinetic model advanced by Sumi and Marcus [71] in order to calculate the
population decay. The main question we were asking here is whether the use of the same
set of fitting parameters (electron-transfer matrix element V and the gas-phase energy gap
∆E gas ) would provide us with a consistent description of both sets of experiments. We
obtained a positive result here (Figures 40 and 42).
A fit of the population decay to the Sumi-Marcus diffusion-kinetic model was also
presented by Wang et al [237]. In their analysis, the diffusion coefficient was taken to be
time-dependent in order to reflect the non-Markovian character of the relaxation [287]. Both
the average energy gap and the reorganization energy were considered as fitting parameters.
We found that the use of the time-dependent diffusion coefficient is not a necessity since the
same data can be reproduced with an effective diffusion coefficient extracted from Stokes
shift correlation functions. What distinguishes this work from their’s is that the solventinduced shift of the average energy gap and the reorganization energy are fixed by MD
simulations, instead of used as fitting parameters. The gas-phase gap and the electron
transfer matrix element were fitted to the rate at 300 K, but then, these parameters allowed
us to reproduce Fleming’s data. With these restraints on the parameters’ magnitudes, there
is very little room for adjusting the two parameters. We also note that the results of the
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calculations, and of our simulations of the charge-separated state P+ -B−
L , are consistent
with the current state of experimental evidence regarding the energetics of primary charge
separation, as we have discussed in sec 4.3.3.
The negative slope of the charge separation rate with increasing temperature has
puzzled theorists for two decades, and has mostly been approached by considering a
temperature-dependent population of phonon modes coupled to electron transfer [50]. Although our simulations and conclusions are for the most part limited to high temperatures
greater than 200 K, explaining the negative temperature slope of the rate in this region does
not require vibronic coupling models. We found the reaction rate to follow the temperature
variation of the induction component of the average energy gap which itself becomes less
negative with increasing temperature because of the protein expansion.
We have confirmed the observation made by Haffa et al. [273] that primary charge
separation falls into the normal region of electron transfer (Figures 37 and 43). This result was considered incompatible with the weak temperature dependence of the rate, and
a vibrational heating mechanism [273, 299, 300] was suggested in order to explain the positive h∆Ei. Our current calculations suggest that Fleming’s data can be reconciled with
h∆Ei ≃ 0.15 eV for the wild-type reaction center without assuming vibrational heating
once the temperature dependence of h∆Ei is taken into account. The main component
of h∆Ei responsible for its temperature dependence is the shift by electronically instantaneous induction forces which do not get dynamically frozen, but rather changes due to a
temperature-affected alteration of protein’s refractive index (eq 4.43). Our simulations also
suggest that the wild-type reaction center is driven even further from the optimum activationless energetics when temperature increases above the room temperature and that the
optimum activationless configuration is reached at around 200 K (Figure S4). We refrain
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from speculations on evolutionary implementations of this result.
4.4.3. Broader insights
Electron transfer connects cofactors in energetic redox chains in biology. Three parameters are generally believed to have the main impact on the kinetics of electron hops:
the redox potential, the probability of tunneling, and the reorganization energy. The first
one is relatively well understood, and in many cases, accessible to measurements. The
distance decay of electron tunneling has attracted significant attention of the theoretical
[301, 302, 45] and experimental [303] communities in recent decades. Although the importance of specific pathways in the polypeptide structure vs the generic tunneling decay
specified by the height of the potential barrier is still actively discussed [303, 304, 305, 306],
there is a general consensus about the magnitudes of matrix elements involved and the
distance decay of the tunneling probability [303, 307].
The last component of the biological electron transfer picture, the reorganization
energy, is probably least understood. Although the reorganization energy is the hallmark
of the classical Marcus theory of electron transfer [36], not much is known about both
its value and the microscopic modes responsible for reorganization in protein [303] and
DNA [308] electron transfer. For proteins, the experimental evidence mostly comes from
kinetic measurements of ruthenium-modified proteins introduced into the field by Gray and
co-workers [43], and some recent reports from computer simulations [38, 41, 42]. Notice
that computer simulations reported in the past were mostly limited to either very short
trajectories [265, 251, 38] or estimates of the reorganization energy from the Stokes shift [41,
42] which does not necessarily provide the correct value of the reorganization energy defined
through the variance of the energy gap [281]. The uncertainties of reorganization energy
values have led Dutton and co-workers to suggest [304] a generic value of 0.7 eV for electronic
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transitions between cofactors not exposed to water with the provision that smaller values
might be required for photosynthetic electron transfer. The fits of the photosynthetic rates
have been attempted many times and extremely low values of the reorganization energies
(as low as 0.1 eV [210, 294]), completely unthinkable in light of our present simulations,
have been reported in the literature.
Our present work gives a different perspective to the problem of the activation barrier of electron transfer in proteins. We claim that the range of reorganization energies
fundamentally attainable in protein electron transfer is very broad given that the overall
reorganization energy attained in our present and previous [281] simulations is much higher
than it was previously anticipated (≃ 1.6 eV for S1 protocol and ≃ 2.5 eV for S2 protocol).
The question of assigning the reorganization energy thus turns not into its “generic” value,
but into the question of finding the protein/solvent reorganization energy reachable on a
given time-scale of the reaction, when a certain portion of nuclear degrees of freedom is
dynamically frozen.
We could not identify any specific solvent and/or protein modes that drive electron
transfer. Instead, the energetics of electronic transitions appear to be driven by some
generic set of ballistic modes which would probably characterize any heterogeneous solvent
made of a rigid core (protein) surrounded by a molecular polar solvent (water). It also
seems true that achieving both the reaction rate of primary charge separation and its low
temperature dependence allows some, although not large, flexibility in the driving force
(≃ 0.3 eV between photosynthetic bacteria [210]). Where the specific design of the reaction
center appears to matter is in providing a sufficient tunneling rate between closely separated
cofactors. This part of the design turns out to be very essential since the fast rate allows the
natural photosynthesis to dynamically freeze nuclear solvation, and to achieve low values
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of the reorganization parameters characterized by weak temperature dependence (ballistic
motions and local density fluctuations). It might therefore turn out that “Darwin at the
molecular scale” [304] operates not that much with redox potentials but, to a greater extent,
with relaxation time-scales.

CHAPTER 5
DYNAMICAL TRANSITION, HYDROPHOBIC INTERFACE, AND THE
TEMPERATURE DEPENDENCE OF ELECTROSTATIC FLUCTUATIONS
IN PROTEINS
5.1. Introduction
Dynamical transition has been observed in many hydrated biopolymers, including
proteins, DNA, and RNA [309, 310, 103, 311]. In amounts to a sharp change in the temperature slope of mean-squared atomic displacements of the biopolymer atoms at the temperature usually observed in the range Ttr = 200 − 230 K. While the microscopic origin of this
dynamical transition is still debated [312, 313, 314, 315, 316], an important open question
is how the existence of this universal property of hydrated biopolymers [317] affects their
physiological activity [318, 309, 310, 317].
Electrostatics is significant to the catalytic action of enzymes [32]. Therefore, a link
between protein’s dynamical transition and enzymatic activity may exist in some property characterizing electrostatics at the active site. It is currently well established that
the dynamical transition is not observed in dry proteins, and its existence is universally
attributed to the interaction of water with the protein interface. A property sensitive to the
dynamical transition needs to connect water’s electrostatics to protein’s active site. Here,
we consider one such parameter which critically affects barriers of protein redox reactions,
the reorganization energy of electron transfer [36].
The reorganization energy λ of electronic transitions between proteins characterizes
the breadth of thermal fluctuations of the energy gap ∆E between the donor and acceptor
energy levels
λ = βh(δ∆E)2 i/2.

(5.1)

Here, δ∆E is the fluctuation of the energy gap ∆E and the inverse temperature β =
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1/(kB T ) corrects for the proportionality of the variance to temperature following from the
fluctuation-dissipation theorem [175]. The reorganization energy λ is then typically a weak
function of temperature when measured for electronic transitions in molecular polar solvents
[61].
Experimentally accessible reorganization energy of interprotein electron transfer
[303] characterizes the coupling of the energy levels of both the donor and acceptor to
the thermal bath. For long-distance electron transfer, most common in biological energy
chains, λ can be split into a sum of individual, donor and acceptor, components and a
Coulomb correction. Since these individual components mostly characterize the physics of
the problem, our focus here is on the electrostatic fluctuations at the active site of a single
protein.
Electron transfer changes the redox state of the protein and thus the partial atomic
charges of the active site. The electrostatic interactions of these charge differences with
the potential of the hydrating water φw,j at atomic sites j contribute to the Coulomb shift
C which is a part of the overall donor-acceptor energy gap:
∆Ew
C
∆Ew
=

X

∆qj φw,j .

(5.2)

j

Here, the sum runs over the atoms of the active site. The variance of this Coulomb energy
gap calculated for the charges ∆qj of the active site of a single protein is what is studied in
this paper. The water reorganization energy is then defined as
C 2
λw = βh(δ∆Ew
) i/2.

(5.3)

The dynamical dimension of the problem is characterized by the normalized Stokes
shift correlation function [97]
C
C
C
Sw (t) = hδ∆Ew
(t)δ∆Ew
(0)i/h(δ∆Ew
(0))2 i,

(5.4)
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where angular brackets denote an ensemble average. The common form of Sw (t) is dense
polar liquids includes a fast one-particle component with a Gaussian decay followed by
exponential (or stretched exponential) decay describing collective solvent dynamics [97]
2

βE

Sw (t) = AG e−(t/τG ) + (1 − AG )e−(t/τE )

.

(5.5)

Here, τG and τE are, respectively, the Gaussian and exponential relaxation times and AG
quantifies the relative weight of single-particle dynamics in the reorganization energy; βE
is the stretching exponent.
The main result of the Molecular Dynamics (MD) simulations presented here is to
show that the reorganization energy λw (T ) rises significantly with temperature to a value
much exceeding both the common estimates of this parameter for reactions involving small
redox molecules [36], and previous estimates for protein electron transfer [32]. We associate this increase with the formation of the hydrophobic interface allowing large-amplitude
fluctuations of the local water density. We also show that both the long-time exponential relaxation time [τE in Eq. (5.5)] and the collective part of the reorganization energy
λE = (1 − AG )λw pass through peaks at the temperature of dynamical transition Ttr = 220
K. This special temperature (at atmospheric pressure) has been previously associated with
a thermodynamic singularity in the phase diagram of bulk water [319, 320]. It has also been
recently suggested that a transition from fragile to strong dynamics of hydrated biopolymers
occurs at the same temperature [312, 321, 322].
5.2. Results
Most MD results reported here have been obtained from configurations in equilibrium
with the Ox state of PC; the Stokes shift data were collected from both Ox and Red
equilibrium trajectories as discussed below. The reorganization energies λw (T ) of PC(Ox)
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FIG. 45. Stokes shift correlation function of PC (Ox) at different temperatures indicated
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FIG. 46. Panel (a): Points are the water reorganization energies λw from MD simulations of
PC (Ox) and the solid line shows the fit of the simulation data to Eq. (5.7) with the fitting
parameters: λG = 0.39 eV, λeq = 0.87+0.0084∗T eV, τobs /τ0 = 7350, and Ea = 1867 K; the
dashed line assumes temperature-independent λeq . The inset shows the exponential part
of the reorganization energy related to collective water fluctuations. The closed diamonds
refer to half of the Stokes shift [Eq. (5.8)] and the open diamonds show the linear-response
reorganization energy λOx
w obtained from Eq. (5.9). Panel (b): The points refer to the
exponential relaxation time of the Stokes shift correlation function obtained from MD of
PC(Ox) and the inset shows the Gaussian amplitude AG in Eq. (5.5).
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FIG. 47. Average number of water molecules in PC’s first solvation shell (a) and its variance
(b) vs temperature. The dashed line in (b) shows a linear regression through the points
and the dotted line in (a) connects the simulation points.

state were obtained from MD trajectories at different temperatures T and fixed observation
window τobs = 1 ns. More specifically, the reorganization energy is calculated from the
variance of the Coulomb energy gap [Eq. (5.1)] by sliding a 1 ns observation window along
a longer MD trajectory and averaging over the results of the variance calculations on each
Ci
window. The average h∆Ew
obs required to calculate the variance is not a global average

but is obtained separately from each observation window. This approach to the calculation
of averages is analogous to a laboratory procedure with a fixed resolution and is required
for studies of systems with broad distributions of relaxation times [281]. In case of proteins,
a subset of nuclear motions is always frozen on the simulation time-scale and so both
specifying the observation window and keeping it constant for all measurements is significant
in maintaining consistent conditions for collecting the data.
Fits of the simulated Stokes shift functions to Eq. (5.5) are shown in Fig. 45. Two
features are most prominent there: the increase of the relative importance of the collective solvent dynamics with increasing temperature (decrease of AG in Eq. (5.5)), and the
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TABLE X. Properties of hydrated plastocyanin (Ox) from MD simulations.
T /K
100
130
150
160
170
180
190
200
210
219
220
221
225
230
240
250
260
270
280
300

λw 1
0.15
0.50
0.32
0.63
0.75
0.52
0.95
1.08
1.33
1.79
2.15
1.90
2.02
2.12
2.07
2.97
2.71
2.57
3.05
3.33

hNI i
568
556
561
553
555
554
552
549
541
544
537
545
537
545
539
535
530
520
507
507

h(δNI )2 i
20
24
32
30
42
52
61
61
60
66
71
70
78
72
80
86
88
91
96
100

p2
−0.015
−0.022
−0.025
−0.021
−0.030
−0.025
−0.025
−0.027
−0.027
−0.025
−0.021
−0.025
−0.021
−0.021
−0.020
−0.020
−0.018
−0.016
−0.012
−0.014

D2
0.032
0.003
0.017
0.015
0.038
0.041
0.020
0.037
0.061
0.088
0.093
0.095
0.107
0.126
0.165
0.206
0.281
0.326
0.389
0.536

τE 3
15.5
52.0
48.6
54.3
57.8
32.0
15.9
125.5
84.9
409.6
353.6
166.5
104.8
157.8
127.0
147.8
102.1
68.5
93.8
68.1

appearance of a peak in the exponential relaxation time at Ttr = 220 K (Fig. 46b). The
exponential part of the reorganization energy λE also shows a peak at the same temperature
(inset in Fig. 46a).
Overall λw (T ) strongly increases from a value typical for short MD simulations of
proteins [32] to a much larger value at higher temperatures (Fig. 46a and Table X). The
temperature of the onset of the λw (T ) rise is much below Ttr , at about 150 K commonly
associated with the onset of rotation of methyl groups of protein’s side chains [315, 323].
This onset temperature is however depends on the observation window. Since the relaxation
times of the protein are widely different, the rise of λw (T ) is caused by the appearance of
a particular relaxation mode in the observation window, methyl rotations in this case.
However, we believe that the underlying picture is more complex and the main rise of
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λw (T ) is caused not by methyl rotations, but by a more collective mode coupled to the
solvent interfacial translations [324, 46] (see below). In fact recent extensive simulations
of the mean-squared atomic displacements of myoglobin [323] have reveled two breaks in
the temperature slope: the first break at 150 K related to methyl (anharmonic) rotations
followed by a stronger solvent-induced break at 220 K.
The appearance of a relaxation mode in the observation window restores the statistical ergodicity for that particular mode. The non-ergodic rise of λw (T ) to its equilibrium
value λeq (T ), also seen for model charge-transfer chromophores [96], can be described by
imposing a step-wise frequency filter on the spectrum of Stokes shift fluctuations [61]
λw (T ) = 2λeq (T )

Z

∞

Sw (ω)dω.

(5.6)

1/τobs

Here, Sw (ω) is the Fourier transform of the Stokes shift correlation function in Eqs. (5.4)
and (5.5). In order to provide a physically transparent form for λw (T ) one can consider
an effective single-exponential Debye relaxation, instead of several relaxation modes, to
characterize collective nuclear motions coupled to the Stokes shift dynamics. This procedure
leads to the following simple relation
λw (T ) = λG + (λeq (T ) − λG )(2/π)arctg [τobs /τ (T )] ,

(5.7)

where the effective Debye relaxation time is given by the Arrhenius law, τ (T ) = τ0 exp[βEa ].
The Gaussian component of the solvent reorganization energy, related to ballistic
water motions [97], is normally reasonably temperature-independent [96]. On the other
hand, the temperature decrease of AG (T ) ≃ λG /λeq (T ) in the fit of the Stokes shift function
(inset in Fig. 46b) clearly points to the equilibrium reorganization energy increasing with
temperature. From the anticipated relation of λeq (T ) with the variance of the number of
particles in the first solvation shell, which linearly grows with temperature (see below), we
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have attempted a linear temperature dependence of λeq (T ) to fit the MD data to Eq. (5.7).
The result is shown by the solid line in Fig. 46a, and it is not much different from the fit
using a temperature-independent λeq (dashed line in Fig. 46a). We also note that since
our simulation length obviously cuts some slow nuclear modes off, we have not used AG (T )
from the fits of the Stokes shift correlation functions to calculate λeq (T ).
The activation energy Ea of the effective Debye mode obtained from the fit,
Ea = 1867 K, points to a secondary β-relaxation mode creating fluctuations of the electrostatic potential, in contrast to the primary α-relaxation of the water/protein system with
a commonly much higher activation barrier [325, 49]. This activation energy is also lower
than β relaxation of aqueous mixtures with the activation energy of the order of 5.5 × 103
K [316].
Also shown in Fig. 46a (closed diamonds) is the reorganization energy from the
Stokes shift obtained from the difference of average Coulomb energy gaps in Ox and Red
states:
λSt
w =

1
C
C
h∆Ew
iOx − h∆Ew
iRed
2

(5.8)

For water fluctuations following linear response one expects the reorganization energy from
the variance [Eq. (5.3)] to be connected to the reorganization energy from the two first
moments [Eq. (5.8)] by the following relation:
St
C
C
λOx
w = λw − (β/2)hδ∆Ew δ∆EP iOx .

(5.9)

In Eq. (5.9) we have stressed that the averages are taken over the configurations in equilibrium with PC(Ox) and ∆EPC is the Coulomb interaction energy of the difference charges of
the active site [∆qj , Eq. (5.2)] with the remaining partial charges of the protein matrix.
When a rigid molecule is solvated and the intramolecular energy gap does not fluctu-
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ate, the second correlator in Eq. (5.9) is zero. One arrives then at the standard expectation
of the linear solvation theories that two routes to the reorganization energy, from the second cumulant [Eq. (5.3)] and from two first cumulants [Eq. (5.8)], are equivalent [36, 61].
Since the protein matrix fluctuates itself, the cross-correlation in principle needs be taken
into account, and it turns out to be negative [98]. However, when cross-correlation term is
subtracted from λSt
w in Eq. (5.9) (open diamonds in Fig. 46a), the result is still significantly
below the reorganization energy from the variance [Eq. (5.3)]. We therefore observe here a
severe breakdown of linear solvation.
What Fig. 46a in fact indicates is that the two definitions of the reorganization energy
converge at low temperatures with the reorganization energy from the variance deviating
significantly upward above T ≃ 200 K. This observation implies that fast water’s modes
coupled to electrostatic fluctuations, presumably librations, which are still unfrozen at low
temperatures, follow the expectations of the linear response theories. On the contrary, a
slower collective mode, which appears in the observation window at higher temperatures
and gives rise to the gigantic reorganization energy, does not follow the linear response. The
cross-correlation does not restore the linear response, in contrast to an earlier observation
made for a water-exposed tryptophan residue [98]. The low value of the cross-correlation
physically implies that the elasticities of the protein and water are drastically different and
their electrostatic fluctuations are mostly decoupled. From that perspective, this correlation
decoupling should hold for any solute/solvent combination with a significantly different
rigidity.
The fluctuations of water’s electrostatic potential at the active site can generally
be traced back to two weakly correlated nuclear modes in polar liquids, the orientational
polarization and the local density [326]. In order to clarify the origin of the dramatic
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FIG. 48. h(δM )2 i/NI (T ) vs temperature. The inset shows the second-rank orientational
order parameter p2 (T ) [Eq. (5.12)].
rise of the reorganization energy, we have looked at two additional correlation functions
characterizing the density and orientational manifolds of the water molecules in the protein’s
first solvation shell. A water molecule is defined as to belong to the first solvation shell if
its oxygen atom is within 2.87 Å distance from the protein van der Waals surface.
The density manifold is characterized by the fluctuation of the number of particles
NI (t) in the first solvation shell,
CN (t) = hδNI (t)δNI (0)i.

(5.10)

Further, the orientational manifold is described by the fluctuations of the total dipole moment M(t) of the water dipoles in the first solvation shell,
CM (t) = hNI i−1 hδM(t) · δM(0)i,

(5.11)

where NI (T ) = hNI i is the average number of waters in the first solvation shell. In CN (t)
and CM (t), the fluctuations δNI (t) and δM(t) denote the deviations from the corresponding
average values. The variances were calculated on the 1 ns observation window by using the
same procedure as for the reorganization energy calculations.
The temperature dependences of the average and variance of the number of waters
in the first solvation shell (Fig. 47) are indicative of the formation of the hydrophobic pro-
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tein/water interface with increasing temperature. The average NI (T ) is generally a decaying
function (Fig. 47a), and the slope of this decay becomes sharper above the transition temperature Ttr (see below). The decrease in the density of water at the interface allows stronger
density fluctuations (Fig. 47b) and it is this regime of large interfacial density fluctuations
that is a signature of hydrophobic solvation [186]. In this regime, one-particle exchanges of
water molecules between the surface and the bulk [46] combine into large-scale collective
density waves producing significant modulations of the electrostatic potential reflected in
λw (T ). This thermal noise of hydrophobic surfaces is also reflected in a well-documented
increase of protein’s heat capacity upon unfolding, indicative of an increased breadth of the
energy fluctuations [327, 328].
The interfacial density fluctuations originate from the exchange of waters between the
hydration shell and the bulk. These fluctuations can be represented as binding/unbinding
events at the protein surface [329] with the resulting equilibrium reorganization energy
λeq (T ) scaling linearly with the variance of the number of particles in the hydration shell:
λw (T ) = a + bh(δNI )2 (T )i, where coefficients a and b are weak functions of temperature.
This expectation, used in the solid-line fit in Fig. 46a, is corroborated quite well given the
linear scaling of h(δNI )2 (T )i with temperature (Fig. 47b). A fairly significant temperature
rise of λeq (T ) (see the fitting parameters in Fig. 46) also indicates a substantial density
component in the overall reorganization energy at ambient conditions, in contrast to a 20–
30% contribution for small solutes in dense polar solvents [326]. We therefore conclude
that the contribution to λeq (T ) from density fluctuations is significantly magnified by the
soft and flexible nature of the hydrophobic protein/water interface resulting in a gigantic
magnitude of the overall reorganization energy far exceeding half of the Stokes shift [Eqs.
(5.8) and (5.9)].
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FIG. 49. Exponential relaxation time τEM extracted by fitting the correlation function
CM (t) from Eq. (5.11) to Eq. (5.5). The points are the simulation results in three ranges
of temperature where they are fitted to the Vogel-Fulcher temperature law (at highest
temperatures) and to Arrhenius laws (at intermediate and lowest temperature ranges).
The solid lines show the results of the fits.
The orientational fluctuations of the first-shell dipoles do not show a resolvable
correlation with the reorganization energy (Fig. 48). The variance of the first-shell dipole
moment grows with rising temperature, in accord with a general expectation of increased
softness of the solvation shell, but does not show an obvious correlation with λw (T ). There
is a weak maximum at Ttr for h(δM)2 i, but it is hard to assess from our data whether this is
another reflection of the same spike seen for the collective part of the reorganization energy
λE in Fig. 46a.
The inset in Fig. 48 shows the second-rank orientational order parameter
p2 =

*

X
j∈I

+

P2 (êj · r̂j ) .

(5.12)

Here, êj and r̂j are the unit vectors of the dipole moment and position of molecule j which
belongs to the first solvation shell, and P2 (x) is the second Legendre polynomial. The lowtemperature portion of p2 (T ) is practically constant showing a slight preferential orientation
of the water molecules parallel to the interface. This type of ordering has been previously
observed at interfaces of nonpolar substances and proteins with water [330, 331]. This
preferential ordering decays with increasing temperature resulting in essentially random, on
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average, orientations of water dipoles in the hydration shell. The fairly large amplitude of
the dipole moment fluctuations is therefore most likely caused by the density fluctuations.
This assessment is supported by the data for exponential relaxation times of CN (t)
and CM (t) obtained by fitting these correlation functions to Eq. (5.5). When both exponential relaxation times are fitted to Arrhenius laws, they produce activation energies of
1389 K and 2076 K, respectively, in a close range with the activation energy of 1867 K
obtained from the fit of λw (T ) to Eq. (5.7). We note that this activation barrier is consistent with the activation enthalpies of 1400–2400 K obtained by a variety of techniques for
β-fluctuations of hydrated proteins [49] which are considered to be slaved by β-fluctuations
of the hydration shell [49, 88]. One also needs to keep in mind that an average Arrhenius
slope actually hides a fairly complex behavior. Figure 49 shows the exponential relaxation
time of CM (t) vs inverse temperature. The low-temperature portion of the data (triangles)
is well approximated by a non-Arrhenius Vogel-Fulcher temperature law. This is followed
by what can be characterized as a fragile-to-strong crossover followed by yet another break
in the Arrhenius slope at ≃ 160 K. This picture is consistent with two breaks in the slope
seen in the simulations of mean-squared atomic displacements of myoglobin [323], where
the lowest-temperature break was associated with the onset of methyl group rotations. The
results for exponential relaxation times of CN (t) are more scattered and we could not reach
an equally informative conclusion except for the average Arrhenius slope.
5.3. Discussion
Many alternative explanations have been sought for the observed dynamical transition in biopolymers [317]. Given that the transition is not observed for dry protein samples,
the possible scenarios are limited to either the protein/water interface or to a bulk property
of water. The recent observations, from neutron scattering measurements, of the fragile-to-
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strong crossover in the dynamics of partially hydrated protein powder samples [312] point
to the second (bulk water) scenario. The crossover, also seen in the recent simulations
[313, 322], can be connected to the bulk water crossing the Widom line, i.e. the line of
maximum cooperativity of the water fluctuations [319]. On the other hand, other recent
experimental data on quasielsatic neutron scattering, dielectric relaxation [315], and conductivity [314] of hydrated proteins have not revealed any special points in the corresponding
relaxation times around the temperature of dynamical transition. These latter data report
the temperature dependence of the primary α-relaxation of the protein/water system and
therefore these authors have concluded that the observed dynamical crossover [312] should
be attributed the appearance of a secondary relaxation in the observation window at T > Ttr
[88, 315].
In addition, recent observations of the dynamical transition in DNA and RNA [87,
321] have clearly shown that this property is not unique to a peptide-based polymer. These
findings again re-emphasize the notion that either a bulk property of water or some generic
property of the interface, not much sensitive to the details of the macromolecular structure,
are responsible for the transition. Our data in fact suggest that both bulk and interfacial
views need to be invoked to explain different facets of the problem, but the interface aspect
has a dominant effect.
We have shown that the dramatic rise of the reorganization energy correlates with
the depletion of the first solvation shell and the related increase in the strength of the
first-shell density fluctuations. Figure 50 additionally supports this view. Here we compare
experimental [49] and simulated [323] atomic mean-squared displacements of myoglobin
(small points) with our calculations of the diffusivity of water in the simulation box and
the change in the number of waters in the first solvation shell. All parameters have been
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FIG. 50. Diffusion coefficient (open circles) from the present simulations and atomic meansquared displacements of myoglobin measured experimentally [49] (small up-triangles) and
obtained from MD simulations [323] (small squares). Closed diamonds show the change in
the number of particles in the first solvation shell (Fig. 47). All parameters are normalized
to their corresponding values at 300 K.
normalized to their corresponding values at 300 K to bring them to the common scale.
The remarkable result of this comparison is that the average number of waters in the first
solvation shell follows very closely the atomic displacements changing its temperature slope
at the point of dynamical transition, Ttr = 220 K. The increased mobility of the protein is
therefore related to the increased translational mobility of waters [46, 332] caused in turn
by the creation of the high-temperature hydrophobic interface [186].
The diffusion coefficient of water in the simulation box is plotted separately vs the
inverse temperature in Fig. 51, where we also compare our results to previous simulations
by Kumar et al [313] and by Lagi et al [322]. The diffusion coefficient was calculated from
the Einstein equation and the reported values are averaged over all waters in the simulation
box. The different magnitudes of diffusivity compared to previous reports [313, 322] are
related to the different force fields used, but, more importantly, to the different fractions of
water molecules in the simulation sample. Given that all molecules in the smallest sample
in Fig. 51 belong to the interface [322], it is not that surprising that these data show the
slowest diffusion, in agreement with the common expectation of slower diffusion of waters in
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FIG. 51. Diffusion coefficient of TIP3P water calculated from all Nw = 5886 water molecules
in the simulation box (circles). The triangles indicate the results of Ref. [313] for the
simulation box containing Nw = 1242 waters; the squares denote the results from Ref.
[322] with Nw = 484 per simulation box containing two protein molecules. Closed and
open points indicate temperatures above and below the dynamical transition temperature,
respectively.
thin interfacial layers [333]. Nevertheless, despite the use of a much larger number of waters
(Nw = 5886 vs Nw = 484), we confirm here the existence of a crossover in the Arrhenius
slope of water’s diffusion coefficient observed earlier in Ref. [322].
Two observations are relevant in respect to the diffusivity data shown in Fig. 51.
First, the temperature law is Arrhenius both above and below the transition temperature
with the slope decreasing at lower temperatures, in accord with previous observations [312,
322]. Second, the transition temperature is shifted down to 200 K compared to 220 K found
in simulations of partially hydrated proteins in Ref. [322]. The first observation implies that
we observe only a change in the character of a secondary, Arrhenius relaxation, as indeed
often seen for electron transfer in proteins [318], instead of a fragile-to-strong transition.
This fact might be related to the often reported [220] disappearance of α relaxation in
confined water most closely related to our simulation conditions. Since D(T ) follows closely
the decrease in the number of hydration-shell waters (Fig. 50) a connection of the break in
the slope to a secondary process produced by collective density fluctuations of the hydration
shell seems a reasonable explanation. The second feature might imply that the existence
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FIG. 52. Reorganization energy obtained from the variance of the Coulomb energy gap:
water component λw [circles, Eq. (5.3)], the protein component λP from the variance of
∆EPC (diamonds) and the total water/protein reorganization energy λtot from the variance
C + ∆E C (squares).
of the total Coulomb energy gap ∆Ew
P
and position of the transition temperature depends on the fraction of surface waters in the
system. While all waters in the simulation setup in Ref. [322] belonged to the surface, only
roughly 10% of waters in our simulations find themselves in the first solvation shell (Fig. 47
and Table X). Likewise, we have obtained a fragile-to-strong crossover by considering only
first-shell fluctuations in Fig. 49, but it is already washed out for the diffusivity averaged
over several hydration layers.
Our data, while pointing mostly to the interfacial effects as the reason for the dramatic rise of λw (T ), do not entirely exclude crossing the Widom line, a bulk property of
water, from the picture. While the global rise of the intensity of electrostatic fluctuations
within protein is linked to the density fluctuations of the interface, the spike of λw (T ) at
T = 220 K and the corresponding slowing down of the Stokes shift relaxation might well be
linked to the crossing of the Widom line. The increased cooperativity of water’s fluctuations
at this temperature causes a behavior similar to the critical slowing down with a peak in
a second energy cumulant, heat capacity for bulk measurements [313] and reorganization
energy in our case.
The spike of λw (T ), barely seen on the 1 ns observation window, becomes more
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pronounced on the 10 ns time-scale, as is shown in Fig. 52 where the reorganization energies for water, protein, and the full reorganization energy from water/protein electrostatic
fluctuations were collected from the entire 10 ns trajectories by calculating the variance of
C + ∆E C . This observation suggests that some collective
the total Coulomb energy gap ∆Ew
P

motions of water, significantly cut off on the 1 ns time-scale, contribute to the peak and
become more pronounced on a longer observation scale.
5.4. Conclusions
In conclusion, we have found a dramatic increase in the breadth of water-induced
electrostatic fluctuations inside the protein with increasing temperature. We link this increase to the creation of the hydrophobic interface at extended hydrophobic patches of
the protein. What has escaped the attention of all studies of the dynamical transition in
biopolymers is the onset of hydrophobic solvation occurring at the same temperature Ttr as
the dynamical transition. It might be true that the creation of the hydrophobic interface
with its large extent of density fluctuations and intense electrostatic noise is closely linked to
the dynamical transition, although we do not currently have any additional data supporting
this view. However, if this view is correct, there should be a critical polypeptide dimension
below which the macroscopic hydrophobic interface does not form [186] and no dynamical
transition exists. In fact, very recent measurements of terahertz dielectric response [334] of
hydrated polypeptides of different lengths have indicated the existence of an exactly such
critical polymer length below which the dynamical transition disappears.
We found that the dynamics of electrostatic fluctuations are coupled to fast β relaxation of the hydration shell. The redox activity of proteins can therefore be classified
as hydration-shell-coupled, according to the classification suggested by Fenimore et al [49].
Although this coupling carries similarities with aqueous mixtures of simple glass-formers
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[316], proteins are not just large molecules. The formation of the hydrophobic interface is
related to a particular lengthscale of hydrophobic patches (≃ 1 nm [186]) which does not exist for small hydrated molecules. Not surprisingly, large-amplitude electrostatic fluctuations
observed here are not usually seen inside small molecules [61], although this feature might
extend to other patchy hydrophobic surfaces, such as lipid membranes and dendrimeric
structures.
It remains to be seen whether and how the gigantic reorganization energy found
at high temperatures is related to the biological function of metalloproteins belonging to
energetic electron-transfer chains. One can anticipate, from a general perspective, that
a significant increase in the amplitude of electrostatic fluctuations can help in reducing
barriers for chemical transformations by allowing better chances for favorable configurations
from a broad fluctuation spectrum.

CHAPTER 6
BIOLOGICAL MOLECULAR DYNAMICS SIMULATION PROTOCOL
6.1. Plastocyanin
Amber8.0 [28] was used for all MD simulations and minimizations. In order to properly sample the correct oxidation state of plastocyanin, it was necessary to find paramterizations (charges and force constants) that could be used to represent reality while minimizing
the amount required computation. Therefore, we made three different attempts at charging
the protein, each with a layer of complexity greater than the last.
For each charge distribution, the initial configuration of plastocyanin was created
by first a protonation step of all open valences. This protonated system was followed by
conjugate gradient minimization of X-ray crystal data at 1.7 Å resolution (PDB: 1ag6,
[335]). The system was then simulated in a NVT ensemble for 30 ps to heat the system
from 0 K to the desired temperature. After temperature equilibration, the volume was
allowed to fluctuate in a 1ns NPT run, until the targeted equilibrated system density was
reached, usually after a few hundred picoseconds, and generally reach a density of 1.1 ±
0.1 g/cm3 . After density equilibration, NVT production runs lasting from 15 ns (above 300
K) to 20 ns (at 220 ±1 K) were made, of which 10 ns at the end of the trajectory were
used to calculate the averages. The timestep for all MD simulations was 2fs, and SHAKE
[336] was employed to constrain bonds to hydrogen atoms. For constant pressure and
temperature, the system was coupled to Berendsen barostat and thermostat, respectively
[337]. The long-range electrostatic interactions were handled using a smooth particle mesh
Ewald summation with a 9 Å limit in the direct space sum [29]. This limit is chosen
because the long range electrostatic component converges around this limit, and because of
the relatively low required level of computing time for such a limit.
Three atomic charging schemes were utilized to parametrize plastocyanin active site
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(Table XI). For each parameterization, the total charge for the protein was −9.001e for
the reduced state and −8.001e for the oxidized state. This required 8 sodium ions for the
oxidized PC and 9 sodium ions for the reduced system in order to satisfy the net neutral
charge requirement by the Ewald method [29]. For the calculation of the vertical energy
gaps, the total charge on the protein was localized on the reaction center and the total
charge was ±1.0e.
For the first parameter set, a chemically fake charging scheme was employed that
uses typical AMBER FF03 parameterizations [168] on all standard amino acid residues, but
assigns an ±1 integer charge on the copper center for the reduced and oxidized states (Q1).
Second, a more accurate charging scheme was also used which was based upon experimental
spin densities from Solomon’s group for the copper and copper ligands [338, 339]. And
finally, a third charge distribution is completely parameterized at the DFT level for charges
and force constants on the copper and ligand atoms for use in the AMBER force field
(Q3) [167]. In addition, AMBER FF03 parameterization [168] was applied to all non-ligand
residues (Q2). There were various numbers of TIP3P water molecules for each of the charge
distributions: 5,874 for Q1, 5,886 for Q2, and 4,628 for the Q3.
In order to simulate a less flexible plastocyanin, we employed constrained simulation
techniques found in Amber8 simulation suite. Specifically, we used the MD module known as
Sander to apply harmonic positional constraints with a weight equal to 20 kcal/mol/Ang2 .
The reference for the constraint was merely the last frame of a long 15ns production simulation, not one chosen for a particular energetic or structural preference.
Reported in Figure 53 is the radial distribution function for the Cu-oxygen(water)
distance averaged over the last 10ns. From this data it is clear no first solvation shell exists
close to plastocyanin’s reaction center. Also note that the Cu-O pair distribution function
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TABLE XI. Charging scheme of plastocyanin for MD simulations. The ∆q charge differences
refer to the change from red to ox.
N ame
Q1

N∆q
1
4

Q2
33

Q3

∆q atom (Res. Number)
Cu
Cu
Sγ (84)
Nδ (37)
Nδ (87)
Cu
Cβ (37)
Cγ (37)
Nδ1 (37)
Cǫ1 (37)
Hǫ1 (37)
Nǫ2 (37)
Hǫ2 (37)
Cδ2 (37)
Hδ2 (37)
Cα (84)
Cβ (84)
Hβ3 (84)
Hα2 (84)
Sγ (84)
Cβ (87)
Cγ (87)
Nδ1 (87)
Cǫ1 (87)
Hǫ1 (87)
Nǫ2 (87)
Hǫ2 (87)
Cδ2 (87)
Hδ2 (87)
Cβ (92)
Cγ (92)
Hγ2 (92)
Hγ3 (92)
Sδ (92)
Cǫ (92)
Hǫ1 (92)
Hǫ2 (92)
Hǫ3 (92)

∆q/e
1.0
0.840
0.840
0.109
0.025
0.134
0.050
−0.156
0.110
−0.049
0.027
−0.003
0.045
0.081
0.037
−0.064
0.337
−0.039
−0.039
0.339
−0.007
−0.005
0.009
0.030
−0.003
0.002
0.038
0.035
0.046
−0.033
0.216
−0.056
−0.056
−0.094
0.224
−0.052
−0.052
−0.052
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FIG. 53. Radial distribution function between plastocyanin’s copper atom and the water’s
oxygen.
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FIG. 54. Vibrational density of states of plastocyanin in TIP3P water at 310 K.
does not change with changing the redox state of plastocyanin, in contrast to observations
reported for heme proteins
Figure 54 shows the vibrational density of states of plastocyanin calculated from
quasi-harmonic analysis implemented in Amber8.0. The peak of the density of vibrational
states at about 36 cm−1 is in agreement with the low-frequency vibrations with ca. 33 cm−1
seen in Raman spectra of plastocyanin [340].
Figure 55 shows an example of the Stokes shift correlation function calculated on
a 400ps and a 10ns window. As the figure shows, the hundreds of picoseconds tail is
completely lost in the low timescale. The value for β also drops from 10ns to 100ps because
only a small amount of phase space is accesible under the timescale of the simulation.
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6.2. Bacterial Reaction Center
Amber 8.0 [28] was used for all MD simulations and minimizations. The initial
configuration of the reaction center complex was taken from a crystal structure of the
purple bacterium Rhodobacter sphaeroides [236]. The force fields of bacteriochlorophylls,
pheophytins, ubiquinones, and iron center were taken from Marchi and coworkers [268].
The protocol for the creation of solvated micelle was taken from ref [240] with the slight
variations described below.
First, it should be mentioned that the reaction center was built without the
carotenoid cofactor, since it was deemed unnecessary for the photosynthesis function [297].
The system was initially setup by protonating all lone valences and assuming standard pKa
values at pH= 7. Next, conjugate gradient minimization was applied for 3N steps to remove bad contacts introduced by protonation (N is the total number of protein atoms). A
detergent micelle was then created. The micelle was made by placing on a circle of 8 LDAO
molecules in the first quadrant at the z = 0 plane, with the heads pointing to the exterior
and the tails pointing to the origin. Symmetry transformations were applied about x and y
axes to make a ring of 32 LDAO out of the first quadrant LDAO molecules. The ring was
then copied and translated along the z-axis to create four more rings, each 7 Å apart. The
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protein was then rotated to align the quasi-C2 axis with the z-axis, and translated so that
the origin overlapped with the protein’s center of mass. The rings were placed around the
protein making a tight fit, which covered almost the entire alpha helix region.
To help to form a micelle, the protein was allowed to relax by conjugate gradient
minimization for another 3N steps while the LDAO were kept in place using a harmonic
positional restraining force of 200 kcal/(mol Å2 ). Then, the force was removed and the
system was slowly heated in a vacuum at a rate of 20 K/ps until 200 K. After this short
time, the LDAO shell melted and collapsed into a tight micellar structure around the
reaction center complex. The total energy of the system, the sum of the van der Waals and
electrostatic energy, decreased during heating by several thousand kcal/mol indicating the
creation of a more stable structure. This step was different from Ceccarelli and Marchi’s
approach [240] which required heating to 400 K for several hundred ps in order to form
a compact, equilibrated micelle. Once the micelle was formed, the system charge was
neutralized with 6 sodium ions, while another 30 NaCl pairs were added to keep the system
at an approximate 0.15 M salt concentration. Then, a total of 10,506 waters (10,503 in the
charge-separated state) were added to form a truncated octahedron of the simulation cell.
Following the addition of the solvent and counterions, each system was run through
an additional equilibration procedure. First, water was allowed to relax along a conjugate
gradient minimization for 3N steps, while the micellar protein was held fixed with a weaker
restraining force of 10 kcal/ Å2 . Next, the full solvated micellar system was allowed to relax
for another 3N steps to remove any remaining bad contacts. Following this minimization,
the solvated system was heated again from 0 K to the desired temperature for 30 ps (NVT
ensemble). After temperature equilibration, the volume was allowed to expand in a 2 ns
NPT run, which stabilized in less than 200 ps. Once the density was equilibrated, NPT
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production runs lasting 5–15 ns (1–5 ns at T = 77 K) were used to calculate the averages.
A single 2 fs timestep for all MD simulations was employed, SHAKE [336] was used
to constrain covalent bonds to hydrogen atoms, and the configurations were saved each 20 fs.
For constant temperature and pressure, the system was coupled to a Berendsen thermostat
and barostat, respectively. The long-range electrostatic interactions were handled using a
smooth particle mesh Ewald summation with a 10 Å limit in the direct space sum [29].
6.2.1. Atomic charges and charge transfer within the special pair
The partial charges of the electron transfer cofactors are not provided by the Amber
force field and need to be taken from quantum calculations. Due to the large size of the
molecules, we modified the bacteriochlorophyll (Bchl) cofactors by replacing their phytyl
side chains with methyl groups. The quantum calculations of these modified molecules were
performed using GAMESS(US) [341] (B3LYP DFT/3-21G) and converted to partial charges
by CHELPG protocol, also implemented in GAMESS. The charge distribution of atoms of
the phytyl chain was assumed to be the same for the neutral and charged cofactors and was
calculated using the Antechamber module from Amber which employs the empirical AM1BCC method. The full sets of atomic charges (with phytyl chains) given below were used in
the MD simulations. Similarly, the distribution of charge in the final charge-transfer state
was obtained from DFT partial charges of a negatively charged Bchl− anion radical and
a positively charged cation radical Bchl+ (Table S2). The positive charge was distributed
unequally between the two Bchls of the special pair, with 2/3 of the positive charge residing
on the L subunit (PL ) and 1/3 of the positive charge residing on M subunit (PM ), as
suggested by ENDOR studies of Rhodobacter sphaeroides [342]. The set of ∆qk charges (k
runs over the atoms of the cofactors) obtained by subtracting the atomic charges in the
initial neutral state from the ionized state were used to calculate the Coulomb part of the
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donor-acceptor energy gap. The partial charges on the protein atoms were taken from the
Amber FF03 force field [168], and the TIP3P force field [81] was used for the partial charges
of water.
We used Stark spectroscopy data by Lockhart and Boxer [254] as the starting point
for determining the parameters of the charge-transfer state of the photoexcited special pair.
The change in the absorption dipole moment within the special pair is about fc ∆µ = 7 D
larger than in an isolated bacteriochlorophyll, where fc ≃ 1.2 is the cavity field correction
factor. If this change of the dipole moment difference, measured at 77 K, is connected to
− ∗
the mixing between the covalent (PM -PL )∗ and charge-separated, (P+
M -PL ) states of the

exited special pair, then this change in the dipole moment can be written as
∆µ = nCT ∆µCT

(6.1)

− ∗
where ∆µCT is the dipole moment of the fully ionized state (P+
M -PL ) and nCT is the

population of this state at the given energy gap between the neutral and ionized states. In
terms of the two-state Hamiltonian, this population is given as
nCT =

∆ǫ
1
−
2 2∆ωP

(6.2)

where ∆ǫ is the difference between diabatic energies of the neutral and ionized states and
∆ωP is the adiabatic energy gap between the eigenvalues of the two-state Hamiltonian
∆ωP = ∆ǫ2 + 4J 2

1/2

(6.3)

Here, J is the electronic coupling element between the neutral and ionized states of the
excited special pair and, following Lathrop and Friesner [229], we assume that the charge− ∗
transfer state (P+
M -PL ) is predominantly mixed with the lower excitonic state of the dimer.
+
When two bacteriochlorophyll radicals, P−
L and PM are placed at their crystallo-

graphic positions, the resulting dipole moment of the fully ionized state is ∆µCT = 40.2 D.
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This implies that average charge mixing between the two states at 77 K is nCT (77K) = 0.143.
In order to determine the coupling parameter J from this number we used the model vibronic Hamiltonian of Friesner and co-workers which was shown to reproduce a number of
experimental properties (absorption, circular dichroism, polarized absorption) [229]. In this
model, the difference of energies between the ionized charge-transfer and neutral states of
the special pair is 2800 cm−1 , which, combined with the population of charge-transfer state,
gives J = 979 cm−1 and ∆ǫ = 1998 cm−1 . The former value falls in between 600 cm−1 used
by Lathrop and Friesner [229] and 1450 cm−1 used by Renger [262].
The electronic mixing between the neutral and ionized states of the special pair
will make its excited state more polarizable than the ground state. The change in the
polarizability associated with charge transfer can be readily calculated from the two-state
polarizability model which gives
∆α = 2∆µ2CT J 2 /(∆ǫ)3

(6.4)

With the parameters calculated above, this equation gives ∆α = 707 Å3 , consistent with
∆α = 460 − 745 Å3 reported from fitting the Stark spectra [232].
The energy gap ∆ǫ was obtained in by fitting the spectra at 77 K [229] and is
not directly suitable for our simulations at higher temperatures. The average energy gap
between neutral and ionized states is made by the gas-phase gap ∆ǫgas and a shift by polar
and induction interactions with the protein/water solvent. In order to extract this shift,
we have run a short (1 ns) MD simulation of the reaction center at 77 K from which the
solvent shift was determined to be −0.974 eV. This number allowed us to determine the
gas-phase gap of ∆ǫgas = 1.222 eV which was used in the simulations of the polarizable
special pair. The simulations required modification of Sander module of AMBER such that
the instantaneous energy gap and special pair charges are recalculated at each fifth time
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step of the MD run.
The initial configuration of the reaction center complex was taken from a crystal
structure of the purple bacterium Rodobacter spheriodes [236]. For the bacteriochlorophyll,
pheophytins, ubiquinones, and iron center were taken from DFT calculations made by
Marchi and coworkers [268]. The initial solvated micelle creation was taken from the general
approach given by Marchi [343], however the slight variations will be highlighted below.
First, it should be mentioned that the system was made without the carotenoid
cofactor, since it has been shown unnecessary for function. The system was setup initially
by protonating all lone valences and assuming standard pKa values and a pH of 7. Next,
to remove bad contacts made by protonation, a conjugate gradient minimization was made
for 3N steps, where N is the total number of protein atoms. Following the protein crystal
structure relaxation, a micelle was generated. The micelle was made by placing on a circle
8 LDAO in the first quadrant at the z=0 plane, with the heads pointing to the exterior
and the tails pointing to the origin. Symmetry transformations were applied about x and y
axises to make a ring of 32 LDAO out of the first quadrant LDAO molecules. This ring was
approximately 38 Åat the center of mass of the LDAO molecules. The ring was then copied
and translated to four more rings, each 7 Åapart. The protein was then rotated to align the
quasi-C2 axis with the z-axis, and translated so the origin overlapped the protein’s center
of mass. The rings were placed around the protein making a tight fit, which covered almost
the entire alpha helix region.
To help form a micelle, the protein was allowed to relax by conjugate gradient
minimization for another 3N steps while the LDAO were kept in place using a harmonic
positional restraining force of 200

kcal
.
Å2

Then, the force was removed and the system was

slowly heated in a vacuum at a rate of 20

ps
K

until 200K. After this short time and low
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temperature, all LDAO melted and collapsed into a tight micellular structure around the
reaction center complex. During the heating section, it was noted that the total energy of
the system, the VDW interactions, and the total electrostatic energy decreased by several
thousand

kcal
mol

indicating a more stable system. This step is in contrast to Marchi’s ap-

proach which required heating to 400K for several hundred ps in order to form a compact,
equilibrated micelle.
Once the micelle was formed, the system charge was neutralized with 6 sodium ions,
while another 30 NaCl pairs were added to keep the system at an approximate 0.15 M salt
concentration. Then, a total of 10,505 waters were added to the neutral state to form a
truncated octahedron. This neutral non-solvated micelluar system was also used as the
starting point for preparation of the D+ A− state. Although the D+ A− state only had
10,503 waters added, the remainder of the equilibration procedure remains the same.
Following the addition of the solvent and counter ions, the temperature and volume
data for each sytem were discarded and each system was run through an additional equilibration procedure. First, the water was allowed to relax along a conjugate gradient for
3N steps, while the micellular protein was held fixed with a weaker restraining force of 10
kcal
.
Å2

Next, the full solvated micelluar system was allowed to relax for another 3N steps to

remove any remaining bad contacts. Following this minimization, the solvated system was
heated again in NVT for 30 ps to heat the system from 0K to the desired temperature. After temperature equilibration, the volume was allowed to expand in a 2ns NPT run, which
stabalized in less than 200 ps. Once the density was equilibrated, NPT production runs
lasting 1-5ns were used for calculating the averages.
A single 2 fs timestep for all MD simulations was employed, and SHAKE [336] was
used to constrain covalent bonds to a hydrogen atoms. For constant temperature and
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pressure, the system was coupled to a Berendsen thermostat and barostat, respectively.
The long-range electrostatic interactions were handled using a smooth particle mesh Ewald
summation with a 10 Ålimit in the direct space sum [29].
Non-polarizable
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FIG. 56. Distribution of the electron transfer dipole moment formed by atomic charges on
P+ and B−
L from MD trajectories at different temperatures. The upper panel corresponds
to the simulations with non-polarizable special pair (S1 protocol) and the lower panel shows
the results with the polarizable special pair (S2 protocol).

Table S2-1. Atomic charges of neutral Bchl, the radical cation, Bchl+ , and of the
radical anion, Bchl− ring structures.
atom

x

y

z

Bchl

Bchl+

Bchl−

Mg

31.902

93.059

41.798

0.7686

0.8244

0.7061

C1

34.607

91.705

41.598

0.1950

0.2689

0.1761

C2

35.886

91.872

41.016

-0.2608

-0.1191

-0.4572

C3

35.829

92.925

40.158

-0.2102

-0.3267

-0.0989
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C4

34.499

93.521

40.305

0.2971

0.4365

0.2311

N2 1

33.786

92.732

41.177

-0.3981

-0.4805

-0.3368

CM 1

37.035

90.983

41.397

0.8618

0.7129

1.0885

HM 1.1

37.230

91.079

42.465

-0.3143

-0.2918

-0.3638

HM 1.2

36.786

89.948

41.165

-0.1774

-0.1423

-0.2299

HM 1.3

37.923

91.277

40.838

-0.1917

-0.1279

-0.2746

CO1

36.909

93.563

39.413

0.5154

0.6443

0.3717

O1

38.074

93.188

39.534

-0.3112

-0.3182

-0.3096

CM 2

36.619

94.612

38.363

-0.8209

-0.7546

-0.9776

HM 2.1

37.556

94.959

37.928

0.2230

0.2371

0.2323

HM 2.2

35.993

94.181

37.582

0.3223

0.2478

0.4398

HM 2.3

36.098

95.452

38.823

0.1920

0.1664

0.2441

C5

34.051

94.723

39.751

-0.3503

-0.3541

-0.4173

H5

34.731

95.222

39.076

0.0420

0.0367

0.0491

C6

32.827

95.350

39.971

0.2514

0.2851

0.2742

C7

32.463

96.787

39.613

0.1375

0.0593

0.2030

H7

32.895

97.060

38.650

0.0319

0.0852

-0.0148

C8

30.966

96.783

39.654

-0.2628

-0.0606

-0.4685

H8

30.591

97.751

39.987

0.0754

0.0594

0.0972

C9

30.642

95.621

40.574

0.3828

0.2732

0.5567

N2 2

31.790

94.834

40.751

-0.3757

-0.3798

-0.4237

CM 3

33.015

97.837

40.548

-0.4562

-0.5830

-0.2786

HM 3.1

32.638

97.661

41.555

0.0544

0.1431

-0.0482

HM 3.2

34.104

97.783

40.553

0.1993

0.2649

0.1254
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HM 3.3

32.702

98.825

40.210

0.1429

0.1801

0.0850

C7.1

30.290

96.573

38.282

0.1852

0.2073

0.1792

H7.1.1

30.929

97.113

37.583

-0.0314

-0.0258

-0.0380

H7.1.2

29.276

96.972

38.312

-0.0816

-0.0665

-0.1042

CM 4

30.261

95.176

37.750

0.1045

-0.0073

0.2810

HM 4.1

31.281

94.810

37.634

-0.0862

-0.1037

-0.0990

HM 4.2

29.760

95.166

36.782

-0.0834

0.0121

-0.2013

HM 4.3

29.721

94.533

38.445

0.0655

0.0559

0.0598

C1 0

29.380

95.284

41.037

-0.4927

-0.3444

-0.7021

H1 0

28.582

95.981

40.826

0.2072

0.1728

0.2373

C1 1

29.040

94.137

41.746

0.3583

0.2795

0.5182

C1 2

27.732

93.821

42.311

-0.0650

0.1573

-0.3333

C1 3

27.856

92.573

42.800

-0.2427

-0.3632

-0.1140

C13.1

27.182

91.517

43.483

0.5023

0.7041

0.2460

O2

26.072

91.501

44.023

-0.2922

-0.3621

-0.1965

C13.2

28.193

90.353

43.646

-0.8884

-0.8751

-0.9369

H13.2

27.858

89.435

43.163

0.3436

0.3188

0.3847

C1 4

29.222

92.175

42.643

0.2168

0.2941

0.1955

C1 5

29.506

90.912

43.077

0.2301

0.1851

0.2670

N2 3

29.955

93.170

42.067

-0.5508

-0.5218

-0.6146

CM 5

26.535

94.731

42.462

0.1933

0.0504

0.3423

HM 5.1

26.225

95.089

41.480

-0.0450

-0.0043

-0.0847

HM 5.2

26.801

95.580

43.091

-0.0785

-0.0362

-0.1231

HM 5.3

25.716

94.180

42.924

-0.0175

0.0050

-0.0292
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CO2

28.409

90.109

45.101

0.8296

0.9402

0.7385

O3

27.705

89.217

45.591

-0.3686

-0.4732

-0.2719

O4

29.287

90.845

45.847

-0.4004

-0.4387

-0.3651

CM 6

29.197

90.791

47.211

0.0245

-0.3146

0.3501

HM 6.1

28.212

91.136

47.524

0.1079

0.1970

0.0343

HM 6.2

29.963

91.430

47.651

0.0664

0.1762

-0.0460

HM 6.3

29.345

89.764

47.545

-0.0080

0.2021

-0.2227

C1 6

30.769

90.376

43.073

-0.2079

-0.2784

-0.1295

C1 7

31.193

89.027

43.614

0.1254

0.3226

-0.0933

H1 7

30.629

88.824

44.525

-0.0363

-0.0342

-0.0270

C1 8

32.668

89.156

43.761

0.3258

0.1302

0.5571

H1 8

33.209

88.261

43.453

-0.0753

-0.0559

-0.1086

C1 9

33.028

90.357

42.910

0.0515

0.1190

0.0149

N2 4

31.888

91.089

42.660

-0.1277

-0.1284

-0.1575

CM 7

33.013

89.404

45.211

-0.1740

-0.0915

-0.1974

HM 7.1

32.660

88.569

45.816

0.0184

0.0058

0.0016

HM 7.2

34.094

89.498

45.316

-0.0337

0.0037

-0.0919

HM 7.3

32.534

90.324

45.546

0.0687

0.0761

0.0543

C2 0

34.278

90.638

42.410

-0.4473

-0.4449

-0.4981

H2 0

35.076

89.961

42.677

0.3292

0.3405

0.3258

Table S2-2. Atomic charges of neutral Bchl, the radical cation, Bchl+ , and of the
radical anion, Bchl− phytyl structures.
atom

x

y

z

Bchl

Bchl+

Bchl−
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C2 1

30.900

87.817

42.724

-0.1851

-0.0012

-0.3305

H21.1

30.845

86.919

43.339

0.0700

-0.0106

0.1339

H21.2

29.947

87.995

42.226

0.0304

0.0087

0.0442

C2 2

31.946

87.632

41.658

0.0134

-0.0764

0.1051

H22.1

32.727

87.010

42.096

0.0046

0.0506

-0.0401

H22.2

32.339

88.605

41.362

0.0114

0.0069

0.0123

CO3

31.453

86.902

40.445

0.5149

0.6331

0.3898

O6

30.260

86.602

40.369

-0.3769

-0.4419

-0.3086

O7

32.380

86.445

39.391

-0.4098

-0.4468

-0.3705

C2 3

31.923

85.333

38.573

0.2574

-0.1875

0.7263

H23.1

30.962

84.978

38.946

0.0803

0.1920

-0.0423

H23.2

31.817

85.677

37.544

-0.0060

0.2397

-0.2516

C2 4

32.948

84.175

38.606

-0.2324

-0.0839

-0.3955

H2 4

32.656

83.385

37.930

0.1088

0.1088

0.1088

C2 5

34.138

83.856

39.255

-0.0997

-0.0997

-0.0997

CM 8

34.896

82.540

39.014

-0.0533

-0.0533

-0.0533

HM 8.1

35.177

82.470

37.963

0.0429

0.0429

0.0429

HM 8.2

34.255

81.698

39.275

0.0425

0.0425

0.0425

HM 8.3

35.793

82.519

39.632

0.0437

0.0437

0.0437

C2 6

34.805

84.715

40.338

-0.0442

-0.0442

-0.0442

H26.1

35.873

84.498

40.368

0.0448

0.0448

0.0448

H26.2

34.644

85.764

40.091

0.0586

0.0586

0.0586

C2 7

34.187

84.442

41.721

-0.0772

-0.0772

-0.0772
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H27.1

34.228

83.361

41.858

0.0380

0.0380

0.0380

H27.2

33.160

84.807

41.738

0.0426

0.0426

0.0426

C2 8

34.968

85.048

42.906

-0.0738

-0.0738

-0.0738

H28.1

36.035

84.882

42.760

0.0476

0.0476

0.0476

H28.2

34.736

86.113

42.919

0.0322

0.0322

0.0322

C2 9

34.543

84.488

44.280

-0.0797

-0.0797

-0.0797

H2 9

33.792

83.744

44.016

0.0372

0.0372

0.0372

CM 9

35.674

83.744

45.026

-0.0836

-0.0836

-0.0836

HM 9.1

36.506

84.427

45.198

0.0334

0.0334

0.0334

HM 9.2

35.300

83.379

45.983

0.0389

0.0389

0.0389

HM 9.3

36.014

82.901

44.424

0.0334

0.0334

0.0334

C3 0

33.823

85.484

45.193

-0.0699

-0.0699

-0.0699

H30.1

34.550

86.170

45.627

0.0455

0.0455

0.0455

H30.2

33.107

86.019

44.569

0.0310

0.0310

0.0310

C3 1

33.024

84.820

46.306

-0.0848

-0.0848

-0.0848

H31.1

33.455

83.837

46.496

0.0478

0.0478

0.0478

H31.2

31.984

84.719

45.996

0.0423

0.0423

0.0423

C3 2

33.094

85.634

47.601

-0.0742

-0.0742

-0.0742

H32.1

33.942

86.317

47.555

0.0458

0.0458

0.0458

H32.1

32.150

86.176

47.666

0.0342

0.0342

0.0342

C3 3

33.185

84.790

48.881

-0.0739

-0.0739

-0.0739

H3 3

32.318
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FIG. 57. The average donor-acceptor dipole moment and the width of the distribution of
donor-acceptor distances vs temperature. The plots of distributions are given in Figure S1.
Circles and squares denote non-polarizable (S1) and polarizable (S2) simulation protocols,
respectively.
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FIG. 58. Temperature dependence of the average energy gap of charge separation from S1
simulations. The gas-phase energy gap of ∆E gas = 1.86 eV was obtained from fitting the
experimental rate at 300 K.
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FIG. 59. Naming convention of the bacteriochlorophyll.

CHAPTER 7
PRETTY FAST ANALYSIS: AN EMBARRASSINGLY PARALLEL
ALGORITHM FOR BIOLOGICAL SIMULATION ANALYSIS
For more than 30 years, advancements in biological molecular dynamics (MD) simulations have pushed the limits of computation in terms of parallel scalability [30, 28, 344]
and algorithm optimization [30, 29]. Biological systems under study will generally consist of
Nsys ∼ 104 −106 atoms when run with medium to large biomolecular polymers in explicit or
implicit model solvents. In recent years, data have shown that in order to capture the long
time dynamical motions of biological systems [345, 346], production runs on the order of
nanoseconds to milliseconds are required, stretching the MD performance requirements even
further. The simulation algorithms themeselves, though very efficient, are highly specialized to achieve maximum performance on the largest number of processors [30] to generate
a trajectory of configuration data by numerically solving equations of motion. The basic
strategy of every MD software is to parallelize the force calculations by using a spacial or
particle-based decomposition, and in some cases using dynamic load balancing to achieve
highest level of scalability [30] and consequently, the quickest trajectory generation.
While these advancements have allowed studies of long time dynamics of biomolecular systems with atomistic detail, similar attention has not been paid to the analysis of such
large data sets. Trajectories produced from biological simulations contain configuration
data of all Nsys atoms in the system for a given number of stjpg, Nstjpg , around 105 − 106
for runs in the nanosecond range for a moderate saving frequency. To analyze such trajectories, pairwise interactions between subsets (Nsys = N1 + N2 + ...) of these atoms are
calculated at each timestep such that the total number of calculations, and therefore the
analysis time, are on the order of
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τana ∝ O(γN1 N2 Nstjpg )

(7.1)

Here, τana is the total analysis time and γ is the number of function calls required
for the analysis. In principle, N1 and N2 differ for each function call during the analysis
procedure. If the number of needed pairwise calculations are large enough, parallelizing the
analysis at the Nstjpg or Nsys level would certainly lead to an strongly scaling algorithm
where the analysis time would be reduced to

τana (NCP U s ) = τana /NCP U s

(7.2)

,
where NCP U s refers to the number of CPUs available for the calculation.
To handle such large number of calculations, a parallel data analysis algorithm has
been developed to perform a variety of structural and energetic calculations to decrease
the time to solution of various biophysical problems proportional to the number of compute
nodes invested. This algorithm, built into the Pretty Fast Analysis (PFA) software, assumes
that the total analysis time follows the simple relation:

τtot (NCP U s ) = τana (NCP U s ) + τread + τcomm

(7.3)

In Eq. 7.3, τtot is the total software time, τread is the time required for trajectory
reading, and τcomm is the time for any associated time for communication between processors. One would expect that τtot > τana > τcomm . By parallelizing trajectory reading
analogous to the data analysis (Eq. 7.2), and by minimizing communication costs such
that τcomm ≪ τread , one can see that the speedup (the ratio τtot (1CP U )/τtot (NCP U s )) will
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be equal to NCP U s . The goal of this paper will be to demonstrate this relationship holds
experimentally true using up to thousands of compute nodes for a minimum number of
function calls and trajectory stjpg.
After a brief theoretical overview of the PFA analysis applied to electron transfer
theory in Section 2, the software itself will be overviewed in section 3. The software’s
parallel performance will be shown in section 4, and we will reveal the final conclusions in
section 5. For more detailed instructions on running the software, the reader is referred to
the PFA website.
7.1. Theoretical Background
This code was born out of necessity to analyze large amounts of simulation data on
several photosynthesis proteins. Therefore the type of calculations given here is merely an
example from electron transfer theory to provide a real-life example of the extent to which
the analysis may be performed in parallel. This section is not meant to be an introduction
to electron transfer theory, for that the reader should see the review in Ref. [347], but
rather as an introduction to the calculations used as the test of the PFA algorithm.
In electron transfer theory, the first and second cumulants of the vertical energy
gap, ∆E, are needed to calculate the kinetic and thermodynamic parameters activating the
electron transfer process [345, 348, 346]. The energy gap itself is defined as:

h∆Ei = ∆E C + ∆E I + ∆E gas

(7.4)

The vertical energy gap in Eq. 7.4 describes the change in electrostatic energy at the
enzymatic site during the charge transfer process and has three components, two of which,
∆E C and ∆E I , can be readily calculated from the simulation data. The first term in Eq.
7.4 represents the Coulomb component of the vertical energy gap, and can be written as
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∆E C =

X

∆qj φj .

(7.5)

j

In this equation, the index j runs over all atoms from the redox site that can change
electronic state, and φ represents the potential of the surrounding biological solvent. Free
energy surfaces of oxidation-reduction processes can also be quite affected by the high
polarizability of certain cofactors found in electron transfer proteins [347, 346, 349]. In fact,
this term can be calculated from a standard force field simulation [346] using an energetic
term accounting for the induction forces of the shifting charge. Since atomic polarizabilities
of the reaction center can be tabulated, one needs to calculate the induction term of the
vertical energy gap, ∆E I , given in the following form:

+
*
X
2
2
(αj /2)[E02
(rj ) − E01
(rj )] .
∆E I = −

(7.6)

j

In Eq. 7.6 the sum runs over all atoms in the redox site, and E0X refers to the
electric field of enzymatic center the protein in the X state. The electric field is evaluated
at a distance rj from the active site in the solvent, and αj refers to the atomic polarizabilities.
It has recently been suggested that the dynamics of electron transfer follows the
fluctuations of the donor-acceptor distances between electron transferring cofactors [350].
To test this theory in simulations, the separation distance between acceptor and donor
cofactors, ~rDA , is required. This is simply a vector subtraction in the center of mass frame
is given by

~ Donor − R
~ Acceptor
~rDA = R

(7.7)

Here, RDonor and RAcceptor are the mass weighted vectors of the donor and acceptor
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cofactors, respectively. The same donor-acceptor atoms vary their charges during the redox
process, and therefore it is quite useful to monitor the charge transfer dipole moment

∆m
~ DA =

X

∆qj ~rj

(7.8)

j∈DA

In Eq. 7.8, ∆qj are the difference charges and the sum runs over all atoms in either
an electron donor or acceptor cofactor. These equations provide a simple, yet practical
example of the efficiency of a highly parallelizable analysis algorithm.
7.2. Overview of the software
The data analysis software has proven to be extremely fast, even over the course
of its two year development limetime due to the simple data splitting procedure (Figure
60). As this figure suggests, the data is distributed such that each node has the entire
configuration data for an individual frame of the trajectory. This scheme ensures a minimum
communication overhead, which would be incurred if each CPU had less than Nsys , at the
cost of storing a dataset on the order of O(Nsys ).
A the time of writing, the code consists of 9, 950 lines spread over 9 FORTRAN files,
and a single file of C code used for .gz file reading. After compiling the source using the
make command, an executable named pfa.e is generated and can be controlled at runtime
using a simple keyword driven interface. The code itself is run like,

mpirun -np <number of cpus> pfa.e < pfa.in >& pfa.out
In its current form, the software can perform up to 15 analysis functions at once
including vertical energy gap calculations, vector monitoring, dipole moment calculations,
water-shell calculations, mean-squared displacement calculations, as well as AMBER trajectory conversion using MPI IO. The code is capable of reading trajectory data from
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FIG. 60. Schematic of analysis data parallelization. The current version of the algorithm
scales strongly and is illustrated with the thick arrows. This method distributes configuration data across the nodes, and each node calculates the all energetics and structural
properties of the system. Shown with the dashed arrows, one can see how the data can
be further parallelized using threads. In this protocol, properly initialized shared memory
threads can calculate pairwise calculations without any send cost, and therefore reduce the
analysis time to τana (NCP U s )/NT hreads , while concurrently reducing the number of communications by 1/NT heads by splitting the computations into those of the solvent (thread j)
and the protein (thread j+1)
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TABLE XIV. Timing data for the PFA test on the Ranger supercomputer. All timing
data is given in seconds, and has been measured using the WTIME function from the MPI
library.
NCP U s
1
16
32
64
128
256
512
1024

τread
236.6
246.7
92.4
66.3
61.2
67.1
72.4
74.5

τana
148909.1
9371.0
4683.4
2349.8
1181.9
590.2
294.3
147.0

τtot
149145.7
9617.7
4775.8
2416.1
1243.1
657.3
366.7
221.4

AMBER’s binpos, modified binpos, ASCII mdcrd, or gzipped mdcrd formats with either
standard UNIX or MPI IO. It should be noted that Gustafson’s Law [351] allows PFA to
scale most strongly when all calculations are made in a single run, which could be a considerable efficiency burst for extremely large systems or those with many atoms in subsets
N1 and N2 . In the example shown below, the code can be driven to embarrassingly parallel
speedup by using even a modest number of function calls (4) for a bacterial reaction center
micelle in an explicit TIP3P solvent [352]. For the details of the simulation protocol, the
reader is referred to previous work on this system [346].
7.3. Performance results
The PFA software has been well tested on several clusters ranging in speed from
a local Opteron cluster with a gigabit ethernet network, to the Saguaro Supercomputer
at Arizona State University running and infiniband network, to the the newly constructed
Ranger Supercomputer at TACC. Although this paper focuses on the timing analysis using
MPI-IO on the Ranger Supercomputer, similar results have been seen in all three test
environments, using UNIX and MPI IO, and the details of such comparisons can be found
in the code’s manual.
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FIG. 61. Pseudocode of the PFA algorithm. To invoke threads, a decision to use them is
taken at input and threads are initialized before the main loop. The threads themselves will
need to decide a master thread for each node for sending and receiving the analysis data.
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To test the scalability of the software, a short 12,288 step (245.76 ps) trajectory
from a recent simulation of aqueous micelluar bacterial reaction center (BRC) protein [346]
was used. The very short trajectory length was determined to be the maximum trajectory
length a single CPU could run the 4 functions in a 48 hour period, and therefore was the
longest trajectory that could be used. This test provided enough computations to illustrate
the high efficiency of the algorithm at thousands of CPUs. The test analysis consisted of
the difference dipole moment of the redox site and the center of mass distance between
two electron transfer cofactors, as well as the Coulomb and Induction contributions to the
vertical energy gap as given in equations 7.4–7.8. The results of the calculations have also
been covered elsewhere [346], so only the scalability of the analysis itself will be discussed
here. All timing data for the reading time, analysis time, and full software analysis time is
provided in Table XIV.
The speedup data for this test on Ranger is shown in Fig. 62. From the splitting of
the performance data into its three principle components, one will notice that the speedup
of the reading in parallel is quite poor (diamonds in Fig. 62). Even though the reading
time generally decreased with increasing CPUs, the reading time cannot be decreased to less
than around 60s for this particular test. However, the reading times are somewhat linearly
decreasing in the range of NCP U s = 16 − 128 (see Table XIV), suggesting that the shortness
of the trajectory skews the reading parallelizabilty to appear less scalable. In other words,
longer trajectories will lead to an increase in speedup because the time of reading the total
trajectory is no longer on the order of the MPI IO initialization time, or more importantly,
on the order of the analysis time.
In contrast to the poor scalability seen for reading, the analysis algorithm shows embarrassingly parallel scalability (circles in Fig. 62). Over the entire test range, from 1−1024
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FIG. 62. Breakdown of the timing of PFA on the Ranger Supercomputer. These timing
analysis have been measured using MPI’s WTIME function.
CPUs, the speedup of the analysis algorithm itself traces the ideal linear case. Ideal speedup
is achieved for the analysis because of the large system size (ca. 50,000 atoms), the large
number of pairwise calculations due to the invoked function calls, and the trajectory length
is long enough to ensure reasonable performance on a large number of CPUs. Therefore,
when analyzing a nanosecond or longer trajectory τread ≪ τana , and parallel reading no
longer affects the scalability. However achieving this kind of speedup is not unusual, but
instead should be considered the minimum performance one can achieve with PFA. In fact,
several calculations involving search routines over the first solvation shell of the protein are
quite time consuming, and one can expect embarrassingly parallel scalability over larger
number of processors with small systems and short (< 1 ns) trajectories.
The poor scaling of the parallel reading degrades the overall performance of the total
program (squares in Fig. 62) considerably. In the region of linear scaling of the reading
times, generally less than a few hundred processors, the total program scales linearly as
well. However, once the reading time cannot be lowered with a larger number of processors
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FIG. 63. Breakdown of the efficiency of PFA on the Ranger Supercomputer. Although the
reading is considerably inefficient, the analysis algorithm itself is so efficient that the entire
program is more than 98 % efficient over thousands of processors.
and it becomes roughly 1/3 of the total time of the total program, the program cannot scale
due to the limitations of the IO interface.
As one would expect the parallel performance of the algorithm creates an environment for high efficiency, which can defined as Speedup(NCP U s )/NCP U s and is given for
the Ranger test in Fig. 63. Despite the fact that the reading code slows to maximum
inefficiency after a small number of CPUs (diamonds), the analysis algorithm is roughly
99 % efficient over 1024 CPUs. Such efficiencies are rarely reported, and point again to
an algorithm with an embarassingly parallel classification. On the other hand, the lack of
scalabilty of the reading drags the overall performance down after a few hundred CPUs,
and at the maximum CPU count is only about 65 % efficient.
The PFA algorithm has been shown to be highly optimized in terms of speedup and
efficiency, yet one must wonder how it compares to other parallel software packages available
for biological simulation analysis. To the author’s knowledge, the only other parallel MD
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FIG. 64. Comparison of the parallel scalability of the analysis code against two leading
MD software packages, NAMD and AMBER. The NAMD performance is measured for the
Apo-1 protein, AMBER performance is for Cellulose, while PFA is tested using the BRC
aqueous micelle.
analysis program is the CHARMM molecular dynamics package. However, CHARMM is
not optimized to run in a high performance environment of thousands of CPUs and therefore
the comparison between PFA and CHARMM is not adequate. To date, two of the most
scalable and canonical simulation packages, NAMD and AMBER, could be modified to
incorporate the calculations already built into the PFA program. However, these packages
employ a variety of computational tricks including smooth particle mesh Ewald [29] and
multipole methods [30] for long range electrostatics, as well as spacial and particle-based
parallel decompositions. This translates the system being essentially split amongst compute
nodes, and in order to add analysis functionality, extra communication per simulation step
would be necessary. This cost would inevitably lead to decreased performance, and one can
imagine that keeping the analysis and simulation separate would lead to the most efficient
use of computational resources. That said, a comparison will be made assuming the best
possible scenario from AMBER and NAMD in order to compare the overall scalability of
PFA.
Shown in Fig. 64 are the results for the total PFA program (circles), along with the
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best scalability results for both NAMD (squares) [353] and AMBER (diamonds) [354] on
modern supercomputers. As can be seen, all three scale ideally to roughly 100 processors.
However after about 300 CPUs all three programs lose scalability, with AMBER degrading
the fastest with more CPUs. At the highest CPU count, AMBER is more than 3x less
scalable than PFA, while PFA and NAMD are nearly equivalent. It should be noted that at
512 CPUs, PFA outperforms both NAMD and AMBER in terms of efficiency and speedup.
Even more impressive, this comparison reports the performance metrics for AMBER and
NAMD which are their respective best, while PFA used just a small trajectory with a
rather small number of calculations per analysis run. This means that Gustafson’s law can
be invoked even further to provide increased scalability by increasing the calculations per
analysis run, or even more simply by increasing the trajectory length.
7.4. Conclusions
Overall, the PFA analysis algorithm has been shown to be embarrassingly parallel
over thousands of CPUs on the Ranger Supercomputer. Due to the poor performance
and efficiency of parallel reading, the total speedup of the PFA software degrades after a
few hundred CPUs and is only about 65 % efficent at 1,024 compute nodes. In fact, the
PFA software outperforms two MD software packages with similar analysis functionality at
NCP U s > 300. The software, already involved in more than 10 CPU-years of production
data analysis, will become more useful in time as more functions are added to the growing
library, and as larger biological systems and long simulations times force the use of parallel
algorithms into everyday life. One can envision the utility of this software in analysis of
replica exchange simulations, simulations of virus capsids, as well as mixed biomolecular
systems as found in membrane bound protein simulations.
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